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Abstract

Stone worldwide artworks represents cultural heritage as precious as fragile.
Sculptures, buildings materials, statues, caves, mosaics, catacombs, archeological
remains are elements that make stone unique works of art but exposed to microbial
colonisation that can lead to slowly, but irreversible, stone disappear. To ensure the
transmission of this legacy to future generations, the preservation of this material is
a matter of the utmost importance. Biofilms living at rock-atmosphere interface are
heterologous, both in terms of the microbiome’s structure and composition whose
ability to alter properties of the substratum is defined biodeterioration. In
consequenceto biological activity of microorganisms together with weathering,
many cultural heritages made of stone may lose some of their cultural and monetary
value. The present work contributes to a deeper understanding on eco- physiological
and structural strategies of microbial biofilm involved in deterioration of stone
surfaces aimed to develop safer options for preventing and treating stone
deterioration. In order to improve our knowledge of the roleof microorganisms in the
colonisation of stone heritage, an ex-situ collectionhas been created with the aim of
serving as a bioresource center for the studyof biodeterioration. The importance of
maintaining a broad range of taxa in collections for ex-situ conservation accessible
to researchers prompted us to perform a survey campaign along the UNESCO
archaeological remains of Campania, namely Cuma, Ercolano, Nola, Oplonti, and
Pompei. In a series of in vitro colonisation experiments, the early colonisation of
stone by three main groups of microorganisms (algae, fungi, cyanobacteria) was
tested and monitored for a relative short-term period. Using confocal laser scanning
microscopy and computer image analysis it has been possible to depict fine structure
and architecture of the studied microorganisms, in a controlled environment where
the realistic conditions of the respective sampling points have been reproduced.
Finally, the antimicrobial ability of two fungal metabolites was assessed to allow
better conservation of works of art and to ensure suitable conditions for their
conservation and their ecotoxicological characteristics were then evaluated. This
work opening the way for further research in the challenging field of cultural

heritage conservation suitable fortheir conservation control that is respectful of the
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uniqueness of each artwork.
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Riassunto

Le opere d'arte in pietra di tutto il mondo rappresentano un patrimonio culturale
tanto prezioso quanto fragile. Sculture, materiali da costruzione, statue, grotte,
mosaici, catacombe, resti archeologici sono elementi che rendono la pietra opera
d'arte unica, ma soggetta ad una colonizzazione microbica che puo portare alla sua
lenta, ma irreversibile scomparsa. Per garantire la trasmissione di questa eredita alle
generazioni future, la conservazione dei materiali lapidei diventa cruciale e
indispensabile. I biofilm che vivono all'interfaccia roccia-atmosfera sono
eterogeneli, sia in termini di struttura che di composizione microbica, la cui capacita
di alterare le proprieta del substrato ¢ definita biodeterioramento.
Conseguentemente all'attivita biologica dei microrganismi insieme agli agenti
atmosferici, molti beni culturali in pietra possono perdere parte del loro valore
culturale e monetario. Il presente lavoro contribuisce a una piu profonda
comprensione delle strategie eco-fisiologiche e strutturali dei biofilm microbici
coinvolte nel deterioramento delle superfici lapidee volte a sviluppare metodi piu
sicuri per prevenire e trattare il deterioramento dei manufatti lapidei di un certo
valore storico culturale. Al fine di migliorare la nostra conoscenza sul ruolo che
ricoprono 1 microrganismi nella colonizzazione dei manufatti lapidei, ¢ stata creata
una collezione ex-situ con lo scopo di attingere ad essa come risorsa biologica per
lo studio del biodeterioramento. L'importanza dell’allestire e gestire una collezione
ex-situ che possa essere accessibile ai ricercatori di tutto il mondo, ha spinto a
svolgere una campagna di campionamento presso beni culturali patrimonio
dell'lUNESCO in Campania, ovvero Cuma, Ercolano, Nola, Oplonti ¢ Pompei. In
una serie di esperimenti di colonizzazione in vitro, ¢ stato testato e monitorato per
un periodo relativamente breve lo sviluppo di biofilm su pietra originato da tre
gruppi principali di microrganismi (alghe, funghi, cianobatteri). Attraverso l'uso
della microscopia confocale laser e dell'analisi digitale di immagini, ¢ stato
possibile rappresentare la struttura fine e l'architettura dei microrganismi studiati,
in un ambiente controllato in cui sono riprodotte le condizioni realistiche dei
rispettivi punti di campionamento. Infine, € stata testata I’attivita antimicrobica di

due composti naturali per valutarne I’impiego nel campo della conservazione delle
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opere d'arte e ne sono state poi valutate le caratteristiche ecotossicologiche.
Il presente lavoro apre quindi la strada a ulteriori ricerche nel controverso ed

intrigante campo della conservazione del patrimonio culturale.
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CHAPTER 1
GENERAL INTRODUCTION
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1.1.Subaerial biofilms

Rock surfaces exposed to the atmosphere, such as those used for the
construction of buildings, monuments and bare rocks, are rapidly
colonized by microbial communities forming subaerial biofilm (SAB).
These communities are mainly composed of different microorganisms
such as microalgae, cyanobacteria, bacteria and fungi (Gorbushina &
Broughton, 2009) densely packed in self-organized structures and
embedded in a matrix formed by extracellular polymeric substances

(EPS).

Stone-atmosphere interface can be considered as an extreme environment
characterized by severe environmental fluctuations, especially
desiccation, low nutrient concentrations, large temperature variations,
high exposure to wind and UV radiation (Jacob, 2018). Forthis reason,
only microorganisms with a very broad range of tolerance to multiple and
fluctuating stresses can establish themselves under these conditions

(Zakharova et al., 2013).

Stone-inhabiting microorganisms namely epiliths are able to grow onthe
surface, while microorganisms able to grow in the substratum at depths
ranging from millimeters to centimeters (Gadd et al., 2014) are named
endoliths. The endolithic mode of life includes different ecological
niches: chasmoendoliths and cryptoendoliths occupy pre- existing
fissures and structural cavities in the rocks, whereas euendoliths grow in
soluble carbonatic and phosphatic substrata dissolving the stone
immediately below the surface. The first form of growth leads to a co-
responsibility in the detachment of scales of material due to the pressure
exerted by increasing biomass. This process can occur repeatedly,
involving areas increasingly in depth (Pinna and Salvadori, 2008). The
light that reaches the bulk of the stones limits the growth of
phototrophic microorganisms. The presence of water in micropores,
especially those with translucent walls, may enhance light penetration,

increasing the light available forphotosynthesis in the cryptoendolithic

18



habitats (Camara et al., 2014).

1.1.1. Ecology of subaerial biofilms

Terrestrial cyanobacteria and algae are pioneer organisms, which
colonise habitats potentially unavailable for living organisms and
transform them, giving the opportunity to other organisms to settle
(Schopf et al., 1996). Typically, phototrophic biocenosis may allow the
later growth of more complex communities, including the heterotrophic
microbiota (Tomaselli et al., 2000). The association of phototrophic
components embedded in a biofilm enriches itself with organic and
inorganic substances and growth factors (Tiano, 2002) providing an
excellent nutrient base for the subsequent trophic succession. However,
the establishment of heterotrophic communitieson rocks is possible even
without the pioneering participation of phototropic organisms and may
facilitate the subsequent growth of photosynthetic populations (Roeselers
et al.,, 2007). In this case, various organic sources are used, including
airborne particles and organic vapors, organic matter naturally present in
sedimentary rock (usually between 0.2% and 2%), excreted organic
metabolic productsand biomass from other organisms (Warscheid and

Braams, 2000; Urzi, 2004).

A decisive role in the growth and development of cyanobacteria and algae
is played by appropriate light conditions, temperature and humidity,
which are related to the distance from larger aquatic ecosystems and
vegetation (Barberousse et al., 2006). Humidity probably represents the
most important factor for the colonisation of aeroterrestrial microalgae;
moreover, they can quickly recover from desiccation stresses when water
becomes available again, e.g., after rain events. This ability explains well
the ecological success of phototrophs in thriving on building facades and

roof tiles in urban areas (Haubner et al., 2006).

The availability of mineral compounds and an adequate pH substrate are
also important (Grbi¢ et al., 2010) and the stone substratum itself may act

as a putative source of minerals, together with the air, that may provide
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inorganic and organic compounds (Villa et al., 2015). Atmospheric gases,
aerosols, pollutants and particulates can be accumulated by biofilms and
serve as nutrient sources as well as inoculum (Warsheid and Braams,
2000). Although the number of studies on eukaryotes is limited, algal and
fungal communities on stone revealed a lower diversity compared with
those occurring in most natural systems (Cutler et al., 2013). Which
microbial community dominates may depend on the substrate, the
atmosphere, and abiotic stresses (Ranalli et al., 2009). Organic
components in  substrate or  atmosphere also  promote
chemoorganotrophic development, which in turn leads to further organic
enrichment of the system through biomass production, exudation and

exopolymer synthesis (Warsheid and Braams, 2000).

1.1.2. Development of subaerial biofilm on lithic
surfaces

Colonisation is one of the first steps leading to the subsequent formation
of a biofilm on a material, resulting at best in a reduction of its
performance and, at worst, in its destruction. Morton (1994) described
the phases of biofilm development as follows: (1) molecular modification
of the surface, (2) reversible attack, (3) irreversible attack, (4)
colonisation. The mechanisms of microbial colonisation begin when an
organism finds the right conditions to attack a substrate,grow and develop.
This initial cell-substrate contact is regulated by a transient chemical
attraction, difficult to characterize, and dependent on environmental
characteristics. Photosynthetic organisms easily grow on surfaces and
can lead to the development of much more complex microbial consortia,
characterized by the presence also of heterotrophic organisms, endowed
with deteriogenic activity even more decisive (Tiano et al., 1993;
Tomaselli et al., 2000). Normally, photoautotroph microorganisms are
able to lead the formation of a biofilm, which is a complex system of

monolayered or multilayered cells, embedded in a polymeric matrix
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extracellular hydrated (EPS) and enriched with organic and inorganic
substances (Roldan et al., 2003). EPS may vary in chemical and physical
properties, but it is primarily composed of polysaccharides. Some of
these polysaccharides are neutral or polyanionic, as is the case for the
EPS of gram-negative bacteria. The EPS matrix is also highly hydrated
because it can incorporate large amounts of water into its structure by
hydrogen bonding. Its production is known to be affected by nutrient
status of the growth medium; excess available carbon and limitation of
nitrogen, potassium, or phosphate promote EPS synthesis (Sutherland,
2001). It is known that bacteria embedded in the biofilm matrix are
remarkably more tolerant to biocides, up to 1000-fold relative to
planktonic cultures of the same bacterial strains, depending on the
species—drug combination (Davies, 2003). Such microbial consortia can
develop in any environmental context, on any solid substrate under
conditions of high availability of water. Biofilm also includes cellular
debris, particulate matter, atmospheric dust, spores and inorganic
material of different nature absorbed by the substrate (Warscheid, 2000).
The structural complexity of biofilms is maintained by the presence of
EPS, having adhesive properties and indispensable in the early stages of
biofilm development, as they facilitate the attachment of cells to the
substrate (Decho et al., 2000; Barranguet et al., 2005). After the
establishment of a biofilm community, a highly degraded stone surface
with subsequent alteration of the physical condition of the rock, provide
appropriate conditions for the germination of reproductive structures
from higher organisms. The formation of a ‘‘proto-soil’’ enables the
growth ofcryptogams (mosses and ferns) and higher plants (Lisci et al.,

2003).

1.2.Biological weathering of lithic surfaces

Stone cultural heritage objects represent a challenging habitat for
biological growths. The intense variability of the environmental factors

(i.e., temperature and relative humidity), the exposure to intense solar
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radiation and wind, low availability of nutrients and pollutants
concentrations determine particularly stressful conditions (Gorbushina,
2007). Nevertheless, biological colonisation on heritage monuments is
ubiquitous and has been recognized as a major mechanism of alteration
of stone substrates (Palla and Barresi, 2017).Only within the last three
decades this matter received serious attention from conservators and
conservation scientists (Price, 1996; Schnabel, 1991). A thorough
understanding of the factors and mechanisms involved in microbial
biodeterioration is essential to develop appropriate methods for its

control.

1.2.1.Biodeterioration

For the first time in 1965, Hueck (1965, 1968) defined biodeteriorationas
“any undesirable change in the properties of a material caused by the
vital activities of organisms”; till then, the weathering of stone
monuments and artworks was attributed to physical agents, while later it
became more and more clear that biofilms play an active role in stone
decay.

The most common manifestation of microbial colonisation on lithic
surfaces the biopatinas formation, able to change physical, chemical, and
aesthetic appearance of substrata (Krumbein, 2003). Besides, microbial
development in the lithic substrata can also induce alteration on the
structural characteristic of the colonised material. Microbial colonisation
of lithic surfaces is divided in: A) epilithic growth with micro-colonial
appearance, B) epilithic formations with patina appearance and C)
casmo-endolytic development; each category can be made up of one or
more species (Cuzman et al., 2010).

Typical mechanisms of microbial weathering involve physical and
biochemical destruction. Generally speaking, biodeterioration processcan
occur due to: (1) Mechanical processes, where the material is damaged as

a direct result of the activity of an organism, such as its movement or
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growth. An example of this form of biodeterioration is the damage caused
to cabling as a result of insect or rodent attack. (2)Chemical assimilatory
biodeterioration, perhaps the most common form of biodeterioration. It
occurs when a material is degraded for itsnutritive value. The breakdown
of cellulosic materials by cellulolytic micro-organisms, is an example of
this type of biodeterioration. (3) Chemical dissimilatory biodeterioration,
which occurs when metabolic products damage a material by causing
corrosion, pigmentation,or by the release of toxic metabolites into a
substance. The poisoning of grain by mycotoxins is an example of this
process. (4)Soiling/biofouling, the form of biodeterioration which occurs
when the mere presence of an organism or its excrement renders the
productunacceptable. The biofouling of ships' hulls, the formation of
slime infuel lines and corrosion within water pipelines are examples of
this form of biodeterioration. Physical mechanisms of bioweathering
include penetration by filamentous microorganisms (for example,certain
actinobacteria, cyanobacteria, algae, fungi) along points of weakness, or
direct tunnelling or boring, especially in weakened or porous substrata
(Lian et al., 2008). Many cyanobacteria, not necessarily filamentous,
have also been shown to have a boring ability(Cockell and Herrera,
2008). Organisms that actively bore (euendoliths) widely occur in
cyanobacteria, red and green algae and fungi (Cockell and Herrera, 2008).
Other physical effects on substrateintegrity can be due to cell turgor
pressure, and exopolysaccharide and/or secondary mineral formation
(Barker and Banfield, 1996). Theproduction of efflorescences (‘salting’)
involves secondary minerals that are produced through the reaction of
anions from excreted acids with cations from the stone. Such secondary
mineral formation can cause blistering, scaling, granular disintegration
and flaking or ‘spalling’ of outer layers. This may often be a major
mechanism of stone decay (Wright, 2002). Phototrophs inhabiting
anthropogenic substrates thereby contribute to their rapid biodeterioration
(Tomasellietal., 2000; Crispim and Gaylarde, 2004; Samad and Adhikary,
2008).They produce photosynthetic pigments, which change the color of
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thesubstrates on which the cyanobacteria and algae grow. This adversely
affects the aesthetic value of buildings and cultural monuments (Grbicet
al., 2010; Stupar et al., 2012). When humidity changes, the hydration and
volume of algal cells are also modified, causing structural microdamages
to substrates (Hauer, 2010). Many phototrophs are capable of dissolving
compounds contained in asubstrate and penetrating into it, causing
mechanical erosion (Brehm et al., 2005; Crispim and Gaylarde, 2004).
During the metabolicactivity of the algal cells, various types of inorganic
and organic acidsare produced, and algae secrete them into the external
environment, causing chemical deterioration of substrates (Stupar et al.,
2012). For instance, aerobic microorganisms produce respiratory carbon
dioxide,which becomes carbonic acid and contributes to dissolution of
stone and soluble salt formation (Griffin et al., 1991; Wakefield & Jones,
1998). The precipitation of calcium salts on cyanobacterial cells growing
on limestone suggests the migration of calcium from neighboring sites
(Arino et al., 1997; Crispim & Gaylarde, 2005). In addition, the
production of organic acids such as lactic, oxalic, succinic, acetic,
glycolic and pyruvic has been found and associated with the dissolution
of calcite in calcareous stones (Danin & Caneva, 1990; Caneva et al.,
1992). Endolithic photosynthetic microorganisms actively dissolve
carbonates to enable penetration into the stone,enhancing stone porosity
(Fernandes, 2006). Furthermore, the slimy surfaces of microbial biofilm
favor the adherence of airborne particles (dust, pollen, spores,
carbonaceous particles from combustion of oil and coal), giving rise to

hard crusts and patinas (Saiz-Jimenez, 1995).

1.2.2.Bioreceptivity

Biological colonisation of outdoor materials is closely related to abiotic
factors including microclimatic conditions and material composition
itself. Many groups of microorganisms are able to growthon several
substrata using their mineralogical compounds, starting complex

colonisation phenomena with consequent microbial proliferation
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followed by biodeterioration. The microorganisms able to do so are
known as biodeteriogenes. In order to explain the particular and specific
interactions that occur among microorganisms and different substrata,
Guillitte (1995) introduced for the first time the term “bioreceptivity”,
explained as “the aptitude of a material (orany other inanimate object) to
be colonised by one or several groups of living organisms without
necessarily undergoing anybiodeterioration”. It implies that there is an
ecological relationship between the colonised material and the colonising
organisms. Different levels of bioreceptivity can be defined: primary or
intrinsic bioreceptivity is related to the initial colonization potential of a
substrate. Following the action of organisms and other physical,
chemical, and biological factors, this is transformed into secondary
bioreceptivity; finally, the conservative treatments applied to the
substrates modify their characteristics and induce a tertiary bio-
reception. Any building material is susceptible to irreversible alteration
induced by the synergistic action of biological colonisation and
weathering. The susceptibility of stone and mineral-based material to
bioweathering is influenced by chemical and mineralogical composition,
physical form, and geological origin (Turick and Berry, 2016). The
materials, whether natural or artificial, are characterized by their own
petrographic structure, texture, color, chemical and mineralogical
composition. Surface roughness, porosity, hygroscopicity, chemical
composition and state of conservation of thematerial are among the most
important factors to favor bio- colonisation and can, in various ways, lead
to the deterioration of a work of art (Caneva et al., 2007a). The presence
of weatherable minerals in stone such as feldspars and clays may provide
points of weakness and significantly increase susceptibility to attack
(Warsheid and Braams, 2000). This depends on several parameters such
as material composition, the status of conservation, eventual surface
treatments as well as the environmental conditions in which the artifact
is placed. Despite considerable research efforts, many aspects of the

interaction between microbial communities and stone materials are still
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unknown (Di Martino, 2016). Not surprisingly, in recent times many
papers report that the biological colonisation of outdoor stones may act
as a protective layer shielding the materials from other factors that cause

decay, such as wind and rainwater(Pinna, 2014).

1.3. In vitro experiments for the understanding of biofilm ecology

In general terms, deterioration can be defined as degradation of stone materials
because of the action of external agents or material weakening (Sanchez-Silva and
Rosowsky, 2008) together with deterioration caused by microorganisms (Guiamet
et al., 2013), which grow as multispecies biofilms that develop on all types of
surfaces (Romani et al., 2019). The most common approach in biodeterioration field
research is usually based on the detection of microbial communities on a given work
of art (Dyda, 2019; Li, 2016; Liu, 2018; Grottoli, 2020), united with the
microscopical observation of the interface biofilm/material. Since deterioration of
works of art is affected by many factors, studying on the decay of materials requires
a combination of microbiological techniques, surface analysis and material
characterization. All the aspects involved in biodeteriorationcan be effectively
evaluated based on in vitro tests, simulating specific environmental conditions in
which microorganisms can grow. Nowadays, tests to study biodeterioration of
building materials, including a broad range of materials and microorganisms.
Among them some were developed without accelerated weathering of the matrix
leading to long-term experiments (Urz1" and De Leo, 2007), while some other aim
on qualifying aesthetic damage of external wall surface exposed to biofilm
colonization (Escadeillas et al., 2007). Because of extreme variability of stone
material, several studies have investigated the bioreceptivity of stone materials
(among the others e.g. Saiz-Jimenez et al., 1995; Urzi and Realini, 1998; Prieto and
Silva,2005; Prieto et al., 2006; Camara et al., 2008, 2011; Favero-Longo et al.,
2009; Giannantonio et al., 2009; Fuentes 2021; Trovao, 2021). Such experimental
simulations, commonly used in ecological studies,are of great interest for the case
of cultural heritage since they allow experimental manipulation of the microbial

ecosystem avoiding sampling and subsequent damage to cultural assets. Prospects
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are oriented towards the use of strains deposited on ACUF Collection
(http://www.acuf.net/index.php?lang=it) as models to study thebiodeterioration of

stone materials (Del Mondo, 2017).

1.4. Traditional and modern methods to control or prevent biological development

on cultural heritage

Two main strategies to control biological colonisation on cultural heritage objects
may be applied: indirect and direct methods (Pinna, 2017). The first approach is
based on the fact that the microbial growth is strongly correlated to the physical and
chemical characteristics of stone substrata as well as to environmental conditions
(Caneva, 2008).Indirect methods act by identifying and reducing environmental
conditions which directly affect the manufact, contributing to the microbial growth.
However, the use of indirect methods is not alwayspossible, especially for outdoor
monuments, since they are subjected to different climate conditions and pollution
(Lo Schiavo, 2020). In restoration activities, indirect methods are often coupled
with the direct ones which use mechanical, physical, chemical, and biologicaltools
to remove the existing colonisation (Pinna, 2017). Every cultural heritage site
represents diverse ecological micro-niches hosting different microbial communities
able to interact with the stone substrate influencing its conservation in different
ways (Tonon et al., 2019). The knowledge and monitoring of biodeterioration
degree can help recognize and achieve the best conservation solutions (Schumacher
and Gorbushina, 2020). This implies that each conservation procedure should be
developed as a site-specific strategy for conservation of monuments taking into
account the environmental parameters favoring microbial communities on cultural
heritage, the nature of material subjected to biodeterioration, and microorganisms

involved in the stone colonisation.

1.4.1. Traditional methods

1.4.1.1. Mechanical methods

Mechanical cleaning has been applied to building materials as the first type of

treatment to remove the deteriorating biofilm and is currently often conducted
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before chemical treatments. Among mechanical methods, water pressure system,
sandblasting and laser cleaning are renowned. The utilization of water pressure and
steam systems is the most common and easy to employ. A recent study of Sanmartin
(2020a) has shown their efficacy in short term on subaerial biofilms. The limit of
these methods is the difficulty of correctly regulating thewater pressure sufficiently
to remove the biofilm but not too high to degrade materials (Slaton and Normandin,
2005). Abrasive systems such as sandblasting methods have also shown their
efficacy to clean the materials from fungi, microalgae, and bacteria (Pozo-Antonio
et al., 2021), unfortunately these methods can cause damages on building materials.
Furthermore, water pressure system and sandblasting methods could spread the
microorganisms on the substrate (Favero- Longo and Viles, 2020), favoring rapid
recolonisation. Another promising device using to mechanical cleaning of historical
monuments is based on laser (Di Martino, 2016) applied in a pulse frequency.
Several studies shown that laser cleaning was efficient on wide range of microalgae,
fungi, bacteria and lichen (Elhagrassy et al.,2018; Speranza et al., 2013; Pozo-
Antonio et al., 2019). The laser employ has many drawbacks due to the high
costs (Di Martino, 2016) and difficulty to eliminate the encrusted part of the biofilm.
Moreover, it may increase porosity of materials such as tiles, facilitating their

recolonisation (Barberousse et al., 2006; Di Martino,2016).

1.4.1.2. Physical methods

UV treatments have showed a germicidal activity between 200-280 nm (UV-C),
and they were tested quite successfully in natural caves and hypogea and show
caves (Baquedano Estévez, 2019; Pfendler, 2017). The great advantage of this
treatment is that it is easy to handlebut needs to be performed with care by the
operator when there are novisitors or other people around as their target is DNA.
Moreover, theycannot be applied on mural paintings, due to ability to cause
damages to the organic component and pigments. An ecologically safe alternative
are thermal treatments, including microwave, heat irradiation and heat shock
treatment (Tretiach, 2012; Riminesi, 2016;Mascalchi, 2020). Thanks to their low
interaction with the substrate and penetration depth, they are safe for the cultural

asset, for operators, and the environment. Further, they are effective against lichens
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and bryophytes and partially on green algae, but they do not have any effect on most
of the environmental bacteria and some black fungi. More recently, a very simple
and efficient treatments is the Heat Shock Treatment (HSTs), based on the
peculiarity of poikilohydric lithobionts, which are thermo-tolerant (up to 60-70°C)
when dry, but become thermo-sensitive when wet. HSTs seems to be very effective

against fungi and mosses but not on green algae (Bertuzzi, 2013).

1.4.1.3. Chemical methods

Most of the chemical compounds used in restoration have previously been applied
as cosmetic ingredients, medical care products, or used in food industry, building
cleaning, agriculture not contextualized to the protection of cultural heritage.
Among these, biocides represent the most used molecules which are applied in the
early phases of artwork cleaning treatments, and sometimes also after restoration,
to prevent or slow down the recolonisation. The BPR Regulation (EU) 528/2012,
has introduced significant restrictions on the use of chemical biocides, based on
their potential harm to users and other environmental issues (Commission
Européenne, 2012) and more research and publications are demonstrating their
toxic effects on humans and the environment. Moreover, in restoration field,
research studies have demonstrated a potential risk of interference with stone

materials, and an increase of bio-receptivity of the substrate (Caneva,2008).

1.4.2. Recent methods

1.4.2.1 “Green Biocides”

Strict regulations on the use of traditional biocides are enforced in various countries
with the purpose of preventing adverse effects on humans and the environment.
Therefore, some natural compounds have been recently tested also for restoration
and conservation purposes. Green biocides, such as compounds obtained from
plants and or microorganisms, are an emerging and exciting research topic. Natural
compounds and essential oils from plants, often already used in other application

fields, in recent years have been tested as antimicrobial and for biofilm development
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control in cultural heritage. Several studies on their effectiveness showed an effect
against the growth of some microorganisms (among others Rotolo, 2016, Masi &
Petraretti, 2021). The list of plants containing essential oils or antimicrobial
compounds gets longer every year, and research on traditionally used medicinal
plants can be useful in narrowing down the set of species worth of investigation
(Caneva and Pieroni, 2013). Like green biocides, blue biocides, obtained from
marine organisms such as jellyfish, sea-anemones, shellfish, sponges, marine
plants, derive from the "Blue-Biotechnology" that use bioactive molecules (Palla,
2016). These molecules, firstly applied in quite different fields from cultural
heritage conservation, are characterized by low-temperature activity, stability,
and specificity of action. Several studies are focused on their proteolytic and
antimicrobial activities. Molecules that show both these activities are extracted from

marine invertebrate (Cnidaria) and their effectiveness is high in low temperature.

1.4.2.2 Bio-cleaning

The current attention to environmental microbiology is leading to a growing body
of knowledge on microbial biochemical properties. Bio- cleaning was recently
employed against various forms of deterioration of both chemical and biological
origin, and for removing organic compounds before conservation interventions.
Desulfovibrio vulgaris was used in bio-cleaning treatments to remove sulphates,
and comparative studies showed that its effectiveness was higher than chemical or
physical treatments against black crusts on different lithotypes (Gioventu,2011),
comparing the bio-removal of black crusts on colored artistic lithotypes of the
Cathedral of Florence with chemical and laser treatment. The denitrifying
Pseudomonas stutzeri was also effectively and extensively used for removing
nitrates, such as animal glue and casein proteins derived from previous restorations,
from altered frescoes with an application time of 2 h (Lustrato, 2012). Different
bacteria can be used in different steps of the same restoration project, and it seems
possible to use two or more bacteria at the same time, such as in the combined
treatment with Cellulosimicrobium cellulans (TBF11) for solubilizing calcium
sulphates and carbonates, Stenotrophomonas maltophilia (UI3) for degrading

proteins and Pseudomonas koreensis (UT30) for solubilizing inorganic compounds
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and degrading protein material (Mazzoni, 2014). Obviously, the choice of bacterial
strain is very important: they must be harmless, selective, and non-aggressive,

environmentally compatible, low-cost and safe for the operators.

1.4.2.3 Nanoparticles and Ionic Liquids

Nanotechnology is rapidly expanding and while offering technical and commercial
opportunities, thus scientific community are increasingly interested in the
applications of nanoparticles (Baglioni, 2015). Several nanoparticles, previously
applied in stone material restorationhave showed a good penetration property,
significantly contribute to the consolidative/protective processes of stone materials.
Among the novel compounds used in stone conservation, some self-cleaning
particles, such as zinc oxide, silicon dioxide, and especially titanium dioxide (TiO2)
in the anatase form, were tested in several ways of application and against several
kinds of organisms. The greater advantage of TiO: is its ability of being
photocatalyst under UV light,mostly UVA radiation (315-400 nm), and oxidizing
various organic compounds into water and carbon dioxide (Pinna, 2017). Nowadays
their application is limited because near-ultraviolet irradiation is required for
photocatalytic activation. The rapid increase of nanotechnologies used in
conservation field raises concerns about its potential effects on human health and
the environment., as well as in terms of efficiencies against microorganisms, and
long-term effects on the material. In a recent review (Lo Schiavo, 2020), a great deal
of interest has been directed to 1onic liquids, a class of low melting pointsalts, which
can be engineered by applying Safe by Design concepts to meet green conservation

criteria.

1.5.Landscape ecology applied to microbial communities

The term “landscape ecology” was introduced by the German biogeographer Carl
Troll (1939), arising from the European traditions of regional geography and
vegetation science, and motivated particularly by the novel perspective offered by
aerial photography. Landscape ecology is motivated by a need to understand the
dynamics involved in ecological phenomena, promoting the development of models

and theories of spatial relationships, the collection of new types of data on spatial
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pattern and dynamics, and the examination ofspatial scales poorly understood in
ecology (Pickett and Cadenasso, 1995). The relationship between landscape
structure and its ecological process is the core part of theoretical research on
landscape ecology. (Lisha Zhou,2021). Landscape is a mosaic composed of
heterogeneous elements. The heterogeneity at the landscape scale includes three
aspects: spatial composition, spatial configuration, and spatial correlation.
Landscape ecology has been applied in many fields over the years, including
microbial world. The latter is still in its infancy, in fact the current research effort
on landscape ecology for microorganisms is mainly focused on pathogens and
disease risk assessment, limiting itself to the study of the host-pathogenrelationship
and the development of methods to investigate symptoms rather than the presence
of species and abundance (Cendrine, 2020). Microorganisms display a substantial
spatial, this raises questions about how their distribution depends on different
components of community assembly, the link with the ecological niche and
coexistence mechanisms, and how community assembly is related to the functions
and functioning of microbial ecosystems. Drivers of microorganism assemblages
have so far mostly been analyzed at the patch scale, assuming that species niches
result from the effect of the abiotic environment on species selection, disturbance
or biotic interactions among microbial organisms, or with their host (Louca et al.,

2018) and ignoring dispersal effects.
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CHAPTER 2
AIMS OF THE WORK
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This thesis aims to contribute to a better understanding on eco-physiological and
structural strategies of microbial biofilm involved in deterioration of stone surfaces,
aspiring to develop safer options for preventing and treating stone deterioration and
possibly suggesting new ways for further research in the challenging field of heritage
conservation. To do so, three main objectives were crosswise pursued in the
presented works: 1) the isolation and identification of microorganisms sampled by
UNESCO archeological sites near the bay of Naples, Campania; 2) the development
of in vitro systems simulating biodeterioration phenomenonto study the structure
and ecological dynamics of microbial assemblages, transposing concepts and
methods of landscape ecology; 3) Evaluation of antimicrobial activities of three
allelopathic substances to allow a better preservation of stone artwork together with
evaluation of their environmental compatibility, in order to develop an eco-friendly
system of biofilm control that is respectful of the uniqueness of each artwork.

In recent times, culture-independent metaomic analyses are often appliedfor the
identification and characterization of microorganisms in cultural heritage objects.
Among them, the most widely used methodologies are metagenomic, metabolomic
and metaproteomic methods. However, more than a detection of all the
microorganisms involved in a mat, often present just in little traces, an evaluation of
the microbial community on the basis of its main actors may be needed, and culture-
dependent analyses offers the undoubtful advantage of providing important data
concerning microbial phenotypes.

The results related to point 1 are presented in chapters 3 and 4. The study of biofilm
communities through numerical ecological analyses are reported in Chapter 3 in a
paper (Published in PLOS ONE, 2020) entitled “Microbial biofilm community
structure and composition on the lithic substrates of Hercolaneum Suburban
Baths ™.

Chapter 4 reports the results of a survey carried out in different UNESCO sites of
Campania, that led to the establishment of a collection of fungal strains isolated
from monuments, as described in paper (Published in Applied Science, 2021)
entitled “Community composition and Ex Situ Cultivation of Fungi associated with
UNESCO Heritage Monuments in the Bay of Naples™.

Moreover, the strains isolated, identified and maintained in culture lend the
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opportunity to design a series of in vitro experiments, to investigate the aspects
related to ecological dynamics of stone microbial colonisation and to test innovative
strategies of control. It has been decided to focus on some features of subaerial
biofilms such as the percentage of surface occupied by colonizers, thickness of
microorganisms on lithic substrata and biofilm architecture. To do so, several
techniques were used, as metallurgical microscopy, confocal laser microscopy,
image segmentation analysis applying metrics of landscape ecology with opportune
software. Since the field application of investigated metabolites needs the
assessment of their environmental compatibility, an ecotoxicological evaluation of
these compounds was also carried out. The results of these experiments have been
presented in a paper (Published in Biomolecules, 2021) entitled Fungal Metabolites
with Antagonistic Activity against Fungi of Lithic Substrata (Chapter 5) and in two

manuscripts in preparation (Chapter 6 and 7).
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CHAPTER 3

MICROBIAL BIOFILM COMMUNITY STRUCTURE ANDCOMPOSITION ON
THE LITHIC SUBSTRATES OF HERCOLANEUM SUBURBAN BATHS
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Microbial biofilm community structure and
composition on the lithic substrates of
Herculaneum Suburban Baths

Antonina De Hatale'™, Bruno Hoy Mele - ™_ Pacta Cennama’, Angelo Del Mondo ',
Mariageoin Peirarsttl’, Amoning Pallio”

Abstract In this work, we want to investigate the impact of different substrates and
different environmental condition on the biofilm communities growing on plaster,
marble, and mortar substrates inside the Herculaneum Suburban Baths. To do so,
we measured environmental conditions and sampled biofilm communities along the
walls of the baths and used culture-dependent and -independent molecular
techniques (DGGE) to identify the species at each sampling sites. We used the
species pool to infer structure and richness of communities within each site in each
substrate, and confocal light scanning microscopy to assess the three-dimensional
structure of the sampled biofilms. To gather furtherinsights, we built a meta-
community network and used its local realizations to analyze co-occurrence
patterns of species. We found that light is a limiting factor in the baths environment,
that moving along sites equals moving along an irradiation gradient, and that such
gradient shapes the community structure, de facto separating a dark community,
rich in Bacteria, Fungi and cyanobacteria, from two dim communities, rich in
Chlorophyta. Almost all sites are dominated by photoautotrophs, with Fungi and
Bacteria relegated to the role of rare species, and structural properties of biofilms
are not consistent within the same substrate. We conclude that the Herculaneum
suburban baths are an environment-shaped community, where one dark community
(plaster) and one dim community (mortar) provides species to a “midway”

community (marble).
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Introduction

The Roman city of Herculaneum was destroyed in AD 79 when the Vesuvius
erupted and inundated the town with hot volcanic material, submerging houses
and streets [1]. Due to their burial under a thick layer of solidified lava, the
Suburban Baths of ancient Herculaneum are one ofthe best-conserved bathing
complexes that survive from antiquity. The building that hosted the baths was
probably built in the AD 40s [2] and laid at an intermediate level between the city
and the former seashore line.The inside environment is highly humid, indirectly
exposed to a weak light filtering from the outside, and thermally stable [3];
moreover, the public is currently not allowed to enter the site. These conditions
alloweddifferent microorganisms to quickly and permanently colonize the walls of
the Baths, forming dark green or black- pigmented patinas and incrustations that
extensively spread on different substrates in some of theBaths’ rooms.

Biological colonisation is a complex dynamic, depending on both substrates and
environmental factors [4,5]. Usually, the influence of the latter is stronger, but when
light, relative humidity and temperature do not represent limiting factors, physico-
chemical characteristics of substrates become crucial drivers of the assembly of
microbial communities [6]. Moreover, species composition may also vary in
biofilm growing very close to each other, and, apparently, in the same chemical and
physical conditions [7], suggesting the involvement of species inter- actions and
stochasticity in the community assembly process. Thus, colonisation can strongly
depend on the organism that establishes the first firm relationship with the substrate,
conditioning the subsequent steps of the biofilm consolidation [8]. Community-
level interactions are unique to each structured community of microorganisms [9],
and strongly intertwined with the architecture of the biofilm. At a fundamental
level, spatial interactions among microorganisms forming biofilms on monuments
can often explain important attributes of biofilms [10] and are well documented
[11]. Actinobacteria and filamentous Cyanobacteria, for example, often grow in a
close association, sometimes establishing a direct cell-to-cell contact and some
other times sharing a matrix of extracellular polymeric substances (EPS). Such
matrix represents at the same time the adhesion agent used by organisms to remain

anchored to the substrate and the common ground that connects them. It also has a
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potential role in modulating chemical signals at the base of microorganisms’
interactions [12].

This study aims to assess the influence of substrate and microclimatic conditions
on species composition and three-dimensional structure of biofilms growing in
Herculaneum Suburban Baths. To do so, we measured environmental variables and
collected biofilms samples from three of the substrates used in building the Baths:
plaster from the Vestibulum (on which are still present frescoes traces), marble from
the Tepidarium, and mortar from the swimming pool. After collection, we identified
the species present in each environmental sample by coupling culture-dependent
and -independent techniques and used this informationto assemble a co-occurrence
matrix and proceeded to analyze the structureand the richness of the communities at
various sites. Then we used confocal laser Microscopy (CLSM), the election tool
for non-destructive analyses of biofilm on monuments [13,14], to elucidate the
spatial organization of the communities. Finally, we transformed the co- occurrence
matrix into a meta-com- munity network analyzing both its local realizations (i.e.,
the sampled communities) and the meta-communities associated with the single

substrates.

Material and methods

Environment description and sampling

The Herculaneum Baths architectural structure is the one generally used by Romans
when building public baths (Fig 1A). The first chamber fromthe entrance is a
Vestibulum, an ample room with four columns, delimitating a central square. The
Vestibulum is followed by an Apo- dyterium, a Frigidarium and a room with a pool
of cold water. Parallels to these rooms there is a day room open to the seaside
landscape for conversation and relax, connected to the Vestibulum. Next to the
“day room” is the Caldarium, then a room with decorations on the walls
(Tepidarium) and finally a room with a large, heated swimming pool.

A Laconicum, used for saunas, is accessible from the heated pool room. Among the
Suburban Baths’ rooms, only the Vestibulum, the Tepidarium,and the room with the

large swimming pool were colonized by conspicuous biofilms, visible on three
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substrates: plaster in the Vestibulum, polychrome marble in the Tepidarium, and
mortar in the swimming pool. Both plaster and mortar are non-homogeneous
materials widely diffused in Herculaneum buildings: the former is made by a
mixture of calcitic binder and volcanic scoriae, covered by a thin superficial layer
of lime and marble powder [15], whereas the latter is prevalently composed by lime
and inert volcanic aggregates with variable dimensions [16].

The general distribution of biofilms on the walls of the Suburban Thermae appeared
patchy to the naked eye. Since the area is restricted to public, biofilm development
and distribution is not affected by the presence of vectors. Sampling has been
authorized by Soprintendenza speciale per i beni archeologici Pompei, Ercolano e
Stabia (Via Villa dei Misteri, 1, 80045 Pompei, Naples, Italy) in the person of Arch.
Giuseppe Zolfo, within an agreement with the laboratory of algal biology and
ACUEF collection at the Department of Biology, University of Naples “Federico 11”.
In every site, we measured temperature and relative humidity using athermo-
hygrometer (model HI 9564, Hannal Instruments, USA), and light intensity using
a Climalux N light meter (Laboratori di Strumentazione Industriale s.p.a., Italy).
pH on substrates was measured at sampling points using pH test paper strips,
showing no consistent variation able to affect an homogeneous response of

communities.
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Fig 1. (a) Map of the Suburban Baths, with details of the Vestibulum (b), the Tepidarium

(c), and of the room with a large heated swimming pool (d). Light blue highlights
sampled rooms, with numbers marking the biofilm sampling sites. In following panels
(e, f, g) are matched CLS-M microphotographs of sampled biofilms Scale bar 20 pm.
Floor plan of suburban baths is not subject to copyright and has been de novo realized

with freeware software Fiji.

https://doi.org/10.1371/journal.pone.0232512.2001
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Biofilm sampling

Biofilm samples were collected in situ during autumn 2016, using either sterile
double-sided adhesive tape (1 cm wide) or by gently scraping the walls of the
sampling sites with a sterile scalpel and depositing materials into sterile vials [17];
sampling was random and repeated three times per room/material (numbers in Fig
1A).

Culture-dependent isolation of microbial strains

Each sample collected in the field with a sterile scalpel was suspended in a sterile
isotonic solution (10 mg/ml). From this stock, serial dilutions upto 1077 were
prepared, and 10 pl from 10~* or 107 dilutions were spread on 9 cm diameter Petri
Dishes for the isolation of microorganisms. We used a Bold Basal Medium with the
addition of sucrose 12g/L for Fungi,Bacto Yeast Extract (BYE, BD Company,
USA) broth for Heterotrophic bacteria, and solidified Bold Basal Medium for
Cyanobacteria and microalgae. Petri dishes were incubated at 21-22°C for hetero-
trophic bacteria and 25°C for fungi. The growth of colonies was daily checked for
heterotrophic bacteria and every 72 hours for Cyanobacteria, microalgaeand fungi.
Finally, colonies from each dish were axenically picked up and transferred to Petri
dishes containing the same culture media used for the isolation of colonies. We used
the obtained monoclonal cultures for DNAisolation.

DNA-based molecular analysis

Genomic DNA was extracted from both biofilm samples and axenic cultivated
isolates using the procedure described by [18]. Biofilm samples were amplified for
their rRNA genes by PCR using the universal primersfor cyanobacteria 16S [19],
eukaryote-specific 18S primers for algae [20],18S and 28S primer for fungi [21].
In the case of cultivated isolates, we used the following primer combinations for
amplification: ITS1 rDNA for Fungi (ITS1 5- TCCGTAGGTGAACCTGCGG -
3, [21]; ITS_ADM 5-TTCAAAGATTCGATGATTCAC -3°); ITS1 [21] and
ITS2 rDNA for microalgae [22] and 16S rDNA for Cyanobacteria (16S_long
16Slong Fw 5-AGGATGCAAGCGTTATCCG-3’; 16Slong Rv, 5'—
GGGGCATGCTGACTTGACG- 3’). Similarly, we used different amplification
protocols for biofilm samples and cultivated isolates: the formers were carried out

on an estimate of 10 ng of extracted DNA, in a final volume of 50 pL containing
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five pL of 10X PCR buffer, 100 mM of deoxynucleotide triphosphate, 2.5 mM of
magnesium chloride, 0.5 mM of primers, and 1U of Taq polymerase (Quiagen,
Hilden, Germany). The PCR program consisted of an initial denaturation at 95°C
for 4 min and 30 cycles including 1 min of denaturation at 94°C, 45 s of annealing
at 56°C, and 2 min extension at 72°C. A final extension of 7 min at 72°C was
followed by cooling at 4°C. Cultivated isolates amplifications were carried out in a
25ul aliquot containing approximately 100 ng DNA, a deoxynucleoside
triphosphate mixture (0.2 mM each), buffer (1/10 volume of the supplied 10x
buffer), supplemented to give a final concentration of 2.5 mM MgCl2, 1.25 U of
Taq polymerase (EconoTaq, Lucigen), and 0.5 mM of each primer. The
amplification was performed in an Applied Biosystem 2720 thermal cycler. The
profile used was 5 minat 95°C, 15 cycles at 95°C for 30s, 55°C for 30s, 72°C for
30s, with annealing temperature increasing by 0.5°C at each cycle, plus 25 cycles
with annealing temperature fixed at 55°C and a final elongation step of 7 min at
72°C followed by cooling at 4°C. The sample quality of all PCR products was
evaluated through electrophoresis run on 1% (w/v) agarose gel. We obtained
Denaturing Gradient Gel Electrophoresis (DGGE) profiles for microbial
communities in each sampling site from the PCR products of environmental
samples, following the protocol of Nubel et al. [19]. PCR products from cultivated
isolates were purified them using QIAquickl PCR Purification kit (Qiagen Inc.,
Valencia, CA, USA), obtaining sequence reactions with the BigDye Terminator
Cycle Sequencing technology (Applied Biosystems, Foster City, CA), and purifying
them in automation using the Agencourt CleanSEQ Dye terminator removal Kit
(Agencourt Bioscience Corporation, 500 Cummins Center, Suite 2450, Beverly,
MA, 01915, USA) and a robotic station Biomek FX (Beckman Coulter, Fullerton,
CA). PCR products were analyzed using an Automated Capillary Electrophoresis
Sequencer 3730 DNA Analyzer (Applied Biosystems). In both cases, we used the
amplification as the sequencing primers. all sequences obtained from molecular
analysis were edited using 4Peaks v1.8 software, and nucleotide sequence similarity

was determined using BLASTN algorithm v 2.0 (NCBI) (S1 Table).
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Optical, fluorescence and laser confocal microscopy

Aliquots of the biofilm samples collected through the adhesive tape method
from each sampling site were observed by optical and fluorescence microscopy
(Nikon Eclipse E800) in order to distinguish the structural properties of the
microbial communities.

The characterization of three-dimensional biofilm structure was obtained using
Leica TCS SP5 (Leica Microsystems CMS GmbH, Mannheim, Germany) Confocal
Laser Scanning Microscope (CLSM) equipped with an HCX PL APO 63.0x1.40 oil
UV. We took image stacks from each strip of double-sided adhesive tape at 0.50—
0.71 pm intervals, and information acquired in the three channels simultaneously
(Table 1). The substratum area of the image stack was 1024 x 1024 pixel, with the
number of images in each stack varying according to the thickness of the biofilm.
We used the open-source image processing package Fiji [23]; and also

http://www fiji.sc] for the preliminary preparation of images, according to [24] and

the Comstat2 [25] plugin to determine volume and roughnessof each Z-stacks
[26,27]. Finally, the same plugin was applied to each stack in order to obtain the
biomass associated with each color channel (Table 1). The Z-stacks in which the
algal masses showed little and variable autofluorescence were deconvolved and
displayed as MIPs (Maximum Intensity Projection). We manually identified and
selected cell outlines to measure cell area and mean fluorescence. The Corrected
Total Cell Fluorescence (CTCF) was calculated according to [28]. In all the Z-
stacks assembled from the swimming pool community images, we detected a
marked amount of Scyfonema julianum filaments emitting weak self-fluorescent
signals, probably due to senescence or death. To reduce the effect of dead filaments
on measurements the autofluorescence of single S. julianum cells was equalized
using auto-fluorescence values of Leptolyngbya sp. cells, this latter being widely

present and with a uniform emission of autofluorescence (S1 Fig).
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Table 1. Fluorescence microscopy information. Red has no labeller because pigments are

observed by autofluorescence.

Channel Wavelength Emission|Labeller Marker Proxy of

Red 633 641-736- Pigments (chl a, phycobilins) Phototrophs

Blue 405 415-505 Calcofluor Bacteria, Hyphae H. bacteria, Fungi

Green 543 553-636/Concanavalin-A Extra-Polymeric Matrix (EPS) EPS itself
https://doi.org/10.1371/journal.pone.0232512.t001

Data analysis

All the data analysis and visualization were performed using the R environment for
statistical computing [29], using the tidyverse collectionof packages [30], tidygraph
[31] and graph [32]. The R markdown file generating tables and figures is available
as supplemental material. The substrates were ordered using the walking order of the
rooms, and for each species we added two coarse levels of classification:
photo/hetero- trophism and taxa. We used a Bray-Curtis distance-based
nonmetricdimensional scaling (nMDS) to produce an ordination of the communities
found at the nine sampling points. Pairwise distance among communities was based
on differences among functional groups’ relative richness (i.e., the count of species
associated to each group, scaled by the total numberof species determined for each
site). All the environmental and structuralvariables measured were projected on the
ordination as nonlinear surfacesto indirectly relate them to the ordination axes. The
co-occurrence table that defines the sampled communities was used as a starting
point for theassembly of an unweighted, undirected meta-community network that
links species based on their contemporary co-occurrence in a site. A layout display
was calculated using the Fruchterman-Reingold (FR) force-directed algorithm
[33], that defines nodes (i.e., species) distance as inversely proportional to the
number of neighbors a node has (i.e., the higher species pair co-occurrence
frequency is, the lower node distance between them). We then split the meta-
community network and sampled communities were plot as single graphs using the
calculated FR layout. Finally, we subsetted the bath meta-community based on the
three substrates, and displayed every subset as a linear graph, i.e., nodes were all

put on a single line and sorted first by taxon and then by alphabetical order.
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Results

Environment characterization of sites

The sampling campaign was focused on the three rooms of Suburban Thermae not
interested by recent restoration works, where the presence of biofilms was evident
at a first glance. The general distribution of biofilms appeared patchy to the naked
eye. This is a common feature of microbial lithic communities, depending on
variation in substrata characteristics correlated to centimeter scale variations [34].

Plotting the environmental features of samples (Table 2) shows that relative
humidity (RH) is always close to saturation (th > 92%) and that both humidity and
temperature values partially overlaps among samples and substrates, while
irradiance changes moving from the plaster substrate to wards marble and mortar is

lower in the plaster site (Fig 2).

Table 2. Mean temperature, relative humidity and light irradiance at the nine sample points.

Each value is the mean of three measurements campaigns taken during autumn 2016.

Substratum (room) Sample (Fig 1A) Temperature (°C) pH Relative humidity (%) Light irradiance (uE ms?)
Plaster (Vestibulum) 1 16.7+1.2 from7to 8 96+0.2 10.5+0.8
2 17.242.1 from7to 8 95+£1.5 9.0+0.4
3 16.5+2.5 from7to 8 95+0.9 10312
Marble (Tepidarium) 4 13.7£1.5 from7to 8 95+0.7 36+02
5 15.3+0.9 from7to 8 94+1.7 30+0.6
6 15.4+1.6 from 7to 8 95+1.4 31.2+0.9
Mortar (swimming pool) 7 14.3+2.0 from7to 8 95+0.8 22+0.4
8 16.1+1.8 from7to 8 93+1.3 24+0.7
9 15.6+2.6 from7to 8 94+1.5 24+1.3

https://doi.org/10.1371/journal.pone.0232512.t002
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Biofilm richness from molecular data

The distribution of bacteria, Cyanobacteria, Chlorophyta and Fungi species on
each sample from the three selected substrates is shown in Fig 3. Globally, the most
represented taxon is Chlorophyta, with thirteen species found, followed by
Cyanobacteria and Fungi with ten species, and heterotrophic bacteria, with six
species. All the taxa are found at least onetime on each substrate, with 50% of
Cyanobacteria and Fungi being foundonly once.

Heterotrophic bacterial profiles were different among substrates, and almost
equally distributed. The occurrence of members of Bacillus genus was common to
all sites, with an unidentified Bacillus being the most diffused in the sampled areas.
The remaining genera, Paenibacillus and Streptomyces, were found on plaster and
marble but not on the mortar substrate.

The highest number of Cyanobacteria bands was found on plaster, with eight
phylotypes, whereas the other two substrates hosted limited Cyanobacterial
biodiversity. The only two species common to all three substrates were those of
filamentous genera Leptolyngbya and Phormidium.

We identified thirteen different DGGE bands belonging to Chlorophyta on the three
substrates, with dominance from marble and mortar (ten andeleven phylotypes,
respectively). The genera most represented belong to Chlorella and Chlorella-like
group. The only genera common to the three substrates were Stichococcus,
Pseudochlorella, and Microthamnion.

Finally, we identified DGGE bands belonging to Fungi on the three substrates, with
the same dominance pattern of Cyanobacteria. The generamore represented were
Aspergillus and Penicillium, but no species appeared in all substrates. DGGE failed
to spot one cyanobacterium (Scytonema julianum) and twomicrofungi (Curvularia
geniculata and Lecanicillium sp.) in theenvironmental sample. Rendering the
species list as an alluvial plot make possible the flows of species among substrates
and shows how the species colonizing themarble substrate are also associated to
plaster (for Bacteria and Fungi) and mortar (for Cyanobacteria and Chlorophyta).
It is worth noting thatthe Fungi found on the Mortar substrate are unique to that

substrate.
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Fig 2. Scatter Plot (SP) of environmental parameters, i.e. of temperature, RH, andirradiance

for all the samples of the baths.
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Fig 3. List of the species identified in Herculaneum Suburban Baths samplings. Thelist is
ordered first by classification and then by name. Different square colors stand for different
classification, while the dots at the side of species names indicates the ID method used for that

species.

https://doi.org/10.1371/journal.pone.0232512.g003
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Analysis of CLSM images

After preparation, we analyzed the biofilm samples using a Confocal Light
scanning Microscope (S1 Fig). The analysis permitted us to gatherinsights about
biofilms structure and to quantify the relative abundance of and their main
autotrophic and heterotrophic components (Table 3).

The low intensity of auto-fluorescence with a high Standard Deviation
(169.75+£96.32) seems to indicate an advanced stage of senescence and limited
cellular vitality (S1G-S1I Fig).

Plotting the structural attributes of sampled communities (S2 Fig) shows that the
most samples display similar values for surface and volume to MIP ratio; at the
same time, roughness and substrate coverage tends to vary among samples. Sample
7 is the one with maximum values for all the attributes.

The nMDS ordination performed on the nine sites highlight within-substrate
similarities (Fig 4A).

Plaster samples are projected at equal distance between Fungi and Cyanobacteria,
and display a considerable distance from Chlorophyta and Heterotrophic Bacteria.
Mortar communities are characterized by the highest proximity with both
Cyanobacteria and Chlorophyta, while marble samples appear to be associated to
the maximal Heterotrophic Bacteria contribution to community structure.
Projecting the irradiation values over the ordination highlight the light segregation
of the plaster communities (all below the 15 uE m™s! isoline), opposed to the high
lightcondition of the marble ones. Mortar community sits in between. It is worth
noting that the Cyanobacteria (and Fungi) to Chlorophyta (and heterotrophic
bacteria) gradient is overlapping with the irradiance gradient. The projection of all
other variables (both environmental and structural) on the ordination does not
highlight any particular trend and issuch reported as supplemental image (S3 Fig).
The calculation of the relative abundance based of the CLSM analysis shows that
all the sites are heavily dominated by photoautotroph (>93%, Fig 4B), with the only
notable exception of sample 2, where fungi and heterotrophic bacteria represent
the 43% of the total. The comparison of this data with the relative richness of the
sites based on molecular analyses suggests that fungi and heterotrophic bacteria,

while rich in terms of species, are poorlyrepresented in terms of abundance, i.e., are
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Co-occurences based network

We created co-occurrence networks for each sampled community and
displayed them using the FR layout algorithm (Fig 5). The three plaster
communities (1-3, top row in Fig 5) are shifted toward the periphery of
the network: such behavior, together with the abundance of local links
(cyan edges) indicates that the community is rich in local species. At the
other end of the spectrum, the three marble communities (4—6, middle
row, Fig 5) tend to be concentrated in the network center: this, together
with the abundance of global links (red edges), indicates that common
species represent the backbone of these communities. Finally, the mortar
community displays an intermediate behavior, with sample number eight
being the richest in local species (cyan connections). In addition, it should
be noted that mortar community displays a high level of promiscuity, i.e.

many species are shared among single communities.
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https://doi.org/10.1371/journal.pone.0232512.¢005
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Discussion

Microorganisms can cause severe damage to historical monuments in different
ways, ranging from the corrosion of the building material of thewalls to the
modifications of surface colors and texture.

Heterotrophic organisms, bio-corrosive chemoorganotrophic bacteria and fungi
diversely affect stone and rocks, the rate of corrosion being dependent on the
geomorphology of the substratum [9,35]. The relation between lithic facies and
species composition of microbial communities has been the focus of different
studies, carried out on monuments of different continents. In general, some physical
features of the stones, as porosity, roughness and water retention have been
associated with the presence of biofilm, and, in some cases, a correlation between
microbial species and different types of stone substrates has been reported [5].
Biofilm structure can be dictated also by surface and interface properties or
substrata. Bio-weathering of limestones and marble used in building construction
allows the acquisition of macro and micronutrients from mineral surfaces, along
with some organic compounds [35,36]. Plaster and mortars in Roman houses of the
Vesuvian cities were basically made of limestones, used as binder, and volcanic
materials, as pumices and scoriae [37]. Major and trace elements from
Herculaneum mortars evidenced the occurrence of calcium, strontium, sodium and
iron [16] thatcan support microbial life. Also, marble shows the same structural
components, being composed by limestone crystallized by heat and pressure [38].
The presence of painted walls in the Vestibulum could account for a different
mineral availability. Hematite, Egyptian blue, yellow ochre, goethite, and charcoal
were the pigments most frequently used to paint walls, and their chemical
constituents, together with organic binders occasionally used [39] could represent
a supplemental food source for pioneer microbes on the surface of the Vestibulum
walls. In this respect, the possible role of micronutrient from substrate in the
observed pattern of colonisation cannot be ruled out. However, the minor
occurrence of heterotrophic bacteria and fungi in all biofilm samples from
Herculaneum While microorganisms which live on the external surfaces of
monuments must endure sharp variations of temperature, light intensity, and

humidity, and are exposed to desiccation and high insolation [40], microbial
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communities colonizing caves, hypogea, catacombs and similar sites, thrives in
quite constant environmental conditions [41,42].

Heterotrophic bacteria and fungi, constitute most of the biodiversity in caves and
are ubiquitous in different cave habitats [43,5]; actinobacteria involved in
biomineralization processes are common [44,45,46], and Bacillus and
Paenibacillus occurrence has been frequently reported [47,48].

The Suburban Baths of Herculaneum represent an interesting case study of
hypogean biofilm communities, in which some critical environmental features such
as light, temperature and humidity present limited spatial and seasonal variability
and only three different substrates were available for microbial colonisation.

The results presented support the description of the Herculaneum baths asan
extremely humid and thermally stable environment, where biofilm development
can thrive, untouched, due to almost saturating humidity. Our results also indicate
that neither species composition nor biofilm structural properties are consistent
within the same substrate. This discrepancy could be due to an irradiation gradient
that ranges from almost disphotic conditions to dim light, but the possible role of
small- scale chemical heterogeneity cannot be ruled out due to inevitable limitations
of the experimental designed. As a hypogean habitat, the bathshost four prominent
groups of microorganisms: heterotrophic bacteria, fungi, green algae (Chlorophyta)
and blue-green algae (Cyanophyta). All four groups are distributed among the walls
in the three colonized sites, with a low contribution of heterotrophic bacterial
species to richness, anda considerable, yet heterogeneous, pool of species scattered
among substrates.

Actinobacteria belonging to Genus Streptomyces [45,46] and fungi like
Lecanicillium can occur on different substrates of subterranean environments
[47,48]. The Genus Streptomyces has also been found in water, rocks and soils from
Spanish and Italian caves [49], and itspotential role as a contributor of biotic rock-
building processes has been recently proposed [50].

The fungal genera Aspergillus, Penicillium and Fusarium, have a cosmopolitan
distribution and are common in many different habitats, including caves, where
they respectively represent the first, second and fourth most frequently found taxa

[51].
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The community composition is seemingly influenced by the irradiation gradient
and goes from being a mix of heterotrophic and dark-adapted autotrophic species
(dark composition, the Vestibulum) to being rich in low-light adapted autotrophs
(dim composition, the other sites), with the Tepidarium community sharing its dark-
adapted species with the Vestibulum and its dim-adapted species with the
swimming pool. It is possible to appreciate how the heterotroph/autotroph rates
move from the dark vestibule extreme, where fungal richness is maximum, and
cyanobacteria steadily compete with green algae, to the dim light swimming pool
community, where only E.tuberiformis and Lecanicillium sp. remain as a fungus,
and Cyanobacteria are relegated to a small portion of the species pool.

Fungal genera as Lecanicillium can occur on different substrates of subterranean
environments [52], whereas Echinodotis tuberiformis has been described as an
insect parasite and an epibiont of different flowering plant species [53,54] and could
have reached the Bath with air current, or because of animal/human contamination.
In a recent study carried out on two anthropogenic caves [55], we observed that
blue-green unicellular and colonial Cyanobacteria dominatein almost disphotic
conditions, whereas filamentous Cyanobacteria showed the highest relative
abundance under dim light. In these latter conditions, Chlorophytes and other minor
eukaryotic phototrophs also give a relevant contribution to stone surfaces
colonisation. This trend is also confirmed in Herculaneum Suburban Baths, where
unicellular Cyanobacteria genera like Chroococcidiopsis, Gloeocapsa, Gloeocap-
sopsis, and Gloeothece occur prevalently under the very reduced light ofthe
Vestibulum, whereas the filamentous Leptolyngbya and Scytonema are mainly
present in the communities from Tepidarium and Swimming pool.Our analysis
suggests that on the one hand, the meta-communities associated with the three
substrates tend to be mostly composed of isolated communities. On the other hand,
there is a single meta- community (the 7Tepidarium), sharing almost all of the
species with the other two. The results gathered here support the hypothesis of the
Herculaneum baths walls as com- munities where the low irradiance represents one
of the limiting factors, influencing community composition. Indeed, while
irradiance gradient influences the three meta-communities, driving the assembly of

dark- (Vestibulum) and dim light- adapted (Tepidarium, Swimming pool)
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communities, the substrate clustering emerging from the nMDS could hint at a
contribution of substrate chemistry in driving community assembly.

Using a network depiction permits to appreciate the structure of the communities
intuitively; furthermore, building a meta-network gives the chance to explore
relationships among the populations. Even with the limit of a co-occurrence matrix,
it is possible to gather interesting insightsabout richness by appropriately choosing
the layout algorithm. Our choice of a force-directed algorithm revealed itself
fundamental in expressing community structure based on the number of sites where
every single species is found. Indeed, the FR-based meta-network layout shows an
interesting gradient in community composition, mostly overlapping the walking

order of the rooms.
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Conclusion

We have explored the combined effects of substrate and environmental features on
microbial community composition in Suburban Baths of Herculaneum using
molecular and CLSM data to apply numerical ecology tools. Our results indicate
that micro-environmental conditions differentiate communities growing on the
same substrate, and that it is possible to cluster biofilm morphology using
environmental conditions.More specifically, we found that the irradiation gradient
is one of the factors that contribute to the differentiation among communities in the
Suburban Baths, with the low-light plaster community is rich in fungi and
cyanobacteria, while the two dimly lighted communities are richer in
Chlorophyceae. In conclusion, our study supports the hypothesis of a strong effect
of the environment over substrate in defining community composition, and paves
the way to more complex studies, where a higher sampling effort and/or a
quantification of microbial abundances could further discriminate community
dynamics. Biodeterioration is a prominent issue in conservation of sites and
manufacts of archeological interests. Studying biofilm communities through
numerical ecological analyses can represent a valuable tool to prevent their

proliferation and to develop sustainable approaches to limit or eradicate them.
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CHAPTER 4

COMMUNITY COMPOSITION AND EX SITU CULTIVATIONOF FUNGI
ASSOCIATED WITH UNESCO HERITAGE MONUMENTS IN THE BAY OF
NAPLES
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Abstract: The Bay of Naples, Italy, is renowned for its archaeological heritage.
However, this heritage is threatened by the combination of weathering and the
biological activity of microorganisms. Fungi are among the major agents of
microbial deterioration of cultural heritage since they can cause cracks and lesions
in monuments due to the penetrating force of their hyphae. Such biodeterioration
may weaken thestone structures and threaten the longevity of these culturally
important monuments. To address this, we collected, identified, and maintained in
culture filamentous fungi that colonize the external surface of monumentsat five
important archaeological sites near Naples, namely Cuma, Ercolano, Nola, Oplonti,
and Pompei. We isolated a total of 27 fungal taxa, all of which can be cultivated in
the laboratory, and form a part of our reference collection. Many of the described
fungal taxa we found belong to groups that are involved in stone biodeterioration
and can thus be considered as model organisms for in vitro studies. These results
emphasize the importance of identifying and cultivating fungal stock cultures for
non-invasive studies on biodeterioration. Our newlydeveloped reference collection
represents a useful resource that is available to other researchers to rapidly identify

potentially hazardous fungi  on other monuments.

Keywords: fungi; ex sifu collection; biodeterioration; biodegradation;cultural

heritage
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Introduction

Fungi play an important role in the deterioration of buildings.Deterioration caused
by fungal colonisation involves both physical and chemical damage of stone
surfaces, and in most cases, they take place simultaneously [1]. Physical damage is
related to the ability of fungal hyphae to penetrate into the substratum, where pores
and fissures provide a useful microhabitat for fungal growth. The pressure exerted
by fungal growth leads to further damage due to cell turgor pressure and
exopolysaccharide formation that, in addition to fungal adhesion on stone surfaces,
increases mechanical pressure [2]. Moreover, chemical damage occurs due to
byproducts of fungal metabolism that leads to corrosion and discoloration of stone
surfaces. Fungi are able to excrete a large variety of organic acids that act as metal-
chelators [3] and mediate the precipitation of secondary minerals produced through
the reaction of anions from excreted acids with cations from the stone. The
formation of secondary minerals, such as carbonates, oxalates, and phosphates, can
cause blistering, scaling, granular disintegration, and flaking or “spalling”of outer
layers, leading to stone decay [4]. There is a close relationship between material
and colonizing organisms [5]; indeed, the degree of fungal colonisation of a stone
surface also depends on the structure, wetness, and chemical and mineralogical
compositions of the substrata aswell as environmental conditions [6,7]. Different
lithotypes, e.g., brick, limestone, marble, tuff, and porphyry, provide a diverse
range of substrates that fungi may use to acquire nutrients and grow.

Despite the large number of studies in the literature in which damage to cultural
heritage is directly associated with fungi colonisation, the occurrence of fungi on
cultural heritage monuments does not necessarily mean that these fungi cause the
loss of chemical and physical properties of the substrate; indeed, filamentous fungi
as well as lichens could protect colonized materials, especially against
environmental parameters [8], or they could bear no influence on the material
properties. The multifaceted role of fungi in biodeterioration can be effectively
assessed on the basis of preliminary in vitro tests, particularly recommended in the
issues of monument protection, that require ex situ conservation strategies for
fungal strains isolated from monuments. Ex situ collections may significantly
improve our knowledge of the role of fungi in stone cultural heritage

biodeterioration, providing the basis for an appropriate and effective maintenance
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and restoration strategy. The importance of maintaining a broad range of taxa in
collections for ex sifu conservation accessible to researchers prompted us to perform
a survey campaign alongthe archaeological remains of Campania, Italy. Campania
hosts a large number of works of art and monuments made of different stone
materials, spanning the last three thousand years. Despite this unique cultural
heritage, a deep sampling aimed to assess the biodiversity of cultivable fungi in
these historical areas has never been conducted. Using a combination of
microscopical, genetic, and culture techniques, here we describe the taxonomic
diversity of fungi that occur in the UNESCO heritage sites of Cuma, Ercolano,
Nola, Oplonti, and Pompei, with the overall aim of developing an ex situ collection

of fungal strains from these archeological sites.
2 Materials and Methods

2.1 Sampling

The sampling campaign in this study was carried out in March 2018 at some of the
most important cultural heritage sites in Campania, namely the Sibyl Caves in
Cuma, the Suburban Baths in Ercolano, the Roman Amphitheater in Nola, the
House of Poppea in Oplonti, and the House of Fauno and the House of Castricio in
Pompei (Figure 1). At every site, we measured ecological parameters, e.g.,
temperature and relative humidity,using a thermohygrometer (model HI 9564,
Hanna® Instruments, Smithfield, RI, USA) and light intensity using a Climalux N
light meter (Laboratori di Strumentazione Industriale S.p.a., Milan, Italy). We
measured pH on substrates at sampling points using a pH test paper strip.All the
environmental parameters are shown in Table 1. The sampling points were chosen
on the basis of the visibility of the fungal presence onthe surface. Biofilm samples
were taken by gently scraping the walls of the sampling sites with a sterile scalpel
and adhesive tape strips were also used as a non-destructive sampling method [9].

The materials were deposited into sterile vials, until arrival at the laboratory.
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Figure 1. Location of the sampling site of UNESCO heritage monuments in the bay of
Naples, Campania, Italy.
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Table 1. Values of environmental parameters (light, pH, relative humidity, and

temperature) at each sampling site.
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2.2 Confocal Laser Scanning Microscope Analysis

The recorded adhesive tape samples were cut into small sections

(Approximately 1 x 1 cm, [9]), placed on a glass slide, and observed on a
Confocal Laser Scanning Microscope (CLSM), Zeiss LSM 700 (Carl
Zeiss AG, Munich, Germany, using the software Zen 2011), by capturing
images with a 63x water immersion objective. Images were acquired in
three channels simultaneously: the red channel was used to discriminate
phototrophs containing autofluorescence pigments (chlorophyll a and
phycobilins), with excitation beams at 488 and 639 nm and emissions at
590-800 nm; the green channel was used to detect extrapolymeric matrix
(EPS) using concanavalin-A with Alexa 488, with the excitation beams at
488 nm and emissions at 553—636 nm; and calcofluor-white was used to
evidence the bacteria and hyphae with the excitation beams at 405 and

488 nm and emissions at 415-506 nm (blue channel) [10].

2.3 Isolation of Fungal Strains

After the sampling campaign, samples were inoculated on agar medium,
such as Potato Dextrose Agar (PDA) prepared according to Samson et al.
[11], Bold’s Basal Medium (BBM) [12] added to sucrose (12 g/L)
according to Jeger et al. [13], and Malt-Yeast Extract- Sucrose Agar
(MEA, Difco™) prepared according to Skaar and Stenwig [14].
Incubation was carried out at 22+2 -C for 30 days. At the end of the
incubation period, enumeration of microorganisms as cfu/g of sample was
carried out and the several mycelia obtained were isolated with the aid of
a stereomicroscope. Afterwards, fungi were separately cultivated on PDA

and finally observed with a stereomicroscope.

2.4 Identification of Fungal Isolates
Fungal strains were identified through a polyphasic approach that is an
integrated approach of identification based on morphological and molecular
features of microorganisms [15]. According to Barnett and Hunter [16] and
Fassatiova and Ellis [17], the morphological identification of fungi was
based on the macroscopic features of colonies growing on agar plates and

the micromorphology of the reproductive structure. The morphological
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analysis was then confirmed by molecular analysis. For each fungal isolate,
the following procedure was applied: DNA was extracted with a modified
DNA extraction protocol [18] and used for a Polymerase Chain Reaction
with primers targeting the internal transcribed spacer region (ITS) (primer
forward, 5-TCCGTAGGTGAACCTGCGG-3’; primer reverse, 5'-
TTCAAAGATTCGATGATTCAC-3"). The ITS is the region spanning
ITS1, 5.8S rRNA, and ITS2 was recently selected to be the universal barcode
marker for fungi [19]. This DNA region has enough gaps between the
intraspecific and interspecific variation across the kingdom Fungi and has
been shown to have a high amplification success rate in various fungal taxa,
e.g., it can discriminate the majority of species in Mucorales [20]. The
barcode region together with a well-curated database of DNA sequences
may constitute a reliable and fast tool for culture collection in the task of
providing certification of fungal cultures. The amplification reaction was
carried out in a reaction volume of 25 pL containing 2.5 pL of 10 reaction
buffer, 1.5 pL of MgCl,, 2 pL of NTP, 1.5 pL of each of the primers, and
0.2 uL of Taq polymerase (EconoTaq, Lucigen, Middleton, WI, USA). An
amount of DNA, approximately 100 ng, was added to each reaction mixture
in a PCR tube. The profile used was the same described by Del Mondo 2017
[21]. Amplification was run in an Applied Biosystem 2720 thermal cycler.
The amplification product was then evaluated on 1.2% (w/v) agarose gel in
an electrophoretic purified with a QIAquick® PCR Purification kit (Qiagen
Inc, Valencia, CA, USA). The sequence reaction was obtained with the
BigDye Terminator Cycle Sequencing technology (Applied Biosystems,
Foster City, CA, USA), purified automatically using the Agencourt
CleanSEQ Dye terminator removal Kit (Agencourt Bioscience Corporation,
500 Cummins Center, Suite 2450, Beverly, MA, USA) and a robotic station
Biomek FX (Beckman Coulter, Fullerton, CA, USA). The product was
analyzed on an Automated Capillary Electrophoresis Sequencer 3730 DNA
Analyzer (Applied Biosystems). The amplification primers were used as the
sequencing primers. The obtained sequence was searched for in BLAST

version 2.0 (National Center for Biotechnology Information databases) and
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identified. The ITS sequences obtained in this study have been deposited in
GenBank (the accession numbers are listed in Table 2).
Table 2. Identification of the fungal species complex level based on ITS sequences with

the description of their sampling site and lithic substrate. ACUF Collection Codes and

Gene Bank Accession numbers are given for each strain.

Identified Species Site So ACUF Gene Bank
Complex Level o e Collection Code  Accession Number
Alternaria section ) B
Aliormgle Pompei Mortar 033F MWSB1067
Pompei Mortar 0a2f MW881066
o Nola Marble 053¢ MWSS1087
Alternata
Abfermarisection Ercolano Plaster 017¢ MWS881054
Alternata
Alfernaria sp. Ercolano Mortar 020f MW881053
Ayer i‘:iﬂh"“ Pompei Mortar 039f MWSS1073
4 illie E
"’*F’f’g“;‘;:“ﬁmm Brcalano Mortar 009f MWES1060
’qﬁf"f’*‘ﬁ’éﬁ‘i“ﬁm Cuma Tuff 012f MWS81047
Cuma Tuff 022f MWES1049
Asperg h:{;‘sf‘:'l““ Ercolano Plaster 007 MWS81065
iy

Ercolano Plaster 019f MWES1062




Table 2. Cont.

Identified Species Sites i ACUF Gene Bank
Complex Level Collection Code  Accession Number
Aspogilisstion  Pompel Frescos 015f MWES 1099
Pompei Frescos (126F BMWRR1 10
Aspergillus sp. Cuma Tuff (06 MWERIO5]
Cladosporion sp. Pompet Maortar 041 MWERIOTS
Clovsbachys sp. Oploniti Maortar (sf MWER1003
Oplontt Maortar (156f MWRR1095
Oplontt Maortar (1 MWRR10
Opluosti Muartar 21f MWES1097
Clintostachys sp, Moda Marble (1T} MWRR10TE
Mola Marble (H3F MWRS10T?
Mola Marble (He4f MWRS10TS
E‘;:'L:t':’ 4 r::t‘:“" Ercolano Plaster 023 MWES1052
Fuseriom aTyepomet. o olanc Plaster 0316 MIWES1064
spectes complex
F e B Cuma T 09f MWES1048
FUmMUR OVYEPONEE el Fresoos 014f MWES1102
speches cnmplex
FUSIil OKJSQOLNE o Plastes 18f MWES1055
speches complex
Ercolani Plaster 024f MWER1056
Ercolani Plaster 025 MWRR1057
Ercolann Plaster (26f MWRS1059
Fussrint IXysporusn oy oo Mortar (154f MWES1090
speries compler
Oplont Martar (155 MWEAT0W]
Oplonti Murtar (otf MWEA 105
ﬁﬂ‘;ﬁr& Ercolano Plaster 016 MWES1063
Fusriten sp. Oplont Morkar (I MWER1088
“:;‘L:t’f: f:;ﬁi{:" Oplonti Martar 002 MWAS104
Lecanteillinm sp. Pompel Frescos 013 MWEE101
Lecanteillinm sp. Ercolano Mortar 027 MWERTN5E
Lecanteillinm sp. Ercolano Plaster {1308 MWER10R1
MNeofistcoccun
parviin species Cuma Tuft (if MWES1050
complex
P"“’:ﬂi::: SO Pompel Maetar 036F MWES1070
Pompei Murtar (13RF MWER1072
Pompei Murtar (135§ MWER1069
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Table 2. Cont

Identificd Species Gites B J\.C..'L'Ii Ciene Iia.nnk
Complex Level Collection Code  Accession Number

f'|,|:|11'|'\-|;=i hlortar (R MWERIO7S

Praniciliiamy e ['._nn'ru;*i Blortar (154 MWESIOGE

- |'|1:rr|.'|:||"i Morkar 037 MWERIOT]

Powicyion gection Mola Marble (i MW S0
Asperyiilmdes

Mola Marble (] sWas1081

Mola Marble LM sWasng2

Mola Marbhle [ MWAS10E3

Mola Marble 0511 MWERIO0ES

Purpurencilltaiom sp Oplonti Friscos (L] MWHEH

Thipeumyces daction Oplonti Maortar a0 MWSRI092
Talermimyces

Thennyocy Moo Nola Marble 451 MWSE1079
Tilwrmimdes

Trichnderma sp. Jola hlarble 150 MWARI0RS

Moka Marble 0524 MWER10ES

2.5 Fungal Preservation for Ex Situ Conservation

In according to the World Federation for Culture Collection Guidelines,
more than one method was applied for each fungal strain for successful
preservation. Our fungal strains are stored by different methods: (a) PDA
on Petri dishes at a temperature range of between 22 °C and 25 °C in
darkness; (b) in a corked glass tube with sterilized water at room
temperature [22]; and (c¢) at 80 °C in glycerol (selected strains only). This
method, namely cryopreservation together with freeze drying, is
considered to be a long-term preservation method [23]. To maintain fungi
in a viable state, to evaluate purity, and to avoid devitalization, monthly
checking and refreshment of cultures were performed. All the fungal
strains are maintained in the Algal Culture Collection (ACUF) at the
Department of Biology, University of Naples Federico II, Italy. This
collection, traditionally devoted to the maintenance of aeroterrestrial
microalgae and cyanobacteria [24], has been enriched with a special
section devoted to the maintenance of fungal strains isolated directly from
archeological sites in Campania. Each strain is included in a private
database with all the information regarding sampling sites, origin
substrate, data on collection, ecological notes, cultivation and
maintenance methods, phenotypic characteristics, and genomic analysis.

In order to maintain the safety of the data associated with each of the
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strains preserved in the collection, all computer files are duplicated and
kept in a separate area. Furthermore, we deposited our isolates at the
Mycotheca Universitatis Taurinensis, Turin, Italy (MUT), a renowned

collection specialized in fungal preservation.

3 Results

3.1 Description of Damage and Substrate Change
Biological growth on stone can result in changes in surface color and
structure depending on the identity of the organism and their growth and
behavior. At our sampling sites, the biological colonisation on stone
surfaces assumed the forms of epilithic formations with a patina aspect.
In particular, these organisms formed a subaerial biofilm, which is a type
of biofilm that occurs at the atmosphere-rock interface. This type of
biofilm has been frequently reported in the literature on hypogean
monuments, such as catacombs [25], and on walls, statues, and wetlands.
These formations may have a colored patinas aspect, depending on the
type of biocenosis and of the growth phase of the prevailing species. As
shown in Figure 2b,d,e, the stone surface appears with a green and
greenish stain, probably due to the presence of organic pigments (e.g.,
chlorophylls, carotenoids, melanins) [26]. In Figure 2h,k,n, the stone
surface appears with a black stain and this is related to the mixed

association of different fungal groups.



Figure 2. Archeological sites: Sibyl Caves in Cuma (a), Suburban Baths in Ercolano (d), the
Roman Amphitheater in Nola (g), the House of Poppea in Oplonti (j), and the House of
Fauno (m) and the House of Castricio (p) in Pompei; the visible alteration at the same sites
(b,e,h,k,n,q); the recorded adhesive tape samples observed on the CLSM (e¢.f,i,l,0,r; scale
bar, 50 um).

3.2. Confocal Laser Microscopy
All the samples analyzed by CLSM revealed that many cells contained chlorophyll
and phycobilin (red auto-fluorescence), which were ascribed to algae and
cyanobacteria and polysaccharide polymers (e.g., cellulose and chitin) in their cell

walls (blue color), which were ascribed to fungi (Figure 2c,f,1,1,0,1).
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3.3. Molecular Identifications

Table 2 shows the identification of the isolated fungal species
retrieved from the sampled UNESCO monuments, together
with sites and source sampled as well as the collection code
linked to the fungal strains and the GenBank accession
numbers of the obtained sequences. A total of 18 fungal taxa,

belonging to 3 different Classes, 5 different Orders, and 10

m A1.07T% Eurctiomyceles
=3 44.84% Sordanomycales
3 14 29% Dolhideamycales

. 40.00% Euntisles
B 45.45% Hypoomealss
10.81% Pleosporsies
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10.61% Pleosporacess
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1.82% Cladosporiaceas

gEEpoooomn

different Families, were obtained (Figure 3) and kept in

culture.

Figure 3. The relative abundance of fungal isolated according to (A) classes, (B)
orders, and
(C) families.



Overall, the most common genera were Aspergillus in Cuma (60%),
Fusarium in Ercolano (42.86%), Penicillium in Nola (41.67%),
Fusarium in Oplonti (45.45%), Penicillium (60%) in Pompei, Fauno,
and Aspergillus (50%) in Pompei, Castricio (Figure 4).

A B o
Ciims Mola
N B0.00% Aspengiliie B 2 AN Aspamiie = 41 87 ParaMism
= M00% Fusanom B A2 86% Fusavouim B B31% Alfernania
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B A4545% Fusanam 000 Aspergdiius A0 0D Asporgiis
35 38% Clanosiachiys B EDO0J% Pamckium = 25000 Fusaciurty
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B G0N Popoeoiiiuem B 20 00% Abemans

Figure 4. The relative prevalence of fungal genera found in: Sibyl Caves in Cuma
(A), Suburban Baths in Ercolano (B), the Roman Amphitheater in Nola (C), the
House of Poppea in Oplonti (D), and the House of Fauno (E) and the House of
Castricio (F) in Pompei.
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4. Discussion

The protection of cultural heritage often involves the study of the bio- receptivity
of building materials and the biodegradation potential of microorganisms involved
in deterioration, which can be primarily assessed through laboratory studies. In this
work, a non-destructive method was used to sample microorganisms at UNESCO
cultural heritage sites in Campania, Italy. In particular, we sampled using adhesive
tape sampling coupled with microscopical analysis to identify the constituent
microorganisms in biofilms of these monuments, which allows us to examine the
existing relationships between the surface and the colonizing microorganisms [9].
The observations made using confocal light microscopy demonstrated fungal
colonisation in all the adhesive tape samples analyzed as a network of filamentous
structures. Furthermore, we observed the presence of cyanobacteria and algae
closely connected withfilamentous structures, demonstrating that fungi actively
colonize the rock as essential compounds of the biofilm sampled and not as
contaminants. The isolation of fungi through culture-dependent methods,followed
by maintenance of strains in culture, was aimed at obtaining quality controlled
isolates for further studies on biodeterioration processes and to develop innovative
strategies for their control. For each strain, we collected data related to the substrate
and environmental conditions at the sampling location and this information can be
used to develop future laboratory experiments simulating specific environmental
conditions under which these fungi can grow. Indeed, future perspectives are
directed towards using our fungi as models to perform in vitro experiments for
understanding the patterns of microbial colonisation of stone materials [21]. The
fungal isolates in this study are widespread, frequently associated with soil particles
and plant material, which is probably due to their broad tolerance to different
environmental conditions and allows them to colonize a large array of terrestrial
habitats[27]. Molecular identification of sampled strains was performed using the
internal transcribed spacer (ITS) rDNA area, which is the most widely used
marker for fungi [19]. Unfortunately, for many Ascomycota genera, such as
Penicillium and Aspergillus, the ITS is not variable enough to allow for species-

level identification [28]. Because of the limitations associated with the chosen
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molecular marker, herein we considered the species-complex level for an overview
of fungal diversity on stone monuments. We recognize the necessity of further
identification using taxon-specific markers (e.g., SSRs) for identifying isolates to
species level as the collection grows. The genera isolated in our sampling include
Alternaria, Aspergillus, Cladosporium, Clonostachys, Curvularia, Fusarium,
Lecanicillium, Neofusicoccum, Penicillium, Purpureocillium, Talaromyces, and
Trichoderma, which are known to be ubiquitous filamentous fungi of soil and are
often airborne. Some of them were already described as colonizer, or occasionally
pioneer, taxa of deteriorated monuments [29]. For most of these species, there is no
representative strain of the wide range of morphology and physiology expressed
within that species and therefore it is necessary to maintain a number of
representative strains. Some collections, such as the CABI Bioscience Genetic
Resource Collection, retain on average five strains foreach species, but in some
cases this number is not sufficient. This is the case for host specificity in the plant
pathogen, such as Fusarium oxysporum, which has a large number of genetic
variants [30]. Thus, ex sifu conservation of microorganisms collected from
monuments can ensure that all strains with their unique properties are preserved
and maintained over time. In accordance with other studies, we observed that the
genera most frequently identified as colonizers of several stone substrates are
Aspergillus, Fusarium, and Penicillium [31]. The action ofthese fungi, included in
the orders Capnodiales and Pleosporales, could lead to aesthetic alteration and
biopitting of stone materials [32]. Moreover, some of the fungal isolates belonging
to Alternaria section Alternata, Cladosporium sp., Fusarium solani species
complex, and Penicillium section Aspergilloides are known to contribute to
acidification and the dissolution of stone by excreting organic acids. In particular,
oxalic acid secreted by fungi can dissolve limestone calcium carbonate, producing
calcium oxalates, one of the most severe biodeterioration processes affecting
limestone monuments [33]. In addition, recently it has been shown that the genus
Purpureocillium mayhave halotolerant characteristics [34], which may further

broaden the impact these fungi have on stone structures.

Conclusions
The collection and molecular identification of fungal strains and their associated
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ecological data, describing their site of sampling, type of substrate, and
morphological diagnostic characteristics, represent a key resource for the
development of biotechnological approaches devoted to the conservation of cultural
heritage. The ex situ conservation of fungi sampled from bio-deteriorated
environments can ensure that isolates are preserved to maintain their integrity and
long-term survival. This isessential for future research on the preservation of
historical monuments, including the ecological differentiation of fungal
communities accordingto sampling sites and the production of desirable end

products applicable for bioremediation.
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Abstract: Fungi are among the biotic agents that can cause deterioration of building
stones and cultural heritage. The most common methods used to control fungal
spread and growth are based on chemical pesticides. However, the massive use of
these synthetic chemicals produces heavy environmental pollution and risk to
human and animal health. Furthermore, their use is time dependent and relies on
the repetition of treatments, which increases the possibility of altering building
stones and culture heritage through environmental contamination. One alternative
is the use of natural products with high antifungal activity, which can result in
reduced toxicity and deterioration of archeological remains. Recently, three fungal
strains, namely Aspergillus niger, Alternaria alternata and Fusarium oxysporum,
were isolated as damaging agents from the external tuff wall of the Roman remains
“Villa of Poppea” in Oplontis, Naples, Italy. In this manuscript, three selected
fungal metabolites, namely cyclopaldic acid, cavoxin and epi-epoformin, produced
by fungi pathogenic for forest plants, were evaluated as potential antifungal
compounds against the above fungi. Cavoxin and epi-epoformin showed antifungal
activity against Asperigillus niger and Fusarium oxysporum, while cyclopaldic acid
showed no activity when tested on the three fungi. The same antifungal activity was
observed in vitro experiments on infected stones of the Neapolitan yellow tuff
(NYT), a volcanic lithotype widely diffused in the archeological sites of Campania,
Italy. This study represents a first step in the use of these two fungal metabolites to
allow better preservation of artworks and to guarantee the conditions suitable for

their conservation.

Keywords: fungal metabolites; antifungal activity; cultural heritage;

fungi; stone biodeterioration; stone biodegradation
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1. Introduction
Fungi are among the major agents of microbial deterioration of building stones and
cultural heritage. Deterioration caused by fungal colonisation involves aesthetic,
physical and chemical damage of stone surfaces, which, in most cases, take place
simultaneously [1]. Besides aesthetic damage due to color change, black spots and
patina formation, fungi can deeply colonize cracks and fissurations because of the
extraordinary penetrating power of fungal hyphae into the substratum, causing
breakingand lesions in artwork. Fungi are able to excrete a large variety of organic
acids that are able to act as metal-chelators, mediating the precipitation of secondary
minerals like carbonates, oxalates and phosphates, which can cause blistering,
scaling and granular disintegration, leading to stonedecay [2]. For these reasons, it
is important to find solutions to the deterioration of stone surfaces that do not
compromise the readability and structure of artworks. Synthetic pesticides,
including fungicides, are massively used in agriculture, forests, parks, and
archeological areas. The heavy pollution, essentially of soil and water, due to the
worldwide use of'these chemicals has prompted the search for eco-friendly
alternatives based on bioactive natural substance formulations. This also satisfies
the requests of people and authorities who ask for safe products to avoid the
contamination of food and lower the risk to human and animal health [3—5]. Plants,
microorganisms, lichens, and algae are producers of metabolites possessing diverse
biological activities, such as phytotoxic, antiviral, anticancer, antitumor, algicide,
enzyme-inhibiting, immunostimulant, antiplatelet aggregation, cytotoxic,
antiplasmodium, antibacterial, and antifungal activities [6-9]. Several secondary
metabolites with antimicrobial activity have already been isolated from different
fungi [10-14]. These metabolites belong to diverse structural classes of naturally
occurring compounds (e.g., alkaloids, anthraquinones, poliketides, terpenes,
steroids), and most of them possess original modes of action to overcome
antimicrobial resistance [15-19]. Recently, three fungal strains, namely
Aspergillus niger, Alternaria alternata and Fusarium oxysporum, were isolated
as damaging agents from the external tuff wall of the Roman remains, “Villa of
Poppea” in Oplontis, Naples, Italy. This manuscript reports the assessment of in

vitro systems to study the early steps of fungal colonisation of stone (Neapolitan
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yellow tuff, a volcanic lithotype widely diffused in the archeological sites of
Campania,ltaly) and to test the antifungal properties of three fungal metabolites,
namely cavoxin, epi-epoformin and cyclopaldic acid, for their potential fungicidal

activity.

2. Material and methods

2.1 General Chemical Procedure

Electrospray  ionization mass spectrometry (ESI MS) and liquid
chromatography/mass spectrometry (LC/MS) analyses were performed using an
LC/MS TOF system Agilent 6230B (Agilent Technologies, Milan, Italy), HPLC
1260 Infinity. A Phenomenex (Bologna, Italy) Luna (C18 (2) 5 mm, 150-4.6 mm
column) was usedto perform the high performance liquid chromatography (HPLC)
separations. Bruker 400 Anova Advance (Karlsruhe, Germany) was used to record
the 1H NMR spectra at 400 MHz in CDCI3 at 298 K. Analytical, preparative, and
reverse phase thin layer chromatography (TLC) were carried out on silica gel
(Merck, Kieselgel 60, F254, 0.25, 0.5 mm, and RP-18 F254s, respectively) plates
(Merck, Darmstadt, Germany). The spots were visualized as previously described
[20]. Column chromatography (CC) was performed using silica gel (Kieselgel 60,
0.063-0.200 mm) and C18-reversed phase silica gel (230-400 mesh) (Merck,
Darmstadt, Germany). Sigma Aldrich Co. (St. Louis, MO, USA) supplied all the

reagents and the solvents.

2.2 Fungal metabolites

Cavoxin was obtained as previously reported [21] from Phoma cava (CBS
(Centraalbureau voor Schimmelcultures), The Netherlands, 535.66). The fungus
was grown in flasks containing 300 mL of a semisynthetic liquid medium incubated
at 25 »C and 200 rpm for 5 days. The cultures were filtered, and the filtrate was
lyophilized. The solid residue corresponding to 9 L of culture filtrate was dissolved
in distilled water and extracted with CHCI3. The organic extract was

chromatographed on a Sephadex LH-20 column eluted with CHCI3- ;PrOH (9:1,
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v/v), obtaining cavoxin as a homogeneous oil, which was crystallized from EtOAc-
petroleum ether (1:1, v/v) as pale-yellow needles (979 mg). Cyclopaldic acid was
obtained from Seirdium cupressi as previously reported [22]. The strain of S.
cupressi was isolated in Kos (Greece) and deposited in the collection of
Dipartimento di Patologia Vegetale, University of Bari, Italy, asDPG10. It was
grown as stationary culture in 1 L Roux flasks containing 150 mL Czapek’s
medium with the addition of 2% corn meal and incubated at 23 C for 30 days in
the dark. The culture filtrates were acidified to pH 4 and extracted with ¢-
butylmethyl ether. The combined organic extracts afforded an oil, which was
washed with CHCI3, leaving a white amorphous substance. The latter gave
cyclopaldic acid (750 mg) by crystallization from MeOH-CHCI3 (1:1,v/). epi-
epoformin was obtained from Diplodia quercivora as previously described [23]. A
strain of D. quercivora was isolated froma symptomatic branch of Quercus
canariensis in a natural area in Tunisia and deposited in the collection of the
Dipartimento di Agraria,University of Sassari, Italy, as BL9. The fungus was grown
in 2 L Erlenmeyer flasks containing 400 mL of Czapek medium amended with corn
meal and incubated at 25 °C for 3 weeks in darkness. The culture filtrates (6.7 L)
were acidified to pH 4 and extracted exhaustively with EtOAc. The organic extracts
were purified on silica gel and successively on reverse-phase column
chromatography, yielding epi-epoformin (276.1 mg) as a white solid. The purity of
cavoxin, cyclopaldic acid, and epi-epoformin (>98%) was ascertained by HPLC, 1H
NMR and ESI MS spectra.

2.3 Antifungal Test-Well Diffusion Assay

A conidia suspension of the test fungi was obtained from a 6-day-oldcolony grown
in solid-medium potato dextrose agar (PDA) treated with PBS-Tween20 solution
0.5%, by scraping from the agar surface with a sterile spatula. Conidia were
suspended in physiological solution (0.9% NaCl) to a final concentration of 1x10°
conidia/mL. 50uL of the final conidia suspension was spread onto the PDA until
the suspension was completely absorbed. Then, filter paper discs 13 mm in

diameter, previously absorbed with 20 pL of each chemical compound at the
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desired concentration, were placed on the agarsurface. Finally, the Petri dishes were
incubated at 22+ 2 °C in darkness for 3 days with control fixed every 24 h. The
natural biocidesselected for this study were cavoxin, cyclopaldic acid and epi-
epoformin. All of these were tested in several concentrations, namely 0.25, 0.50
and 1.0 mg/L. Then, the eventual diameters of inhibition growth zones were
measured. Pentachloronitrobenzene (PCNB) was used as positive control [24],
while empty filter paper discs were usedas negative control. Filter paper discs
absorbed with 20 uL of methanol were used to verify the eventual interferation with

fungal growth.
2.4 Lithotypes and Microorganisms

The selected fungal strains were Aspergillus niger (008f), Alternaria alternata
(015f) and Fusarium oxysporum (014f), obtained from ACUF, Algal Collection of
University of Naples Federico II, Italy. A new section of this collection, which has
been traditionally devoted tothe maintenance of aeroterrestrial microalgal and
cyanobacteria strains [25], was recently created to keep fungal strains that have been
isolated directly from archeological sites in Campania. In particular, these strains
were collected from the external tuff walls of “Villa of Poppea” in Oplontis
(Naples, Italy). The identification of fungal strains was assessed on the basis of
morphological observations coupled with molecular analysis. DNA was extracted
with a modifiedDoyle and Doyle DNA extraction protocol [26] and used for a
polymerase chain reaction using ITS spacers as target primer (primerforward 5'-
TCCGTAGGTGAACCTGCGG-3; primer reverse 5-
TTCAAAGATTCGATGATTCAC-3). The PCR products were evaluated on
agarose gel in an electrophoretic run and purified using a QIAquick® PCR
Purification kit (Qiagen Inc., Valencia, CA, USA).The sequence reaction was
obtained with BigDye Terminator Cycle Sequencing technology (Applied
Biosystems, Foster City, CA, USA), using the amplification primers as the
sequencing primers, and purified using the Agencourt CleanSEQ Dye terminator
removal kit (Agencourt Bioscience Corporation, 500 Cummins Center, Suite 2450,
Beverly, MA, USA) and a robotic station Biomek FX (BeckmanCoulter, Fullerton,
CA, USA). The product was analyzed by an Automated Capillary Electrophoresis
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Sequencer 3730 DNA Analyzer (Applied Biosystems). Nucleotide sequence

similarity was determined using BLAST version 2.0 (https://blast.ncbi.nlm.nih.gov

(accessed on 26 January 2021)). The obtained sequences were identified as
Aspergillus niger, Alternaria alternata and Fusarium oxysporum. The stone
selected for the in vitro biodeterioration test was the Neapolitan yellow tuff (NYT),
a volcanic lithotype widely diffused in the archeological sites of Campania, which
is known for its porosity and great water absorption coefficient, both of which

support the colonisation of microorganisms [27].

2.5. In Vitro Biodeterioration Test

In order to reproduce the biological damage caused by fungi on stone,a series of in
vitro tests was performed by inoculating the selected fungal strains on stone. NYT
tiles (3 x 3 cm) were placed in Petri glass dishes and inoculated with a standardized
inoculum of the test fungi [28]. The dishes were incubated at 22+2 °C for 20 days
with 90—100%of relative humidity to reproduce the environment in which the fungal
strains occurred. For each fungal strain, four glass Petri dishes were prepared
containing three tuff tiles. In order to evaluate the potential degradation activity of
metabolites considered in this study, NYT tileswere also inoculated with fungi
together with the tested metabolites at a concentration of 1 mg/mL. To evaluate the
fungal growth, the experiments were monitored for 20 days. Once the
measurements were taken, the tuff tiles were discarded. Each set of measurements
was performed for 20 days at an interval of 5 days in the following way: (1)
quantification of the fungal covered area on tiles by recordingdigital images; (2)
measurement of the fungal thickness on tiles with a metallurgical microscope with

an objective 6.5x.

2.6. Laboratory Strains and Culturing Conditions

All the NYT tiles used in the experiments were washed, dried, and displaced in
triplicate in Petri glass dishes. On the bottom of each platewas placed a filter paper
disc flooded with sterile distilled water in order to guarantee 90-100% of relative

humidity. The tiles were then inoculated with 70 uL of sterile Bold’s Basal Medium
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(BBM) [29] with 12 g/L of sucrose added [30] in order to provide an equal starting
nutrient source for all the fungal strains. For the experiment aimed at evaluating the
antifungal activity of metabolites considered in this study, together with fungal
growth medium, an amount of 70 puL of the metabolites at a concentration of 1
mg/mL was inoculated. In all the experiments, for each selected strain, an inoculum
of 5000 conidia suspended in 5 pL of sterile distilled water was inoculated in the
middle of each tile, as previously reported [28]. Two other glass chambers were
prepared with tuff tiles watered with (1) distilled waterinstead of the nutritive
medium and (2) methanol and kept until the end of the experiment as controls. To
evaluate the fungal growth, every 5 days three tuff tiles per strain from each of
the four glasses chambers were analyzed, and once the measurements were taken,
they were discarded. During the whole time of observation, the potential occurrence
of bacteria was microscopically checked by sampling at regular times the fungal
population growing on the tiles. No significant bacterial growth was observed
throughout the experiments. All the described procedures took place under a laminar

flow hood, and all the materials used were tindalized.

2.7. Evaluation of Fungal Growth

The fungal growth and thickness on the tuff tiles were determined after5, 10, 15 and
20 days of incubation. Tuff tiles were photographed andrecorded every 5 days with
a digital camera (Nikon D5100 50 mm objective). The lens of the camera was
always kept at the same distance from the samples inside a laminar flow hood, with
the lids ofthe Petri dishes off. The digitized images were analyzed using Trainable
Weka Segmentation [31,32], a plugin of open-source software of digital image
analysis, namely Fiji [33]. Colony growth on the tuff tiles was also determined by
measuring fungal thickness onthe same samples used for the quantification of
covered areas at each incubation period. To determine the thickness values, the
procedure was followed according to Bakke and Olsson [34], with a metallurgical
microscope (Leitz Wetzlar Ortholux Microscope) with an objective 6,5x. In this set
of experiments, each tile was virtually divided into three zones, ranging from the
middle to the external borders of the tile, as described by Del Mondo et al. [28];

these zones were central, median and distal. The results obtained by the triplicates
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for any given set of measurements for both the thickness and surface data were used
as means for each observation point and then plotted with their respective standard

CITors.

2.7. Statistical Analysis

Statistical analyses were carried out by two-way analysis of variance
(ANOVA), and means were compared by Dunnett’s test, using Prism software,
from three independent replicate values. Thevalue of p < 0.05 was considered

statistically significant, as notedby an asterisk accompanying means in figures.

3. Results and discussion
The fungal metabolites were selected to assay their antifungal activity among a
plethora of natural substances isolated and purified in our laboratory at the
Department of Chemical Science of University of Naples Federico II in Naples,
Italy. In the literaturedata, the most promising appeared to be the three fungal
metabolites cavoxin [21], cyclopaldic acid [22], and epi-epoformin [23] (1-3,

respectively, in Figure 1).
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Figure 1. Structures of cavoxin, cyclopaldic acid and epi-epoformin

(1-3).

The three metabolites were isolated and purified as phytotoxins from pathogens of
forest plants as Phoma cava, Seiridium cupressi and Diplodia quercivora, which
are the causal agent of chestnut (Castanea sativa) and cypress (Cupressus

semperirens L.) canker diseases [21— 23]. In particular, cavoxin showed antifungal
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activity against Aspergillus niger and Penicillium roqueforti, and thus was bio-
formulated in PBS for intelligent food packaging to protect bread bakery products
[35]. Cyclopaldic acid was active against Botrytis cinerea, Fusarium solani and
Geotrichum candidum in a structure activity relationships study [36]. Furthermore,
cyclopaldic acid and epi-epoformin showed antifungal activity against Puccinia
triticina and Uromyces pisi, two rusts pathogens for Pisum sativum and other
legumes [37]. The antifungal activity of cavoxin, cyclopaldic acid and epi-
epoformin was first tested against 4. niger, A. alternata and F. oxysporum by the
paper disk diffusion assay. Cavoxin and epi- epoformin inhibited A. niger and F.
oxysporum, while cyclopaldic acid did not show any activity on the three strains. In
particular, cavoxin and epi-epoformin inhibited the growth of A. niger and F.
oxysporum after 72 h at different concentrations, while no activity wasshown against
A. alternata. For this reason, the strain was discarded from in vitro analysis. The
sensitivity of 4. niger and F. oxysporum was concentration-dependent, and cavoxin
was shown to be more effective than epi-epoformin (Figure 2). Digital image
analysis complemented with metallurgical microscopy was employed for
evaluating the growth of fungal strains on tuff tiles and the potential biocide activity
of cavoxin and epi-epoformin. The condition selected for the experiments supported
a visible fungal growth within the timecourse of the experiments (20 days). The
development of A. niger and F. oxysporum growth on tuff tiles, coupled with the
respective metallurgical microscopy images, after 20 days both in presence and
absence of the tested compounds (cavoxin and epi-epoformin) are shown in Figure
3. In controls, F. oxysporum and A. niger formed compact mycelia that had partly
over grown the surface of tiles. A radial development of the fungal mycelia was
observed, and it was possible to establish a temporal sequence of tile colonisation,
with fungal hyphae progressively extending from the zone of the inoculum to the
median and distal regions of the tiles. At later stages of colonisation, F. oxysporum
and A. niger respectively occupied about 60% and 70% of the tile surfaces (Figures
4 and 5). A corresponding increase of thickness was also observed, but F.
oxisporum attained anaverage thickness of about 150 um in central and median

regions of the tiles, whereas A. niger achieved about 300 um in the central region
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Figure 2. Percentage of inhibition, normalized to the positive control (PCNB) (black
bar), of cavoxin (grey bar) and epi-epoformin (white bar), against A. niger (A) and

F. oxysporum (B). Data shown are means + SD of three independent experiments.

**** indicates p < 0.0001.
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>,

Figure 3. Development of fungal growth on tuff tiles at 20 days after

inoculation of 4. niger (A: control, C: with cavoxin, and E: with epi-epoformin)
and F. oxysporum (G: control, I: with cavoxin, and K: with epi-epoformin)
coupled with the respective metallurgical microscopy images (B, D, and F

for A. niger and H, J, and L for F. oxysporum); scale bar on tuff tiles i

s 2 mm, scale bar for metallurgical microscopy is 50 pm.
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The ability of Aspergillus sp. to rapidly produce large biomasses firmly adhering to
substratum has been reported, as has the ability to withstand different humidity and
temperature conditions [38,39]. Both fungi showed a very reduced thickness in
distal regions of the tiles, where the hyphal network presented numerous large voids
(not shown), as previously reported [28]. The treatment with cavoxin and epi-
epoformin was very effective against the growth of 4. niger and F. oxysporum on
tuff tiles, drastically reducing the colonisation of both fungi. In the treated tiles,
both surface coverage and thickness decreased in all the regions (central, medal,
distal) of the tiles. In the experiments with F. oxysporum, the maximum superficial
coverage observed corresponded to about 30% for tiles treated with epi- epoformin
and was reduced to 20% for those with cavoxin. Similar results were obtained with
A. niger, whose coverage did not exceed a20% of tile surface in the presence of
each compound. Laboratory- based stone colonisation experiments using different
fungal isolates as target organisms are well-established tests to assess the efficacy
of the control techniques implemented for the conservation of stone artworks
[40,41]. Different approaches have been attempted to eradicate the biofilms
growing on artworks, ranging from ultraviolet rays and laser cleaning to ice
cleaning systems and microwaves [42]. In addition, the application of protective
products and/or hydrophobicagents does not prevent stone colonisation by fungi,
and the combinedapplication of biocides is required [43]. In terms of the use of
biocides,by far the most frequently adopted strategy of control, synthetic chemicals
or mixtures derived from plant preparations (essential oils or water extracts) have
been frequently tested [44]. Both can beeffective but present some points of
weakness. They have a time- limited action on biofilms, depending on
environmental parameters such as humidity and temperature [45]. Moreover, it is
well known that the application of many biocides on stone surfaces may increase
stone tertiary bio-receptivity [46] due to their composition, which might be utilized
by microorganisms as nitrogen and carbon sources [47]. This is one of the reasons
why the use of traditional biocides to reduce the phenomenon of biodeterioration
of stone monuments is increasingly discouraged [44]. In this respect, the

investigation of fungal active metabolites opens a promising avenue of research.
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Due to the amazing number of chemically different substances produced by fungi,
it is possible to design biocides targeting specific microbial communities, using
combinations of antifungal natural products that selectively inhibit the growth of

individual fungal species within the biofilm.

4. Conclusions

This study represents a first step in the use of fungal metabolites to allow a better
preservation of artwork and to guarantee the conditions suitable for their
conservation. The results obtained with epi- epoformin and cavoxin confirm that
fungi are an untapped source of effective substances to halt or reduce
biodeterioration. However, a prerequisite of their application will be to assess their
possible detrimental effects on different lithic materials as well as environmental
compatibility, in order to develop an eco-friendly system of biofilm control that is

respectful of the uniqueness of each artwork.
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CHAPTER 6

A BIOLOGICAL AND QUANTITATIVE STUDY ON IN VITRO COLONISATION
OF NEAPOLITAN YELLOW TUFF BY BRACTEACOCCUS MINOR, FUSARIUM
OXYSPORUM AND NOSTOC COMMUNE
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Abstract

To integrate the understanding of biodeterioration on artistic-historical heritages
due to the vital activity of microorganisms, we performed in vitro experiments
inoculating Nostoc commune strain, Fusarium oxysporum strain and Bracteacoccus
minor strain collected from the UNESCO site of archaeological park of Pompeii
(Naples, Italy), on Neapolitan Yellow Tuff (NYT) tiles for 50 days in a low-carbon
environment. We documented microbial growth using photomicrography-based
image analyses, integrating our findings with landscape metrics to evaluate the
spatial arrangement and the ecological relationships between microorganisms
during growth. To our knowledge, this study represents the first attempt to
characterize the ecology of microbial biofilm growing on cultural heritage using
metrics, normally applied on landscape ecology referred to large geographical
areas. Our results confirm that in vitro accelerated tests, coupled with microscopical
observations, computer image analysis and landscape metrics, are useful tools to
evaluate and quantify the amount and the spatial arrangement of microorganisms

on a stone substratum, especially in the early steps of microbial colonisation.

Keywords: accelerated-test, biodeterioration, image analysis, CSLM, landscape

metrics
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Introduction

Microorganisms, may colonise and degrade building materials, including
cultural heritage and artworks made of stone [1]. Microorganisms, especially
fungi can penetrate the substratum, causing cracks and lesions to the artwork,
due to the extraordinary penetrating power of hyphae, while also discoloring
the surface and forming patinas over it, thus contributing to superficial
spoiling [2, 3]. Biological colonisation on stone surfaces is a complex
dynamic, depending on both substrates and environmental factors [4,5].
Usually, the influence of the latter is stronger, but when light, relative
humidity and temperature do not represent limiting factors, physicochemical
characteristics of substrates become crucial drivers of the assembly of
microbial communities [6]. Thus, colonisation can strongly depend onthe
organisms that establishes the first firm relationship with the substrate,
conditioning the subsequent steps of the biofilm consolidation [7]. The
ecological success of biofilms growing on lithic surfaces is the result of a
balance between theecological interactions of different microbial species [8]
which strongly influence the architecture of biofilms. Such structural
arrangements often explain important attributes of deteriogenic biofilms [9],
therefore their knowledge is essential for anypredictive model of biofilm
formation and for the design of strategies to remove biofilm infections. Here
we present an in vitro laboratory test coupled with metallurgical, confocal
microscopy and image analyses to study the initial steps of microbial
colonisation on stone and to better understand how spatial structure of these
communities influences the ecology and community diversity of biofilms
growing on lithic surfaces. We chose strains sampled in the House of Marco
Castricio (Pompei) due to their easy cultivability. In vitro experiments are
useful toassess microbial bioreceptivity and biodeteriogenic abilities of
different lithotypes[10, 11, 12], setting an artificial close system in which
several environmental parameters may be varied by the operator. Despite
their great useful, to our knowledge, there is no current report in literature

taking into account the penetration into substratum concerned with
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investigating the ecological interactions between 3 diverse microbial species
including autotrophic and heterotrophic species in a closed system in
which material and ambient condition are fully standardized. We followed
microbial growth for 50 days within glass Petri dishes containing Neapolitan
Yellow Tuff tiles with low sucrose supply as a unique carbon source and
saturated relative humidity. We monitored coverage dynamics of the
spreading colonies and described the spatial arrangement through
metallurgical microscopy and CLSM microscopy stack reconstruction. We
integrated these spatial measures with the use of landscape metrics, to
quantify the amount and the spatial arrangement of habitable patches. This
novel approach to the assessment of biodeteriogenic potential of
microorganisms allowed us to highlight some features of microbial
colonisation on stone, advancing our understanding of the dynamics of

physical spoiling of ancient building materials.

Materials and Methods

The experiment rationale was to monitor the growth and fine structure of
biofilm forming by Bracteacoccus minor , Fusarium oxysporum and Nostoc
commune strain on Yellow Neapolitan tuff, under controlled, non-limiting

conditions, every ten days for fifty days.
Petrographic analysis, roughness and porosity

In many archaeological sites, the employment of local stone for architectural
purposes is widespread: this is the case of Campania region (Italy), where the
use of volcanic products was encouraged by their abundance and workability.
Among these, the Neapolitan Yellow Tuff (NYT) typically presents itself as
an assemblage with prevailing epigenetic phases (phillipsite, chabazite and
analcime), feldspar, and minor amounts of mica, hydrated iron oxides and
volcanic glass [13]. For thesereasons, the selected stone for the in vitro
biodeterioration test was the NYT, known for its porosity and great water

absorption coefficient, both of which support the colonisation of
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microorganisms [14, 15]. We produced fifteen tiles from material extracted
from the Neapolitan Yellow Tuff (NYT) caves of Quarto (Napoli, Italy).We
performed all measurements in triplicate. We evaluated each tile’s roughness
parameters with an ALPA© RT-20 handheld rugosimeter, following
standard ISO (ISO 4287:1984) protocols. We measured roughness profile
from 1600 sample points for each tile to determine average roughness (Ra),
root mean square surface roughness (Rq), mean roughness depth (Rz),
maximum roughness (Rt), and averagedensity (Da). We acquired the data
using the Measurement Studio Lite software (ver. 1.0.3.96, Metrology
Systems, Turin,Italy,http://www.sminstruments.com/it/prodotti/rugosimetri/
software-measurement-tudio.html). Finally, we calculated water absorption

coefficient (WAC) (mean + SD) following [16].

Origin, culture and identification of the strains

All the experiments were performed using the strains: ACUF 169 (Bracteacoccus
minor); ACUF 812 (Nostoc commune); ACUF 014f (Fusarium oxysporum),
collected from the tuff walls at the House of Marco Castricio in Pompei
Archaeological Park, Naples, Italy [17, 18]. The identification of strains was
performed through a polyphasic approach that is an integrated approach of
identification based on morphological and molecular features of microorganisms
[19]. Further confirmation of the observations and the assessment of the species
was obtained through molecular analysis. DNA was extracted following Doyle and
Doyle DNA extraction protocol [20] and used for a Polymerase Chain Reaction
with  primers targeting ITS rDNA for fungus (primer Fw 5’-
TCCGTAGGTGAACCTGCGG-3%; primer Rv5'-
TTCAAAGATTCGATGATTCAC-3"), 16S rDNA for Cyanobacteria identification
(primer forward 5’-AGGATGCAAGCGTTATCCG-3" ; primer reverse 5'-
GGGGCATGCTGACTTGACG-3") and finally RbCL for microalgae (primer
forward 5° - TTYATGCGTTGGAGAGAYCG - 3’; primer reverse 5 -
GTGCATAGCWCGGTGAATRTG - 3’) as described by Del Mondo 2018 [21].
The amplification product was then evaluated by agarose gel electrophoresis and

purified with QIAquick® PCR Purification kit (Qiagen Inc, Valencia, CA, USA).
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Sequence reaction was obtained with the BigDye Terminator Cycle Sequencing
technology (Applied Biosystems, Foster City, CA), purified in automation using
the Agencourt CleanSEQ Dye terminator removal Kit (Agencourt Bioscience
Corporation, 500 Cummins Center, Suite 2450, Beverly MA 01915 - USA) and a
robotic station Biomek FX (Beckman Coulter, Fullerton, CA). Product was
analyzed on an Automated Capillary Electrophoresis Sequencer 3730 DNA
Analyzer (Applied Biosystems). The amplification primers were used as the
sequencing primers. The obtained sequence was loaded in BLAST version 2.0
(National Center for Biotechnology Information databases) and identified as
Bracteacoccus minor, Fusarium oxysporum and Nostoc commune with a similarity

score of 100%.

In vitro NYT colonisation of Bracteacoccus minor, Nostoc commune and
Fusarium oxysporum

An in vitro approach has been settled (Fig.1) in order to reproduce dispersal, growth
and ecological succession of microorganisms on lithic substrata. At this aim three
strains from ACUF collection, previously isolated from archeological sites, were
used to perform in vitro microcosm experiment: 1) ACUF 169 (Bracteacoccus
minor); 2) ACUF 812 (Nostoc commune); 3) ACUF 014f (Fusarium oxysporum).
All the in vitro tests were performed by inoculating the selected strain on NYT tiles
(3 x 3 cm) placed in triplets in five Petri dishes (100 x 15 mm), one for each time
point, and tyndallised the dishes. The tuff tiles were inoculated with a standardized
inoculum of the test fungi [22], algae and cyanobacteria [23]. The dishes were
incubated at 22+ 2 °C for 50 days maintaining at saturated relative humidity with
sterile filter paper disks soaked in sterile distilled water. The tiles were then watered
with 2 mL of a nutritive medium composed of BBM (Bold’s Basal Medium) [24]
plus the addition of sucrose 12g/LL as low carbon supply [25]. In the first
experimental condition the growth of single microorganisms was evaluated, in the
second experimental condition the growth of autotrophic and heterotrophic
microorganisms in pairs was evaluated, thus one-time cyanobacteria and fungus
strain were inoculated together in the middle of the tuff tile; in another set

conditions algae and fungus were inoculated together in the middle of the tuff tile.
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A petri dish missing of the inoculum was prepared in the same manner and kept for

50 days as a control.

10d 20d a0d &0d 50d

Fig. 1 - Experimental strategy

Five petri dishes containing NYT tiles in triplicates were inoculated on day 0 using
5000 F.oxysporum spores as control; five petri dishes containing NYT tiles in
triplicates were inoculatedon day 0 using 1 x 10* cells of N.commune as control; five
petri dishes containing NYT tiles in triplicates were inoculated on day 0 using 1 x
10* cells of B.minor as control. Five petri dishes containing NYT tiles in triplicates
were inoculated on day 0 using 5000 F.oxysporum spores together with 1 x 10* cells of
B.minor. Five petri dishes containing NYT tiles in triplicates were inoculated on day
0 using 5000 F.oxysporum spores together with 1 x 10* cells of N.commune. The
growth of microorganisms was followed for 50 days using photographical
documentation, while a destructivesampling of the tiles was made with a 10 days

interval to determine CLSM scan.

We obtained F. oxysporum conidia from a five-day old colonytreated for one
minute with PBS-Tween20 solution at the final concentration of 0.5% and
mechanically scraped with a sterile glass handle; the suspension was filtered

through sterile gauze and then diluted. We determined the number of conidia per
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milliliter through a direct microscopic count in a counting chamber (Burker blood-
counting chamber, HBG — German). Subsequently, we injected 5000 conidia
suspended in 0.9% of NaCl solution in the middle of each tile. A 20 pl aliquot of a
N. commune and 20 pl aliquot of a B. minor. liquid cultures in the exponential
growth phase (equivalent to 1 x 10* cells), was inoculated on the center of the NYT
and porphyry blocks, in a laminar flow hood, as previously described [23]. To
evaluate the biofilm growth and structure, the experiments were monitored for 50
days. Once the measurements were taken, the tuff tiles were discarded. Eachset of
measurements was performed for 50 days at an interval of 10 days in the following
way: (1) quantification of the microbial covered area on tiles by recording digital
images with a Nikon D5100 camera with 50 mm objective; (2) measurement of the
biofilm thickness on tiles with a metallurgical microscope with an objective6.5%
(3) observation of biofilm structure with CLSM. Calcofluor white staining for
fluorescence microscopy observation was used for fungus. Red autofluorescence was

detected for algae and cyanobacteria.

Metallurgical, CLSM observations and image analyses

The microbial growth, thickness and spatial arrangement on the tuff tiles were
determined after 10, 20, 30,40 and 50 days of incubation. Every 10 days, each tuff
tiles were photographed as the triplicate of each tile at different experimental
conditions with a digital camera (Nikon D5100 50 mm objective). The lens of the
camera was always kept at the same distance from the samples inside a laminar
flow hood, with the lids of the Petri dishes off. The digitized images were analyzed
using Trainable Weka Segmentation [26], a plugin of open-source software of
digital image analysis, namely Fiji [27] to evaluate the colonised areas in each
photograph. Microbial thickness on the tuff tiles was also determined with a
metallurgical microscope (Leitz Wetzlar Ortholux Microscope) equipped with an
Ultropak 6.5x objective, following the procedure described by Bakke and Olsson
[28]. Measurements were performed at ten points of each tile: the center (2 points),
middle (4 points) and periphery (4 points) of the tile. Finally, every 10 days, the
microbial fine structure on the substratum were also analysed in three points (center,

middle and periphery) with a Zeiss LSM 700 Confocal Laser Scanner Microscope
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(CLSM), acquiring z-stack images using a 10x objective (Fig.2).

Fig. 2 - Sampling points on NYT tile The observation points were classified as central (a),
middle (b) and periphery (c) region.

The fluorescence of hyphae was recorded with an excitation beam at 405-458 nm
and emission at 415-505 nm (blue channel) using calcofluor white 1% to stain the
hyphae. The red channel was used for autofluorescence pigment (chlorophyll a and
phycobilins) with excitation beams at 488-639 nm and emission at 590-800 nm
(red channel). To discriminate cyanobacteria an emission filter was set at 610-650
nm (red-cyanochannel); for green algae a second filter was used with an emission
of 675-700 nm(Red Channel). We formed stacks by using images captured at 13.46
um intervals. The methodology used for the observation, acquisition and analysis of
the microbial biofilms  agree with a  formerly  validated  protocol
[23]. The substratum area of the image stack was 512 x 512 pixels. On each sample,
threeZ-stacks were registered randomly. The number of images in each stack varies
according to the microbial mat’s thickness. The package Fiji was used to obtain 2D
maximum intensity projections (MIPs). The images were previously converted to
8-bit and then resampled by using the tool Threshold [29, 30]. The MIPs
constructed from the confocal Z-stacks were rasterized in standard cellsin which
landscape metricsquantifying the amount and the spatial arrangement of habitable
patches were applied. The results obtained by the triplicates for any given set of
measurements for both the surface, thickness and spatial arrangement data were

used as means for each observation point and then plotted with their respective
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standard errors.

Landscape temporal dynamics

Geographic areas represented by contiguous presence data (cells scored as ‘1”) and
entirely surrounded by absence cells (i.e., scored as ‘0’) represent a habitat patch.
To retrieve information about aggregation, shape and subdivision of patches, as
well as to evaluate their degree of fragmentation in each time bin, we calculated the
following six landscape metrics using the ‘landscape metrics’ R package: total patch
area, number of patches, mean patch area, mean Euclidean nearest-neighbour
distance, aggregation index and division index. The number of patches represents
a simple measure of the fragmentation extent, while the mean patch area gives
information about how the habitat patches of a particular landscape are growing or
merging over time [31-32]. Division index yields the probability that two randomly
selected cells are not located in the same patch. Mean Euclidean nearest-neighbour
distance accounts for the number of highly isolated patches, whereas aggregation
index evaluates the frequency with which patch pairs occur side by side in the
landscape [33].We selected these metrics as they can be successfully used to
compare fragmentation among different landscapes and, in our case, different time
bins [34-35].These metrics were calculated for each species in each 1 ka time bin
(limited to the temporal range of the species fossils), each replicated date and
binarization threshold, combining all the results in a single dataset. The outcomes
were used to describe the temporal dynamics of habitat patch configuration during
the last 200 ka by fitting linear mixed models (LMMs), where each of the landscape
metrics was used as the response variable and the time (in kilo years, from 200 to 2
ka), as the explanatory variable. Response variables were first transformed using a
logarithmic transformation to improve normality. In addition, since we were
interested in testing for different temporal dynamics of spatial patch configuration
for extinct and extant species, LMMs were fitted putting the ‘time’ explanatory
variable in interaction with the species status (i.e. extinct or extant). This setup
allowed LMMs to fit two different landscape metrics versus time relationships for
extinct and extant species. As we did not have an a priori expectation about the

shape of the relationship between landscape metrics and time, we accounted for
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possible non-linear patterns by fitting LMMs with linear, linear + quadratic and
linear + quadratic + cubic relationships. To avoid overly complex or overfitted
models, LMMs including quadratic and cubic terms were compared with linear
terms using AIC. To account for differences in metric values among the different
species, replicated datasets and binarization thresholds, we included such factors as
random effects in LMMs, allowing the models to vary their intercepts accordingly.
Models’ goodness of fit was assessed by calculating the conditional coefficient of
determination for LMM [36]. Furthermore, we evaluated the LMMs’ predictive
accuracy by calculating Pearson’s correlation coefficient between observed and
predicted values of the outcome under a fivefold cross-validation scheme. All the
statistical analyses were run by using the ‘lme4’, ‘MuMIn’ and ‘performance’ R
packages. To assess the relative contribution of the landscape metrics and
functional traits (body mass and diet, [37-38] in discriminating between extinct and
extant species, we ran a Random Forest classification model [39] using the ‘caret’
R package [40]. In this model, we used the status of each species (‘extinct’ versus
‘extant’) as the response variable, while the landscape metrics, body mass, diet,
time in kilo-years, replicated datasets and binarization thresholds were included as
explanatory variables. Before entering the RF model, the six landscape metrics
were checked for multicollinearity (Zuur et al. 2010), retaining aggregation index,
mean patch area, mean Euclidean nearest-neighbor distance, number of patches and
division index. We evaluated the RF model’s ability to correctly classify a species
as extinct or extant according to the abovementioned covariates by calculating the
AUC under a five-fold cross-validation scheme. In particular, we optimally tuned
RF settings by testing for different combinations ofthe number of variables
randomly selected at each node, depth of the classificationtrees created by the
algorithm and splitting rule parameters (Gini index and ExtraTrees algorithm). All
RF candidate models were run allowing a maximum of1000 trees. Once optimally
tuned, the RF model was used to quantify the relative importance of each covariate,
expressed as the mean decrease accuracy (i.e., how much accuracy the model loses
by excluding each variable in turn). We cumulatedthe mean decrease in accuracy
across variables in four macro-categories: landscapemetrics, diet, mass and other

effects (i.e., time in kiloyears, replicated datasets and binarization thresholds). In
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addition, we generated partial dependence plots according to Greenwell [41], to
depict the shape of the relationship between each explanatory variable and the
probability of a given species being classified as ‘extinct’ while holding the values

of other variables constant.
Data analysis

Comparative analysis was performed using the analysis of variance
(ANOVA) followed by the Bonferroni post hoc comparisons or the Tukey
test for multiple comparison test. A p-value less than 0.05 was considered as
statistically significant. All the data analysis and visualization were performed
using the R environment forstatistical computing [42], using the tidy verse

collection of packages [43], tidy graph [44] and graph [45].
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Results

Characterisation of NYT samples

The tiles of Neapolitan Yellow Tuff used in this study were analysed for
water absorption coefficient, porosity and roughness as described in
Materials and methods. Data regarding tuff characterisation are consistent
with the properties anddescription of this building material and measured

values for petrographic characterisation are shown in Table 1.

WAC Porosity Roughness
(g dm? min
- Densit Porosit  Average Totalpore Ra Rq Rz Rt
)
¥ ¥ pore area
(gem (%) diameter (m*/g)

9) (nm)

49.28- 1.461 56.63 2478 9.47 19.3 232 856 101.83

2 1 8

Table 1 — Petrographic features of Neapolitan yellow tuff (NYT).
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Colonisation dynamic of Bracteacoccus minor, Fusarium oxysporum and
Nostoc commune in the accelerated test on NYT

The overall spreading of Bracteacoccus minor (ACUF 169); Fusarium oxysporum
(ACUF 014f) and Nostoc commune (ACUF _812) on tuff tiles was documented
during all the experiment. Beside the monitoring of the whole colonisation grown
on NYT tiles, also microscopic variations of microbial colonisation on tuff tile were
observed, taking into account the thickness and spatial arrangement of the colony
on ten local spots for each tile, classified as center, middle and periphery (Figure
2). The results show a progressively extending from the zone of the inoculum to the
median and distal regions of the tiles in control experiments. At later stages of
colonisation, B.minor, F.oxysporum and N.commune respectively occupied about

88%, 58% and 40% of the tile surfaces (Figure 3).
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Figure 3. Percentage of surface occupied by F. oxysporum (A), N.commune (B),
and B.minor (C)of the tuff tile.Data shown are means + SD of three independent

experiments.* indicates p < 0.05,** indicates p < 0.005, and **** indicates p <.0001
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A corresponding increase of thickness (Figure 4) was also observed, but F.
oxisporum attained an average thickness of about 150 pum in central and median
regions of the tiles, whereas N.commune achieved about 300 um in the central
region and 200 um in the medial one. Furthermore, there was a 96% decrease in the
colonised area for B.minor wheninteracting with the F.oxysporum. Also a 91%
decrease in the thickness reached by B.minor when interacting with F.oxysporum.
While, 53% decrease in the thickness reached by F.oxysporum when interacting
with N.commune was observed. Image analysis performed on the whole colony
developing on tuff tiles showed a continuous growth for single microorganisms,
with a particular capacity to form local aggregation on stone for B.minor and

N.commune.
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Figure 4. Thickness of B.minor F.oxysporum and N.commune in control experiments
(A), F.oxysporum and B.minor in interaction experiments (B), and F.oxysporum and
N.commune in interaction experiments (C) of the tuff tile. Data shown are means +
SD of three independent experiments. * indicates p < 0.05, ** indicates p <

0.005,**** indicates p < 0.0001
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In order to determine the ecological relationship of microorganisms over
time, landscape metrics were applied on MIPs recorded from Z-stack of tuff
tiles at each control time. The resultsshows no similarity in the spatial
arrangement for fungus F.oxysporum and algae B.minor when in control
experiments and in interaction experiments, while highlight similarity was
observed in the structural arrangement of cyanobacteria N.commune in
control experiments and in interaction with fungus F.oxysporum. Referred to
N.commune, in both cases the number of patches, total patch area, meanpatch
distance, contiguity index and aggregation index increasing and/or decreasing
in the same way. The last phase of the measured dynamics (between thirtieth
and fiftieth days) shows a decreasing of number of patches, total patch area
and contiguity index, displaying the ability of N.commune to grow in few and
few aggregate structures. Collaterally, at the same time for a halting phase
for cyanobacteria, F.oxysporum increasing the surface of colonized area and
its aggregation index while number of patches, mean patch distance and

contiguity index tends to slightly decrease (Figure 5).
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Figure 5. The relationship between léndscape metrics (logged values) and time fitted

by LMMs,plotted for interaction fungus + cyanobacteria.

The similarity between B.minor breaks in the control experiment and experiment

in interaction with F.oxysporum: the latter’s colonisation starts to increase, while
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the colonisation ability of B.minor drastically decline. F.oxysporum, together with

B.minor, continues to increase number of patches, totalpatch area, contiguity index

and aggregation index on the tuff tile, while mean patch distance remain on steady

state. While, all the metrics referred to B.minor together with F.oxysporum,

continue to decrease, albeit number of patches slightly increase(Figure 6).
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Figure 6. The relationship between landscape metrics (logged values) and time

fitted by LMMs,plotted for interaction fungus + algae.

Taken together these findings suggest that penetration and development of
hyphal fungal network during the colonisation progresses inside the pores
and the cracks into the substratum with a non-equal rate over the time in
different experimental conditions but shows a trend that is patchy but

directionally spread from the inoculum area to the periphery.

Discussion

In the present study a biological and quantitative survey on in vitro
colonisation of NYT by Bracteacoccus minor, Fusarium oxysporum and
Nostoc commune was performed, thereby confirming the use of closed
system experiments for the understanding the early establishment of
microbial biofilm on stone. In close system experiments there is no external

perturbation, although in open systems fluctuating conditions and
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atmospheric weather can leave serious marks on the development of subaerial
biofilm mats. In natural environment fungal colonisation on stone surfaces
may occur earlier than phototrophs. This can be possible due to atmospheric
deposition of organic compounds that have a nutritive potential to pioneer
microorganisms, especially for filamentous fungi as F.oxysporum, which can
also take advantage of favorable porous substrates and bloom in a few days
if small nutrients are provided. In particular, the network of fungal hyphae
already established on stone seems to be able to host other microorganisms,
influencing the growth and spatial arrangement of photosynthetic populations
[42]. Thus, in our experimental conditions, we reproduce biodeterioration
phenomena in a low-carbon environment (0.88 mg cm™). In this conditions,
the development of microbial communities on the NYT has been shown to be
adequate for the substrate topography and filling of depressions, fissures and
intergranular spaces, especially for filamentous fungus F.oxysporum. The
latter’s which seems to take advantage of small nutrients provided in NYT
porous substratum, influencing the subsequent development of the
phototrophic community. A combination of metallurgical and CLSM
microscopy techniques has been successfully applied to assess the early steps
of microbial colonisation on stone substratum, especially to evaluate thickness
and structural texture of the subaerial biofilm. On the other hand, surface
overlay of monospecific algal, cyanobacterial and fungal colony and the
surface overlay of fungal and cyanobacterial or fungal and algal couple were
measured with computerimage analysis, allowing also to analyze spatial
arrangement and ecological interaction between microorganisms, using
landscape metrics. To our knowledge this study represents the first attempt
to characterize the ecology of microbial biofilm growing on cultural
heritage monuments using landscape ecology metrics.The understanding of
microbial early colonisation dynamics, especially for fungi, on stone surfaces
may also be considered as a useful system to study biodeterioration both for
their damaging power and for the ability to favor the establishment of
heterologous communities over the time. Image segmentation analysis

provided a useful tool for an easy and fast determination of microbial overlay
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on stone surface, and the correlation with other biomass indicators may
hopefully lead to the use of image analysis also for an in field application

devoted to the monitoring of natural microbial mats.
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CHAPTER 7

AN ECOTOXICOLOGICAL EVALUATION OF FOUR FUNGALMETABOLITES
WITH POTENTIAL

ANTIFOULING PROPERTIES FOR STONE-BUILT CULTURALHERITAGE
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Abstract

Biocides based on chemical toxic compounds have been commonly used to mitigate
damages caused by microbial fouling on stone cultural heritage. However, in the
last few years, the use of commercial and traditional biocides has been banned
and/or limited due to their dangerous profile for environment and human health.
The current state of the art highlights an urgent need to develop proper mitigation
strategy for microbiologically contaminated historic materials based on eco-
friendly solutions. Natural products could be a suitable alternative having low
toxicity and stability if compared to synthesized compounds. In this manuscript, the
ecotoxicological profile of four selected fungal metabolites, namely cavoxin, epi-
epoformin, seiridin and sphaeropsidone was evaluated. A battery of
ecotoxicological tests using bacteria (Aliivibrio fischeri), crustacean (Daphnia
magna), algae (Raphidocelis subcapitata), and nematode (Caenorhabditis elegans)
revealed a lower toxicity of this compounds, especially when compared with
Preventol® and Rocima® (commercial biocides). Most of these solutions
developed in laboratory settings appear very promising, although their efficiency
and ecotoxicological features remain to be further tested before being widely
marketed.

Keywords: cultural heritage — biodeterioration — natural compounds — antifouling —

biofilm — cavoxin — epi-epoformin — sphaeropsidone — seiridin
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Introduction

The growth of lithobionts on cultural heritage stone surfaces has long been associated
with biodeterioration, defined as “any undesirable change in the properties of a material
caused by the vital activities of organisms” [1], and recognized as a threat to conservation
[2]. It has been demonstrated that such damages and alterations on rock surfaces highly
depend on colonizing organisms, including vascular plants [3], bryophytes [4],
lichenized and non-lichenized fungi [5], microalgae, photo and chemolithotrophic
bacteria which growth are variably favored by environmental conditions [6-7]. The bio-
deteriorative ability of lithobionts is related to 1) mechanical damage such as breakage
and loss of cohesion of the substrate; 2) chemical alteration due to ability of
microorganisms, especially fungi, to excrete organic acids; 3) aesthetic damages through
the formation of patinas and crusts [8]. To guarantee the preservation and transmission
to future generations of stone cultural heritage, controlling bio-deterioration is duties of
utmost importance shared and signed at global level [9]. It has been demonstrated that
biological growth can also have a bio-protective role on stone cultural heritage [10]. As
such, approaches in restoration activity to intervene or not should be acquired on a case
by case basis [11].

In restoration activities, two main strategies are used to remove and / or control
microbial growth on cultural heritage assets, i.e., indirect and direct methods, often
coupled. The indirect approach is based on the control of micro-environmental parameters
unfavorable to biological growth [8]. Any cultural heritage site represents different
ecological microinches [12], hosting different litobiontic communities that interact with
the substrate influencing its conservation in different ways [13]. The knowledge and
monitoring of environmental parameters, especially for deteriogenic species, can help to
recognize and reach the best conservation solutions [14-15]. However, the use of indirect
methods is not always possible in crypts, hypogea and outdoor monuments, where
parameters such as humidity, temperature and nutrients are not easy to control [16-17-
18]. Direct intervention to clean up cultural heritage includes physical, chemical, and
mechanical strategies. Among these, chemicals such as biocides have been widely used
to kill unwanted organisms on cultural heritage and remain the most widely used

practical solution [19]. Unfortunately, several biocides commonly used for this purpose

138



have proved to be a potential danger to human health and the environment, due to their
acute toxicity, their suspected teratogenic activity, and their environmental risk. Recent
studies have also highlighted a potential risk of interference with stone materials and an
increase in the bio-receptivity of the substrate when using biocides. In addition, some
obsolete biocides led to corrosion of the minerals, causing rust or black spots. Currently,
extensive research is ongoing and long overdue, aiming to find alternative and eco-
friendly substances or methods to reduce biodeterioration phenomena. In the restoration
field, "natural compounds", that is compounds that are not molecules synthesized by
industrial processes but directly produced by organisms, appear to be very promising
tools for addressing biodeterioration problems. The use of natural bioactive compounds
is hypothesized to be less toxic than purely synthetic alternatives. The scientific literature
on natural biocides that can be used against the biodeterioration of the stone cultural
heritage is extensive [20]. More than sixty natural substances, mainly essential oils and
substances of plant and lichen origin have been tested for this type of application.
However, in most cases, adequate information is still lacking for many substances, such
as specific efficacy on biodeteriogens at low doses, performance over time, absence of
interference with materials and other potential hazards. Recently, three metabolites
produced by fungi pathogenic for forest plants, were evaluated as potential antifungal
compounds against Aspergillus niger, Alternaria alternata and Fusarium oxysporum,
isolated as damaging agents from the external tuff wall of the Roman remains “Villa of
Poppea” in Oplontis, Naples, Italy. Among them cavoxin and epi-epoformin showed
antifungal activity against 4. niger and F. oxysporum on infected stones of the
Neapolitan yellow tuff (NYT), a volcanic lithotype widely diffused in the archeological
sites of Campania, Italy [21]. However, their environmental compatibility is one of the
most important prerequisites for their application as well as their possible detrimental
effects on different lithic materials. For this purpose, five living organisms, the bacterium
Aliivibrio fischeri, the alga Raphidocelis subcapitata, the crustacean Daphnia magna
and the nematode Caenorhabditis elegans were used as bioindicators for ecotoxicology
evaluation of these compounds. Furthermore, other two promising fungal natural
products, namely sphaeropsidone and seiridin, that already showed antifungal properties

and other interesting activities (Table 1) were also evaluated.
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Table 1. Classes, Sources, and Biological Activities of Fungal Metabolites (1-4)Used in this Study.

Compound Class of Fungal Source | Biological activity Literature n.
Natural
Compound
Cavoxin (1, Figure | Aromatic Phoma cava Antifungal Schrader et
1) acid al., 2010
Santagata et
al. 2017
Barilli et al.,
2019

Masi et al.
2021

Antirust Barilli et al.
2016

Phytotoxic Evidente et
al., 1985

epi-Epoformin (2, | Cyclohexen | Diplodia Phytotoxic, antifungal Andolfi et al.,
Figure 1) epoxide quercivora and zootoxic 2014

Antifungal Masi et al.
2021

Antirust Barilli et al.
2016
Barilli et al.
2017

Phytotoxic Calaetal.,
2018

Sphaeropsidone (4, | Cyclohexen | Diplodia Antifungal Evidente et
Figure 1) epoxide cupressi al., 2011

Phytotoxic Evidente et
al., 1998
Evidente et
al., 2011

Induction of haustorium | Fernandez-
formation in parasitic Aparicio et
plant al., 2016
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Seiridin (3, Figure | Furanone Seiridium Antifungal
cupressi
Bactriostatic
Antifeedant
Phytotoxic

Sparapano et
al., 1986
Sparapano
and Evidente
1995b

Aznar-
Fernandez et
al. 2019

Evidente et
al., 1986

Materials and methods

Instruments and chemicals

Column chromatography (CC) was performed using silica gel (Merck,
Kieselgel 60, 0.063—0.200 mm). Analytical and preparative TLC were
performed on silica gel plates (Merck, Kieselgel 60, F254, 0.25 and 0.5 mm
respectively); the spots were visualized by exposure to UV light (254 nm)
and/or iodine vapors and/or by spraying first with 10% H2SO4 in MeOH, and
then with 5% phosphomolybdic acidin EtOH, followed by heating at 110 °C
for 10 min. 'H NMR spectra were recordedat 500 MHz, in CDCI3 or CD30D
on a Varian spectrometer and the same solvents were used as internal
standards. ESI mass spectra were performed using the LC/MSTOF system
AGILENT 6230B, HPLC 1260 Infinity. A JASCO P-1010 digital
polarimeter was used to measure the optical rotations. The HPLC system
(HITACHI) consisted of a pump (5160) and a spectrophotometric detector
(5410).The HPLC separations were performed using a Merck (Darmstadt,
Germany) C18 reversed-phase column Lichrocart (250 x 4.6 mm i.d.; 5 pm).
Sigma-Aldrich Co. supplied all the reagents and the solvents.
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Isolation of selected compounds

Cavoxin, epi-epoformin, sphaeropsidone and seiridin (1-4, Figure 1) were
purified,as previously described, from the culture filtrates of Phoma cava
[22], Diplodia quercivora [23], Seiridium cardinale [24], and Diplodia
cupressi [25], respectively. The purity of the compound was >98% as

ascertained by 'H NMR and HPLC analyses.

o 0
OH
"'u,,/
HO \\\\\O
OH ’
(6] OH (6]
. 2, ani-Epotormin
1, Cavoxin
OH
(0]
/
(0]
4. Seiridin o
o]
3, Fphacmpsidonn

Figure 1. Chemical structures of compounds 1-4.

Isolation and Purification of Cavoxin

The fungus Phoma cava was cultured in flasks containing 300 ml of a semisynthetic
liquid medium incubated at 25° and 200 rpm for 5 days. The cultures were filtered,
and the filtrate was lyophilized. Lyophilized solid residue corresponding to 9 liters
of culture filtrate was dissolved in distilled H»0 (1 liter) and extracted with CHC13
(4 X 500 ml). After the extraction, the aqueous phase had no phytotoxic activity.
The organic extracts were combined, dried (Na2S04), filtered, and then evaporated
under reduced pressure. The residue (1.762 g), which had a good phytotoxic
activity, was chromatographed on Sephadex LH-20 column. The former compound

eluted with CHCI3-iPrOH (9:1) was cavoxone, while the successive toxic eluate
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contained cavoxin. After removal of the solvent under reduced pressure, both
compounds were obtained as a homogeneous oil. Cavoxin crystallized as pale-

yellow needles (979 mg, 108 mg/liter) from EtOAc-petroleum ether (40-70°).

Isolation and Purification of epi-epoformin

The fungus Diplodia quercivora was cultured in flasks containing 300 ml of a
semisynthetic liquid medium incubated at 25° and 200 rpm for 5 days. The culture
filtrates (6.7 L) were acidified to pH 4 with 2 M HCI and extracted exhaustively
with EtOAc. The organic extracts were combined, dried with Na>SOs, and
evaporated under reduced pressure to give a brown oil residue (1.14 g). This latter
was fractionated through chromatography column on silica gel, eluted with
CHCI3:1-PrOH (95:5). Eight homogeneous fraction groups were collected. The
residue of the fourth fraction (474.6 mg) was purified by CC on reverse phase eluted
with Me>CO:H>O (7:3), yielding 1 (276.1 mg) as a white solid. The spectroscopic
data of 1 are as follows: HRMS, m/z (M+) caled for C7HoO3 141.0552, found
141.0601 [M + H]+ ; IRvmax 3357 (O-H), 1674 (C=0) cm—1, [a] 20 D = +139.3¢
(c = 0.08). IH-NMR (400 MHz, CDCI3, 3, ppm): 6.46 (brs, 1H, H-3), 4.67 (brs,
1H, H-4), 3.78 (m, 1H, H-5), 3.53 (m, 1H, H-6), 1.86 (s, 3H, H-7).

Isolation and Purification of Seiridin

Culture filtrates (10 liters) of Seiridium cardinale were adjusted at pH 4 with 0. IN
HCI and extracted with r-BuOMe (4X2.5 liters). The combined extracts were dried
(Na2S04) and evaporated under reduced pressure to afford a brown oily residue
(2.0 g). This was fractionated by column chromatography on Si0> using CHCI3-
iPrOH (9:1) as eluent. After inspection by tic, homogeneous fractions were pooled
and assayed for their phytotoxicity. Three groups of fractions displayed activity,
the most potent containing two products with Rf value of 0.51 and 0.56 on tic run
with petroleum ether-Me,CO (6:4). Separation of the products was achieved by
chromatography of the mixture (736 mg) on a Si02 column run with the same
solvent system; the products were finally purified by preparative tic with the same

solvent system to afford seiridin (495 mg, 49.5 mg/liter) as pure compound.
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Isolation and Purification of Sphaeropsidones

The fungus Diplodia cupressi was grown in 2 L Erlenmeyer flasks containing 400
mL of modified Czapek medium supplemented with 2% corn meal (pH 5.7). Each
flask was seeded with 5 mL of a mycelia suspension and then incubated at 25°C for
4 weeks in darkness. The culture filtrates (15 L) were acidified and extracted with
EtOAc. The organic extract, obtained as a brown-red oil (9.2 g), having a high
phytotoxic activity, was chromatographed on a silica gel column eluted with
CHCI3-i-PrOH (19:1), affording nine groups of homogeneous fractions. The
residues (3.6 g) of fractions 4-7 were combined and further purified by a silica gel
column, eluted with CHCI3-i-PrOH (9:1), yielding six groups of homogeneous
fractions. The residue of fraction 3 was crystallized from EtOAc-n-hexane (1:5),
yielding sphaeropsidone (1, Rf 0.40, 2.3 g, 153.3 mg/L) as white needles. The
mother liquors were further purified by silica gel CC, eluted with petroleum ether-
acetone (7:3), affording episphaeropsidone (2, Rf 0.53, 725 mg, 48.3 mg/L) as a
homogeneous oil. The residue (775.5 mg) of fraction 8 from the first column
containing two more polar metabolites (Rf 0.21 and 0.14) was purified by silica gel
CC, eluted with CHCIs-i-PrOH (9:1), to afford five groups of homogeneous
fractions. The residues (150 and 102.4 mg) of fractions 3 and 4 were independently
purified by two further steps of preparative TLC on silica gel, using CHCl3-i-PrOH
(9:1) and petroleum ether-acetone (7:3), to give chlorosphaeropsidone and
epichlorosphaeropsidone (chlorosphaeropsidone, and its 6-epimer, 80 and 57 mg,

5.3 and 3.8 mg/L, respectively) as homogeneous oils.

Stability studies on the selected compounds

Qualitative analysis

10 mg of pure cavoxin, epi-epoformin, sphaeropsidone and seiridin (1-4, Figure 1)
were separately added to 100 mL of the corresponding culture medium BBM. After
72 h (corresponding to the longest time used for the algal inhibition test) the
metabolites were extracted from 50 mL of the culture media with EtOAc (3 x 50
mL) obtaining 4.90, 4.89, 4.80 and 4.95 mg for 1-4, respectively. The four extracts
were analyzed by TLC eluted with CHCI3-isoPrOH 95:5 (v/v) in comparison with

standard samples of compounds 1-4. 50 mL of culture media, without any
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compound added, were extracted in the same conditions obtaining 0.19 mg of

organic extract.

Quantitative analysis

The HPLC analysis was carried out on the same solution of BBM containing
compounds 1-4 after 72 h. The mobile phase used to elute the samples in isocratic
mode was MeCN-H20 70/30 (v/v) at a flow rate of 0.5 mL/min. Detection was
performed at 286, 237, 257, and 215 nm, corresponding to the maximum UV
absorption of cavoxin (1) [22], epi-epoformin (2) [26], sphaeropsidone (3) [27],
and seiridin (4) [24], respectively. BBM medium without the compounds was
analysed in the same conditions. Samples were injected using a 10-uL loop and
monitored for 25 min. The same conditions were used to obtain the calibrations
curves for compounds 1-4 which were accurately weighed (+£0.0001 mg) and
separately dissolved in MeCNin the range between 1 and 0.0001 pg/mL. Each
analysis was performed intriplicate. The limit of detection (LOD) was extrapolated
from the calibration graphics according to the guidelines provided by IUPAC while
the validation of theHPLC method (in terms of limit of quantitation (LOQ), intra-
and inter-assay precision, and accuracy) was achieved following the rules reported
in the “Guidance for Industry-Bioanalytical Method Validation™ of the Food and
Drug Administration (FDA, USA), as previously reported [28].

Ecotoxicity analysis

The algal growth inhibition test (72 h) with R. subcapitata, was carried according
to ISO[29]. The algal density was determined by spectrophotometric analysis
(DR5000, Hach Lange GbH, Weinheim, Germany) at 670 nm. The percentage
growth inhibition (GI, %) was calculated as the difference between the growth rate
of the control group and of the sample and expressed as the mean (£SD ). Toxicity
tests were carried out in triplicate. The bioluminescence inhibition test (30 min)
was detected with the 4. fischeri (NRRLB-11177) supplied by MicroBioTest,
Gent, Belgium, and according to ISO [30]. The bioluminescence was determined

by luminometer Microtox (Model 500 analyzer, New Castle, DE, USA) at 490 nm.
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To provide the required osmotic pressure for the bacterium,the test was conducted
using a saline water solution (2% sodium chloride, NaCl). Toxicity tests were
performed in triplicate with a control, and the percentage luminescence inhibition
(LI, %) was expressed as the ratio of the decrease in bacterial light production to
the remaining light.

The immobility test (24 h) with D. magna was conducted according to ISO [31].
D.magna were selected from laboratory stock cultures at Hygiene Laboratory of
the Department of Biology of the University of Naples Federico II in ISO medium
and daily fed with microalgae R. subcapitata. Groups of 5 neonates (third brood,
<24 h old) in 10 ml ISO medium were exposed to each compound (n =4 test groups
per concentration) [29]. After exposure, any immobility and abnormal appearance
was recorded at stereomicroscope (LEICA EZ4-HD).

Mortality tests (24 h) with C. elegans (wild-type strain N2 variant Bristol), were
performed using an age-synchronous L4-larval nematodes. Ten organisms were
placed into 24-well tissue culture plates containing 0.5 mL of each sample. All
treatments weredone in triplicate and without feeding. After exposure, the number

of dead worms was determined by stereomicroscope (LEICA EZ4-HD).

Results and Discussion

The stability of compounds 1-4 in BBM culture medium after 72 h (corresponding
to thelongest time used for the algal inhibition test) was evaluated by qualitative
and quantitative analyses following the procedures described in Materials and
Methods section. For the qualitative analysis the solutions of BBM containing the
four metaboliteswere extracted three times with EtOAc and the corresponding
organic extracts were analyzed by TLC in comparison with standard samples of
compounds 1-4. Among the metabolites only cavoxin (1) was not detected in the
corresponding organic extract whose chromatographic profile showed the
presence of other compounds (probably degradation products).

To confirm the stability of the other compounds (2-4), and the result obtained with
cavoxin, a quantitative analysis was carried out by HPLC. Standard samples of
compounds 1-4, isolated from the corresponding natural sources, were used to

obtain HPLC calibration curves (Table 2) for their quantitative determination in
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BBM solutionsafter 72 h, as described in Materials and Methods section. The
retention times were highly reproducible, varying less than 0.500 min. Linear
regression curves (absolute amount against chromatographic peak area) for 1-4
were obtained based on weighted values calculated for 7 concentrations of the
standards. The quantitative determination of the metabolites was calculated by
interpolating the mean area of the chromatographic peak using the equation from
the calibration curve. The chromatographic profiles of standard samples of
compounds 1-4 and those of the solutions obtained adding to BBMthe same
compounds after 72 h are reported in Figure 2.

The peak of cavoxin was absent in the corresponding chromatographic profile
(Figure 2E) confirming the result obtained with the qualitative analysis. Instead,
the peaks of compounds 2-4 in the chromatograms (Figure 2F-2H) were almost
coincident to retention times of the standards (Figure 2B-2D) and the % of
compounds present in theculture medium after 72 h is reported in Table 2.
Furthermore, when BBM medium without the compounds was analysed in the
same conditions, no significative peaks were observed in correspondence of the
retention times of compounds 1-4. The results showed that compounds 2-4 were
still present in high concentrations (> 90 %) in BBM solutionat 72 h confirming
their stability in these conditions.

In Figure 3, the results about the GI (%) of R. subcapitata were reported for
Cavoxin (Figure 3 A), epi-epoformin (Figure 3 B), Seiridin (Figure 3 C), and
Sphaeropsidone (Figure 3 D). The EC50, EC10, and ECS5 values were summarized
in Table 3. No significative effects were detected at the first lowest exposure
concentrations for Cavoxin, epi-epoformin and Sphaeropsidone, and also the other
concentrations for Seiridin. Results with R. subcapitata showed that the relative
toxicity order was epi- epoformin > Sphaeropsidone> Cavoxin> Seiridin. For
cavoxin, biostimulation effects were detected at the first lowest exposure
concentration. Algae growth impairment occurred for epi-epoformin and
sphaeropsidone between 3.125 and 25 mg/LL (nominal concentrations), and for
cavoxin between 25 and 50 mg/L. For R. subcapitata exposed to cavoxin, all

concentrations evidenced a concentration-response and the effects ranged
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Table 2. Analytical characteristics of the calibration curves® and
quantification of compounds 1-4 culture medium (BBM) after 72

h.
Compound Rt (min) R? Detection limit ~ Compound % of
(ng) detected (ug)in  compound
10 uL present in the
culture medium
after 72 h
Cavoxin (1) 4.790 0.9998 0.0001 n.d.b 0
epi-Epoformin (2) 1.830 0.9997 0.0001 0.00095 + 95
0.0001
Sphaeropsidone (3) 3.200 0.9998 0.0001 0.00092 + 92
0.0002
Seiridin (4) 4.080 0.9996 0.0003 0.00090 + 90
0.0003

2 Calculated in the form y = a + bx, where y is the chromatographic peak area and
x is the pg of compound witha number of data points = 21; ® n.d. = not detected.
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Figure 2. Chromatographic profiles of: A, standard sample of cavoxin (1), 1 mg/mL at 286
nm; B, standard sample of epi-epoformin (2), 1 mg/mL at 237 nm; C, standard sample of
sphaeropsidone (3), 1 mg/mL at257 nm; D, standard sample of seiridin (4), 1 mg/mL at
215 nm; E, culture medium (BBM) 72 h after theaddition of cavoxin (1), 0.1 mg/mL at
286 nm; F, culture medium (BBM) 72 h after the addition of epi-epoformin (2), 0.1
mg/mL at 237 nm; G, culture medium (BBM) 72 h after the addition of sphaeropsidone

(3), 0.1 mg/mL at 257 nm; H, culture medium (BBM) 72 h after the addition of seiridin

(4), 0.1 mg/mL at215 nm.
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between —8% (12.5 mg/L) and 84% (50 mg/L). Indeed, the EC50 of cavoxin was
35.98(22.77- 56.67) mg/L (Table 3). For epi-epoformin, a significant difference
in the concentration-response curves can be observed in Figure 3 (B). The
maximum detectedeffect was 94% at 12.5 mg/L. epi-epoformin EC50 was 35.98
(22.77- 56.67) mg/L. For Seiridin, effects ranged between 6% (12.5 mg/L) and
21% (100 mg/L) (Figure 3 C) and for these low effects the EC50 after 72 h of
exposure was not determined in exposure scenarios. About R. subcapitata
exposure to sphaeropsidone, the effects varied between 21% (at 3.125 mg/L) and
90% (at 50 mg/L) (Figure 3D). The EC50 values of sphaeropsidone was 12.78
(8.95-18.64) mg/L (Table 3). In Figure 4, the results about the LI (%) of 4. fischeri
were reported for Cavoxin (Figure 4 A), epi-epoformin (Figure 4 B), Seiridin
(Figure 4 C), and Sphaeropsidone (Figure 4 D). As a general overview of the
obtained results, the LI always evidenced inhibitory effects at the two highest

tested concentrations for all the investigated compounds.

Figure 3. Concentration-response relationship of Cavoxin (A), epi-Epoformin
(B), Seiridin (C) and Sphaeropsidone (D) exposed to R. subcapitata,

concentrations in the x-axis are expressed as mg/L: GI = growth inhibition.

Considering the exposure of 4. fischeri to Cavoxin (Figure 4 A), from 12.5 mg/L
to 100 mg/L concentrations the luminescence was reduced upper 67%. At the two
lowest concentrations the inhibitory effects were considered not harmful (< 40%

effect). The EC50 values of Cavoxin was 8.57 (5.24-14.42) mg/L (Table 3).
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Figure 4. Concentration-response relationship of Cavoxin (A), epi-epoformin
(B), Seiridin (C) and Sphaeropsidone (D) exposed to A. fischeri; concentrations

in the x-axis are expressed as mg/L: LI = luminescence inhibition.

The luminescence of A. fischeri after epi-epoformin exposure significantly (p <
0.05) decreased from 6.25 mg/L, up to 100 mg/L (Figure 4 B). Effects of epi-
epoformin werenot significantly different from the control at 3.12 mg/L. The
EC50 values of epi-epoformin was 5.12 (2.50-11.58) mg/L (Table 3). About the
exposure of Seiridin, A. fischeri was the only one that showed sensitivity toward
this compound. The luminescence was reduced up to 75% in the considered
concentration range (Figure 4 C)and the EC50 value calculated was of 30.96
(16.02-59.84) mg/L. The Sphaeropsidone the highest concentrations (100 mg/L
and 50 mg/L) showed slight adverse effects ranging between 46% and 55%, while
the two lowest treatments presented no effect (Figure 4 D). The EC50 value
estimated for Sphaeropsidone was 68.14 (54.43-85.29) mg/L.

In Figure 5, the results of the 1 (%) of D. magna were reported for Cavoxin (Figure
5 A),epi-epoformin (Figure 5 B), Seiridin (Figure 5 C), and Sphaeropsidone
(Figure 5 D). A linear regression model was considered to fit data concentration-
response relationships and the equations allowed the determination of EC50,

EC20, EC10, and EC5 that were
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Figure 5. Concentration-response relationship of Cavoxin (A), epi-epoformin
(B), Seiridin (C) and Sphaeropsidone (D) exposed to D. magna; concentrations

in the x-axis are expressed as mg/L: I = immobility.
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Figure 6. Concentration-response relationship of Cavoxin (A), epi-Epoformin
(B), Seiridin (C) and Sphaeropsidone (D) exposed to C. elegans; concentrations

in the x-axis are expressed as mg/L: M = mortality.

summarized in Table 3. No significative effects were detected at the first lowest
exposure concentrations for Cavoxin, epi-epoformin and Sphaeropsidone, and also
the other concentrations for Seiridin. Results with D. magna showed that the
relative toxicity orderwas Cavoxin>epi-epoformin > Sphaeropsidone> Seiridin.
For daphnids exposed to Cavoxin, all exposure concentrations evidenced a
concentration-response significant toxic effect up to 40% at 12.5 mg/L. Indeed, the
EC50 of cavoxin was estimated as 1.91 mg/L. The exposure to epi-epoformin
showed effects ranged between 6.7% (1.25 mg/L)and 100% (12.5 mg/L). About
D. magna exposure to Sphaeropsidone, the effects varied between 6.7% and 100%.
The EC50 values of epi- epoformin and sphaeropsidone, measured with the same
organisms, are of 5.36 and 15.07 mg/L. For Seiridin, no significant differences (p

< 0.001) between concentration were highlighted. The ECS5, EC10, EC20 and
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EC50 values in the investigated concentration range cannot be detected.In Figure 6,
the results about the M (%) of C. elegans were reported for Cavoxin (Figure6 A),
epi-epoformin (Figure 6 B), Seiridin (Figure 6 C), and Sphaeropsidone (Figure 6
D). The EC50, EC10, and EC5 values were summarized in Table 3. No
significative effects were detected at all exposure concentrations for Seiridin. The
mortality of nematodes showed a similar toxicity trend for Cavoxin and
Sphaeropsidone, but with higher toxicity level (80%) at 12.5 mg/L
(Spahaeropsidone). Indeed, the nematode EC50 values were of 9.44 (4.73-20.52)
mg/L, 3.12 (1.70- 6.19) mg/L and 6.88 (2.97- 19.69) mg/L. for Cavoxin, epi-

epoformin, Seiridin and Sphaeropsidone respectively (Table 3).
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Table 3. EC5, EC10, EC20 and EC50 values for cavoxin, epi- epoformin, seiridin and

sphaeropsidone after exposure of R. subcapitata, A. fischeri, D. magna and C. elegans;

values are in mg/L; n.d. = not determined; EC = effective concentration; average EC values

are provided £95% confidence limit values in brackets (n = 3).

Organism Compound ECS EC10 EC20 ECS0
T2 S . 15.97 17.48 20.93 35.98
338 Cavoxin (10.11- (11.07- (13.25- (22.77-
SIS T 25.13) 27.51) 32.96) 56.67)
epi-epoformin 1.91(1.28- | 2.11 (1.41- | 2.58 (1.70- | 4.67 (2.98-
2.99) 3.33) 4.10) 7.70)
Seiridin n.d. n.d. n.d. n.d.
12.78
) 1.78 (1.32- | 2.22 (1.63- | 3.43 (2.49-
Sphaeropsidone (8.95-
2.45) 3.07) 4.82) 18.64)
Cavoxin 1.42(0.93- | 1.74 (1.13- | 2.59 (1.66- | 8.57 (5.24-
2.24) 2.75) 4.16) 14.42)
s epi-epoformin 0.59 (0.33- | 0.75(0.41- | 1.20 (0.64- | 5.12 (2.50-
§ 1.15) 1.48) 2.48) 11.58)
§ e 5.69 (2.95- | 6.87 (3.56- 10.01 30.96
S Seiridin 11.00) 13.28) (5.18- (16.02-
;§ 19.35) 59.84)
= 10.49 68.14
Sphaeropsidone 4. 152‘ S_')29_ 3 '6;(()1')49- (8.38- (54.43-
13.14) 85.29)
Cavoxin 2.64 (0.22- | 3.12(0.26- | 4.36 (0.38- | 1.91 (1.11-
s 1.37) 1.60) 2.20) 5.66)
§° epi-epoformin 1.89 (1.13- | 2.12 (1.26- | 2.68 (1.57- | 5.36 (3.03-
§ 3.36) 3.79) 4.84) 10.04)
E Seiridin n.d. n.d. n.d. n.d.
S 15.07
Q Sphaeropsidone 4.26 (1.20- | 4.90 (1.38- | 6.49 (1.83- (4.26.
5.06) 7.33) 12.96) 16.34)
Cavoxin 1.98 (1.08- | 2.36 (1.28- | 3.34 (1.77- | 9.44 (4.73-
2 3.91) 4.70) 6.80) 20.52)
.}é 2 epi-epoformin 1.10 (0.63- | 1.24 (0.71- | 1.56 (0.88- | 3.12 (1.70-
§ §o 2.05) 2.32) 2.97) 6.19)
S B Seiridin n.d. n.d. n.d. n.d.
S ) 1.12 (0.58- | 1.37 (0.69- | 2.05 (1.00- | 6.88 (2.97-
Sphacropsidone 2.24) 3.59) 5.(()2) 19.(69)
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Conclusions

The aim of this work was to evaluate the possible exploitability of fungal
metabolites asnovel conservation products against the biological colonisation of
cultural heritage surfaces.

Since commercial and traditional biocides are known to be hazardous both to
human health and the environment, the toxicological profiles together with
chemical stability of four fungal metabolites previously described were tested for
its application in the Cultural Heritage field. The use of this simple and not
expensive method may be very useful in conservation andrestoration fields to
evaluate the efficiency of control methods against biodeteriogenic
microorganisms. Early results have demonstrated the effectiveness ability of the
method in controlling against microorganisms.

The identification of chemical-stable and long-lasting compounds confirms the
possibleimplication of fungal metabolites in the development of conservation
products capable of preventing biological colonisation in the medium/long-term.
However, the results obtained so far must be considered as the first promising step
of a novel research field, which disclose new opportunities and stimulate further
investigations. In this perspective, more assays need to be performed to evaluate
the inhibition activity and eco-compatibility of the identified compounds.
Afterwards, experimental studies must be carried out for the purpose of evaluating
the possible interaction between the biocide compounds and cultural heritage

materials.
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Historical buildings, archaeological sites, stone monuments, wall paintings and
frescoes support microbial life. Microalgae, bacteria, cyanobacteria, fungi and
lichens are able to colonize the external surfaces of buildings and monuments giving
the surface a dirty, neglected and unsightly appearance. Many factors affect the
colonisation of cultural heritage by microorganisms: light exposure, moisture, pH,
temperature, nutrients, materials. The study of subaerial biofilms is a key field for
all that concerns microecology, conservation science and development of anti-
fouling systems. Cyanobacteria and microalgae are often the pioneers in colonisation
of stone surfaces where they develop phototrophic biofilms. However, there is
strong evidence that heterotrophic eukaryotes such as fungi can act as first colonizer,
thus enhancing the formation of mixed consortia.

A huge step in this direction has been provided by in vitro colonisation experiments,
which made possible to selectively investigate the ability of microorganisms to
attach and colonize as well as the refractorinessof the surface subjected to
colonisation. In in vitro colonisation experiments here presented, the pioneer
attitude together with structural strategies of three main groups of microorganisms
(microalgae- cyanobacteria and fungi) was tested and monitored in the short-term.
The selected microorganisms, Fusarium oxysporum, Nostoc commune and
Bracteacoccus minor were previously sampled in a campaign carried outin
UNESCO archeological sites in the bay of Naples, Italy. Using metallurgical and
confocal laser scanning microscopy coupled with digital image analysis it has been
possible to establish the fine structure and architecture of the studied
microorganisms and hypothesize about their ecological interactions. These findings
are useful for treatment design and restoration strategies of deteriorated monuments,
where these and other related organisms are likely to occur. In accordance with the
great interest of recent research to counteract the growth of deteriogenic
microorganisms on stone cultural heritage the present study represents also a first
step in the use of fungal metabolites to allow a better preservation of artwork and
to guarantee the conditions suitable for their conservation. The toxicological
profiles of the tested compounds in the present work were also tested. Taken
together, the findings reported in the present work represent an encouraging

advance in the characterization of subaerial biofilms both in terms of the
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microbiome’s structure and ecological interaction. Moreover, the setting of
reproducible in vitro colonisation experiments coupled withthe use of image
analysis, defining a greatly support for monitoring microbial growth on stone
substrata. To our knowledge, this study represents the first attempt to characterize
the ecology of microbial biofilm growing on cultural heritage using metrics
normally applied in ecology or in landscape ecology, and usually referred to large
geographical areas. Understanding the extent of cooperation and coordination and
the evolution of biofilm communities, is essential for any predictive model of

biofilm formation and for the design of strategies to remove biofilm infections.
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