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Chapter 1 

Literature review for plastic as persistent pollutant and 
removal by using microalgae 

Summary 
The escalating global plastic pollution crisis, driven by excessive production and 
inadequate waste management infrastructure, has resulted in the widespread 
accumulation of micro- and nanoplastics across terrestrial and aquatic ecosystems, posing 
significant risks to ecological integrity and human health. Conventional remediation 
strategies; including mechanical separation, chemical oxidation, and thermal degradation; 
are often constrained by inefficiency, high energy consumption, and the generation of 
secondary pollutants. 
Bioremediation, which exploits microbial enzymatic systems to depolymerize synthetic 
polymers into metabolizable monomers, offers a sustainable and environmentally 
compatible alternative. While bacteria and fungi have traditionally dominated research 
on plastic biodegradation, photosynthetic microalgae are emerging as promising 
biocatalysts due to their photoautotrophic metabolism, which enables growth using light 
and CO₂ with minimal external inputs. Moreover, many microalgae strains exhibit 
metabolic flexibility, thriving under mixotrophic and heterotrophic conditions and 
tolerating organic pollutants. Certain species also secrete extracellular enzymes that 
modify polymer surfaces, enhancing pollutant mineralization. 
The vast phylogenetic diversity and largely untapped metabolic repertoire of microalgae 
present substantial opportunities for the discovery and engineering of novel plastic 
degrading pathways; as dual-function agents both as biocatalysts for polymer breakdown 
and as biofactories for value-added bioproducts. 
This chapter synthesizes current understanding of plastic waste dynamics, contrasts 
abiotic and enzymatic degradation mechanisms, and delineates the unique advantages of 
microalgae in bioremediation. Despite the growing interest in biological plastic 
remediation, the precise role of green microalgae in initiating enzymatic 
depolymerization (particularly through oxidative surface modifications) remains poorly 
investigated. This thesis seeks to fill this knowledge gap through a multidisciplinary 
approach combining bioinformatics, physiology, and enzymology. We critically examine 
key challenges, including process optimization, scalability, regulatory frameworks, and 
analytical methodologies for evaluating degradation efficacy. By elucidating the 
enzymatic potential of green microalgae to modify plastic surfaces, this work aims to 
inform integrative, multidisciplinary strategies for mitigating plastic pollution. 
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1.1. Plastics as a key indicator of Anthropocene era 

Paul J. Crutzen and Eugene F. Stoermer introduced the term “Anthropocene” in 2000 to 
designate a proposed geological epoch in which human activities have become the 
dominant force shaping Earth’s systems (Benner et al. 2021). Among the most enduring 
markers of this epoch, synthetic polymers have emerged as a globally synchronous 
stratigraphic signal. Microscopic plastic fragments and fibers have been recovered from 
deep-sea sediments, polar ice cores, alpine soils, and even human tissues, forming a 
persistent “plastic horizon” that will remain embedded in the geological record for 
centuries to millennia (Bergmann et al. 2017; Kelly et al. 2024; Roslan et al. 2024). 

The modern plastics industry originated with Leo Baekeland’s invention of Bakelite in 
1907, the first fully synthetic thermoset polymer. However, large-scale production only 
accelerated in the mid-20th century with the industrial adoption of low-density 
polyethylene (PE), a thermoplastic valued for its mechanical flexibility and chemical 
resistance (Andrady et al. 2009). Global plastic output (Table 1.1) increased from 
approximately 2 million tonnes per year in 1950 to 390.7 million tonnes in 2021, with 
China alone accounting for 32% of annual production (Europe 2022). 

Today, five polymer families - polyethylene (PE), polypropylene (PP), polyvinyl chloride 
(PVC), polystyrene (PS), and polyethylene terephthalate (PET) - constitute nearly 90% 
of global demand (Geyer et al. 2017). PE and PP dominate packaging, textiles, and 
consumer goods; PVC is widely used in construction and medical applications; PS serves 
in insulation and disposable products; and PET is essential for beverage containers and 
synthetic fibers. Beyond these, hundreds of specialty resins - including polyurethanes, 
polyamides, and fluoropolymers - fulfil precise performance requirements in aerospace, 
electronics, and biomedical sectors. 

The environmental footprint of plastics begins at the point of production. Polymer 
synthesis and conversion are energy-intensive processes that rely heavily on fossil 
hydrocarbon feedstocks. In 2018, the European plastics sector emitted approximately 
13.4 million tonnes of CO₂-equivalent (Agency 2019), while global emissions from 
plastic production reached an estimated 1.8 gigatonnes of CO₂-equivalent in 2019. More 
recently, life cycle assessments indicate that the full plastics lifecycle (production to 
disposal) generated over 2.7 billion tonnes CO₂-equivalent in 2023, equivalent to 
approximately 5 % of global greenhouse gas emissions (CarbonBrief 2024). The OECD 
further estimates that the production, conversion, and waste management of plastics 
accounted for around 4 % of total global GHG emissions in the same period (Elizarov 
2023). These emissions contribute to climate change through enhanced radiative forcing 
and are accompanied by significant water use and resource depletion. Furthermore, 
additives such as phthalates and bisphenol A pose long-term toxicological risks, 
persisting in ecosystems long after the polymers themselves degrade. 

Post-consumer plastic waste often escapes formal waste management systems. Between 
0.47 and 0.91 million tonnes of macroplastics are released annually into terrestrial 



 3 

environments, where they fragment into micro- and nanoplastics under ultraviolet 
radiation and mechanical stress (Horton et al. 2017). Agricultural practices contribute 
further: approximately 430,000 tonnes of microplastics are deposited on croplands each 
year via sewage sludge applications (Nizzetto et al. 2016). Coastal European nations 
discharge an estimated 307 to 925 million macrolitter items into marine ecosystems 
annually, where ocean currents redistribute debris across gyres, shorelines, and abyssal 
plains (van Oosterhout et al. 2022). 

Terrestrial environments have emerged as major sinks for microplastics. Agricultural 
soils exhibit average concentrations of 4.5 mg per kilogram of dry weight, primarily due 
to biosolid amendments and the degradation of polyethylene mulch films (Büks et al. 
2020) and when expressed as total mass, microplastic burdens in soil may exceed those 
in aquatic systems by factors ranging from four to twenty-three (De Souza Machado et 
al. 2019). These particles can alter soil bulk density, hydraulic conductivity, and microbial 
community composition, with potential consequences for crop performance and carbon 
cycling. 

Plastic pollution also poses ecological and human health risks. Macroplastics cause 
entanglement and ingestion injuries in wildlife, while microplastics are ingested by 
aquatic and terrestrial organisms, facilitating trophic transfer and bioaccumulation of 
associated contaminants (Wright et al. 2017). Additives leached from polymers disrupt 
endocrine and reproductive systems in fauna and may pose similar risks to humans. 
Recent studies have detected microplastic particles in human blood, lung tissue, and 
placental samples, though the long-term physiological effects remain poorly understood 
(Cox et al. 2019). 

The durability, volume, and global dispersal of synthetic polymers have rendered plastics 
a defining marker of the Anthropocene. Their stratigraphic imprint - chemically inert, 
globally distributed, and temporally distinct - will serve as a geological “golden spike” 
for future stratigraphers, delineating the onset of the Plastic Age and humanity’s indelible 
legacy on Earth’s sedimentary record.
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Table 1.1. Features of plastic polymers 

Name Polymer 
(Abbrevation) Repeat Unit Formula Density 

(g/cm³) 
Tm (°C) 
/ Tg (°C) 

Tensile 
Strength 
(MPa) 

Primary Applications Safety / Environmental / 
Recycling Notes 

Global 
Prod. Vol. 
(Mt/yr) 

Chemical 
Resistance 

UV 
Resistance 

Polyethylene 
(PE) 

–[–CH₂–CH₂–]– 0.91–0.96 105–135 
/ –125 

10–30 Films; bottles; pipes; 
containers 

LDPE films jam sorters; HDPE 
widely recycled; microplastics 
generation 

100 G P 

Polypropylene 
(PP) 

–[–CH₂–CH(CH₃)–]– 0.90–0.92 160 / –10 30–40 Automotive parts; fibers; 
packaging; medical 
devices 

#5 recycling accepted; thermal 
oxidation; microplastics from 
fibers 

70 G P 

Polystyrene 
(PS) 

–[–CH₂–CH(C₆H₅)–]– 1.04–1.06 – / 100 40–60 Disposable cutlery; 
insulation; packaging 

Styrene monomer toxic; foam 
grades contaminate streams; 
limited recyclability 

20 F P 

Polyvinyl chloride 
(PVC) 

–[–CH₂–CHCl–]– 1.30–1.45 160 / 80 40–55 Pipes; profiles; cables; 
medical tubing 

Contains phthalates; dioxins if 
incinerated; rigid PVC recyclable; 
flexible grades problematic 

40 G F 

Polyethylene 
terephthalate 
(PET) 

–[–O–CH₂–CH₂–O–
C(O)–C₆H₄–C(O)–]– 

1.38–1.40 250 / 75 55–75 Beverage bottles; fibers; 
thermoformed trays 

#1 recycling mature; hydrolysis 
limits cycles; colored/multilayer 
less recycled 

29 G P 

Polycarbonate 
(PC) 

–[–O–C₆H₄–C(CH₃)₂–
C₆H₄–O–]– 

1.20–1.22 260 / 145 60–70 Optical lenses; safety 
glazing; electronics 
housings 

BPA concerns; property loss on 
recycling; stress cracking 

5 G F 

Polymethyl 
methacrylate 
(PMMA) 

–[–CH₂–
C(CH₃)(COOCH₃)–]– 

1.17–1.20 – / 105 ≈70 Transparent panels; 
signage; lenses 

UV-stable but brittle; rarely 
recycled; often down-cycled 

0,5 G F 

Acrylonitrile butadiene 
styrene 
(ABS) 

Blend of –[–CH₂–
CH(CN)–], –[–CH₂–
CH=CH–CH₂–], 
–[–CH₂–CH(C₆H₅)–]– 

1.03–1.10 105 / 95 30–50 Housings; automotive trim; 
toys 

Blend complicates sorting; 
limited recycling; often 
landfilled/incinerated 

8 F P 

4 
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Nylon 6 
(PA6) 

–[–NH–(CH₂)₅–C(O)–]– 1.13–1.15 220 / 50 70–90 Fibers; gears; mechanical 
parts 

Moisture uptake; industrial 
recycling energy-intensive; 
blends hinder recovery 

5 F P 

Polyoxymethylene 
(POM) 

–[–CH₂–O–]– 1,41 175 / –60 60–70 Gears; bearings; zippers; 
fasteners 

Formaldehyde release on 
degradation; limited recycling; 
hydrolysis reduces Mₙ 

0,6 G P 

Polytetrafluoroethylene 
(PTFE) 

–[–CF₂–CF₂–]– 2,16 327 / 115 20–30 Non-stick coatings; seals; 
bearings 

Virtually inert; hard to recycle; 
incineration yields HF; 
micro/nano fragments 

0,2 E E 

Polyether ether ketone 
(PEEK) 

–[–O–C₆H₄–O–C₆H₄–
C(O)–]– 

1,3 343 / 143 90–100 Aerospace; medical 
implants; oil & gas parts 

High cost; specialty recycling 
emerging; energy-intensive 
processing 

0,03 E G 

          

Legend: Chemical Resistance. E=Excellent (resists most acids, bases, solvents);G = Good (resists many common chemicals); F = Fair (resists only select chemicals; may swell or degrade);P = Poor 
(susceptible to attack by a wide range of chemicals). UV Resistance. E = Excellent (stable under prolonged UV exposure);G = Good (acceptable with some UV stabilizers); F = Fair (limited outdoor 
life; yellowing or embrittlement); P = Poor (rapid degradation, discoloration, loss of properties). 
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1.2. Fate of plastics in the environment 

The inherent durability of plastics results in their persistent distribution across terrestrial, 
freshwater, and marine environments. Due to low recovery rates and leakage from waste 
management systems, macro- and microplastic debris accumulate continuously within 
these ecosystems. The environmental fate of these materials is subsequently governed by 
coupled abiotic and biotic processes, whose kinetics are influenced by polymer chemistry, 
incorporated additives, morphological characteristics, and prevailing habitat conditions 
(Andrady 2011; Gewert et al. 2015; Jahnke et al. 2017). 

Once released, macroplastics undergo weathering and fragmentation into microplastics 
(MPs; <5 mm) and ultimately nanoplastics (NPs; often defined as <1 µm, though some 
frameworks adopt <100 nm), underscoring the importance of reporting explicit size 
classifications to ensure comparability across studies (Gigault et al. 2021; Hartmann et 
al. 2019). The initial degradation is primarily driven by abiotic mechanisms: photo-
oxidation by solar ultraviolet radiation induces chain scission and carbonyl formation, 
leading to embrittlement; thermo-oxidation propagates radical formation and accelerates 
oxidative cleavage; hydrolysis targets susceptible linkages such as esters and carbonates; 
and mechanical abrasion from waves, sediment, and wind shear further fragments 
weakened materials. These processes increase surface area and roughness, introduce 
oxygenated functional groups, and thereby enhance subsequent fragmentation while 
modulating sorption dynamics and biofilm formation (Andrady 2011; Gewert et al. 2015; 
Karapanagioti et al. 2019; Wagner et al. 2018). 

Progressive downsizing enhances mobility and extends environmental transport 
distances: MPs and NPs are dispersed via atmospheric pathways, exported by riverine 
systems, redistributed by oceanic currents, and deposited in seafloor accumulation zones. 
Biofouling further influences buoyancy and residence time within the water column 
(Allen et al. 2021; Kane et al. 2022; Santos et al. 2025).  

The ecological and human health relevance of these particles arises from their ubiquity, 
persistence, and capacity to interact with biological systems across multiple levels of 
organization. Trophic transfer of MPs and NPs has been documented in both freshwater 
and marine food webs; however, consistent biomagnification; defined as monotonic 
increases in concentration with trophic level, is not supported by the prevailing evidence, 
as egestion, depuration, and dilution often counteract net accumulation at higher trophic 
levels (Gouin 2020; SEPEA 2019). Reported organismal effects across taxa include 
altered feeding behaviour and energy balance, oxidative stress and inflammation, and 
reproductive impairment, with response thresholds modulated by particle size, shape, 
polymer type, additive content, and co-occurring contaminants (Kadac-Czapska et al. 
2024; Wright et al. 2017). 

Human exposure occurs via dietary intake (e.g., seafood, salt, drinking water), inhalation 
of airborne fibres and particles, and incidental ingestion of household dust. Multiple 
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biomonitoring studies have detected MPs in human matrices including blood, placenta, 
lung tissue, stool, and surgical cardiac samples. A recent clinical cohort reported the 
presence of micro- and nanoplastics within atherosclerotic plaques, associated with 
adverse cardiovascular outcomes; however, causality and dose–response relationships 
remain to be elucidated through longitudinal and mechanistic investigations (Cox et al. 
2019; Eerkes-Medrano et al. 2019; Jenner et al. 2022; Oraee et al. 2025; Ragusa et al. 
2021). Collectively, these findings establish credible exposure pathways and plausible 
biological mechanisms, while highlighting key uncertainties - particularly regarding NPs 
- related to chronic health risks and regulatory thresholds. 

Terrestrial systems function as both sinks and sources of plastic pollution. Agricultural 
soils receive plastic inputs through mulch films, biosolids, compost amendments, 
irrigation practices, and atmospheric deposition, resulting in localized hotspots of 
exposure that can alter soil structure, water dynamics, and biological communities 
(Corradini et al. 2019; Rillig et al. 2020). Root uptake and translocation are strongly size-
dependent: nanoplastics ranging from tens to hundreds of nanometres can penetrate root 
tissues via apoplastic and symplastic pathways and reach aerial parts in several crop 
species. In contrast, microplastics approaching cellular dimensions exhibit limited 
internalization but may adhere to root surfaces and disrupt rhizosphere processes. Reports 
of microplastics in edible plant tissues suggest potential dietary exposure; however, 
rigorous contamination control and robust particle identification are essential to avoid 
false positives (Enyoh et al. 2021; Liu et al. 2022; Ma et al. 2022; Oliveri Conti et al. 
2020; Shi et al. 2022). The observed heterogeneity in plastic types, sizes, colours, and 
morphologies within soils and biota reflects diverse input sources and complex 
environmental histories shaped by weathering, transport, and biological interactions 
(Gewert et al. 2015; Rillig et al. 2020). 

Abiotic weathering acts as a functional pre-treatment that enhances polymer accessibility 
to microbial consortia by oxidizing surfaces (elevating the carbonyl index), reducing 
crystallinity, and generating oligomers that serve as inducible substrates. This synergy is 
well established for hydrolysable polymers such as polyethylene terephthalate (PET) and 
aliphatic polyesters, and appears to be a prerequisite for measurable turnover of 
recalcitrant carbon–carbon backbone polymers under environmental conditions (Gewert 
et al. 2015; Wierckx et al. 2018). Engineered workflows that replicate this sequence - 
controlled photo-oxidative pre-treatment followed by tailored enzymatic 
depolymerization - substantially improve degradation rates and yields compared to direct 
biotic treatment. Optimized PET hydrolases, for example, have demonstrated high yield 
depolymerization under mild reaction conditions (Tournier et al. 2020; Wei et al. 2017). 

Biological degradation generally proceeds through four interlinked phases (Danso et al 
2019; Oberbeckmann et al. 2018; Zumstein et al. 2018; Tokiwa et al. 2009; Urbanek et 
al. 2018; Yoshida et al. 2016): 

1. biodeterioration, involving biofilm formation and enzyme-mediated alterations to 
surface chemistry and mechanical properties; 
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2. bio fragmentation, characterized by extracellular cleavage of high-molecular-
weight polymers into oligomers and monomers, often facilitated by concurrent 
oxidation; 

3. assimilation, in which soluble intermediates are transported into microbial cells 
and funnelled into central metabolic pathways: 

4. mineralization, the conversion of carbon into CO₂ and H₂O under aerobic 
conditions, or CH₄, CO₂, and biomass under anaerobic conditions, quantifiable via 
respirometry with appropriate isotope tracing and controls. 

The chemical composition of polymer backbones and the presence of functional groups 
are key determinants of susceptibility to enzymatic degradation and, consequently, 
environmental biodegradability. Polymers containing hydrolysable linkages such as 
esters, carbonates, and amides are accessible to hydrolases including cutinases, lipases, 
PETases, and amidases. In contrast, saturated carbon–carbon backbones are inherently 
resistant to enzymatic attack and typically require oxidative pre-treatment to introduce 
reactive sites. As a result, polyolefins such as polyethylene (PE) and polypropylene (PP), 
along with polystyrene, exhibit extremely low biodegradation under ambient conditions. 
Polyethylene terephthalate (PET) and related aliphatic polyesters show moderate to high 
degradability under optimized biological or composting conditions. Polyamides and 
polycarbonates are generally less susceptible but can be degraded by specific enzyme 
systems. Polymethyl methacrylate (PMMA) requires cleavage of side groups and often 
oxidative activation, while fluoropolymers such as polytetrafluoroethylene (PTFE) 
remain highly resistant due to the strength of carbon–fluorine bonds and their chemical 
inertness (Mohanan et al. 2020; Tournier et al. 2020; Wei et al 2017b; Wierckx et al. 
2018). 

The industrial application of enzymatic PET depolymerization illustrates the potential of 
enzyme-based recycling technologies. However, it also emphasizes the need for polymer-
specific pretreatment strategies and precise process control to avoid the formation of 
hazardous by-products. These findings support a conceptual framework in which 
environmental stressors inadvertently enhance biological degradation, a principle now 
guiding the development of deliberate pretreatment methods to accelerate bioremediation 
and support circular economy models (Gewert et al. 2015; Wierckx et al. 2018) 

A detailed understanding of covalent architecture and bond chemistry is essential for 
designing targeted biodegradation strategies. The nature of backbone and side-chain 
functionalities - particularly esters, amides, urethanes, and, to a lesser extent, ethers - 
determines susceptibility to enzymatic hydrolysis and subsequent microbial assimilation. 
This knowledge informs the rational selection of enzyme classes and microbial consortia 
tailored to specific polymer families (Danso et al. 2019; Martínez et al. 2021; Wei et al. 
2017b). 

Among commodity polymers, PET has received the most attention as a substrate for 
biocatalytic depolymerization. Its repeating aromatic ester linkages are cleaved by 
specialized polyester hydrolases, notably PETase (EC 3.1.1.101) and the downstream 



 9 

enzyme MHETase (EC 3.1.1.102). These reactions yield mono(2-hydroxyethyl) 
terephthalate (MHET), which is further hydrolysed to produce the monomers terephthalic 
acid (TPA) and ethylene glycol (EG). Both compounds can enter central carbon 
metabolism through established catabolic pathways (Austin et al. 2018; Wei et al. 2017b; 
Yoshida et al. 2016; Zimmermann 2025). Advances in structure-guided enzyme 
engineering have led to the development of PET hydrolases with improved activity under 
mild conditions, including thermostable variants such as LCC and FAST-PETase, which 
achieve high-yield depolymerization of post-consumer plastics near or below PET’s glass 
transition temperature (Lu et al. 2022; Tournier et al. 2020; Zimmermann 2025). 

Metagenomic surveys continue to uncover a broad diversity of plastic-active enzymes 
across terrestrial and aquatic microbiomes. These include numerous PETase-like 
hydrolases with varied sequence motifs and predicted thermal optima. Such findings 
suggest adaptive enrichment of polyester hydrolases in plastic-contaminated 
environments and underscore the value of integrating polymer structural chemistry with 
machine learning–based enzyme discovery. This approach accelerates the identification 
and optimization of biocatalysts for recycling and environmental remediation (Danso et 
al. 2018; Zrimec et al. 2021). Taken together, these insights support a discovery-to-
deployment pipeline that combines in silico screening, directed evolution, and process 
engineering aligned with the physicochemical constraints of target polymers (Lu et al. 
2022; Tournier et al. 2020; Wei et al. 2017b). 

The enzymatic pathways and microbial mechanisms associated with different polymer 
types are summarized in Table 1.2. Within this framework, hydrolytic degradation targets 
polymers containing ester bonds in their backbone, notably polyethylene terephthalate 
(PET), polylactic acid (PLA), and polycaprolactone (PCL). These polymers undergo 
nucleophilic cleavage of ester linkages, enabling enzymatic depolymerization. Cutinases 
(EC 3.1.1.74), originally identified for their role in plant cuticle turnover, have emerged 
as key catalysts for synthetic polyester degradation. Representative enzymes include HiC 
from Humicola insolens, TfCut2 from Thermobifida fusca, and the highly active leaf-
branch compost cutinase (LCC), which has demonstrated superior activity under mild 
conditions (Martínez et al. 2021; Tournier et al. 2020; Wei et al. 2017b). 

Lipases (EC 3.1.1.3) and carboxylesterases (EC 3.1.1.1) also contribute to the hydrolysis 
of PLA and PCL and can act on PET oligomers. However, effective depolymerization of 
PET films by lipases typically requires elevated temperatures near the glass transition 
temperature, amorphous substrates, and extended reaction times. Their catalytic 
efficiency remains significantly lower than that of optimized cutinases (Martínez et al. 
2021; Wei et al. 2017b). A major breakthrough was the discovery of Ideonella sakaiensis, 
which secretes PETase and MHETase that operate sequentially. PETase cleaves PET into 
mono(2-hydroxyethyl) terephthalate (MHET), bis(2-hydroxyethyl) terephthalate 
(BHET), and terephthalic acid (TPA), while MHETase hydrolyzes MHET into TPA and 
ethylene glycol (EG). Complete assimilation is possible when microbial catabolic 
pathways for TPA and EG are present (Austin et al. 2018; Danso et al. 2018; Taniguchi 
et al. 2019). 
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In contrast, polymers with saturated carbon–carbon backbones, such as polyethylene (PE) 
and polypropylene (PP), lack hydrolysable bonds and require oxidative activation before 
any measurable biological degradation can occur. Oxidative enzymes, including laccases 
(EC 1.10.3.2) and ligninolytic peroxidases, can introduce oxygen-containing functional 
groups such as carbonyls into aged polyolefin surfaces, particularly when used in 
mediator systems. These modifications increase surface energy, reduce local crystallinity, 
and enhance susceptibility to microbial colonization. Nevertheless, claims of substantial 
mineralization of PE and PP remain rare and are often confounded by abiotic oxidation, 
additive leaching, or analytical artifacts (Chamas et al. 2020; Roager et al. 2019; Wei et 
al. 2017b). Reported weight loss and surface oxidation of high-density polyethylene 
(HDPE) or polystyrene (PS) in laccase-based systems should be interpreted as 
preconditioning rather than definitive depolymerization, unless validated by isotope-
resolved mineralization assays and rigorous experimental controls (Chamas et al. 2020; 
Roager et al. 2019). 

Polyurethane (PU), particularly in polyester-based formulations, contains hydrolysable 
urethane and ester linkages. These can be cleaved by cutinase-like polyester hydrolases 
and carbamate-active enzymes. Synergistic strategies that combine oxidative surface 
activation with hydrolase application have been shown to enhance degradation rates, 
especially in phase-separated or filler-containing PU materials (Magnin et al. 2019; Wei 
et al. 2017). 

This mechanistic distinction between hydrolytic cleavage of labile backbones and 
oxidative activation of inert carbon–carbon matrices define enzyme applicability and 
highlights the need for complementary enzymatic toolkits tailored to polymer chemistry 
and physical state. Effective degradation of complex, weathered, or composite plastics 
often requires coordinated action across enzyme classes and microbial communities. 
Initial oxidative pretreatment - whether through natural weathering or engineered 
laccase/peroxidase systems - enhances polymer accessibility. Subsequent application of 
polyester hydrolases, such as PETase and cutinases, enables efficient depolymerization 
into assimilable intermediates. This division of labour has been demonstrated for PET 
and polyester-rich PU and provides a generalizable framework for multi-enzyme and 
consortia approaches in bio recycling and environmental remediation (Lu et al. 2022; 
Magnin et al. 2019; Tournier et al. 2020; Wei et al. 2017). 
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Table 1.2. Principal enzymes involved in plastic degradation 
Category Polymer Biodegradability Enzyme Microorganisms Characteristic Reference 

Biodegradable PET Moderate PETase; 
MHETase 

Ideonella sakaiensis; 
Bacillus sp.; 
Aspergillus sp.; 
Thermobifida fusca 

Enzymatic degradation possible 
with engineered enzymes 

Benavides Fernández 
et al. 2022 

Biodegradable PU Variable Esterase; 
Urethanase 

Bacillus sp.; 
Pseudomonas sp.; 
Corynebacterium sp.; 
Aspergillus versicolor; 
Streptomyces sp. 

Depends on chemical structure; 
some forms are degradable 

Su et al. 2023 

Biodegradable PCL High Cutinase; 
Lipase; 
Esterase 

Bacillus sp.; 
Streptomyces sp.; 
Fusarium sp.; 
Aspergillus sp.; 
Penicillium sp.; 
Clonostachys rosea 

Efficient degradation; used in 
medical and packaging 
applications 

Krumov et al. 2025 

Biodegradable PHA High PHA 
depolymer
ase 

Ralstonia eutropha; 
Bacillus sp.; 
Pseudomonas sp. 

Naturally biodegradable; used in 
bioplastics 

Lin et al. 2025 

11 
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Biodegradable PHB High PHB 
depolymer
ase 

Bacillus sp.; 
Cupriavidus necator; 
Streptomyces sp. 

Microbial degradation well 
documented 

Lin et al. 2025 

Non-biodegradable PE Very low Laccase; 
Alkane 
hydroxylas
e 

Pseudomonas putida; 
Bacillus sp.; 
Rhodococcus sp.; 
Gordonia sp.; 
Arthrobacter sp. 

Highly hydrophobic; resistant to 
enzymatic attack 

Cai et al. 2023 

Non-biodegradable PP Very low Lipase; 
Esterase; 
Peroxidase 

Bacillus sp.; 
Pseudomonas sp.; 
Rhodococcus sp.; 
Alcanivorax sp.; 
Aspergillus niger 

Slow degradation; branched 
structure hinders microbial access 

Wang et al. 2022 

Non-biodegradable PS Low Peroxidase
; 
Monooxyg
enase; 
Cytochrom
e P450 

Pseudomonas sp.; 
Penicillium sp.; 
Exiguobacterium sp.; 
Acinetobacter sp.; 
Klebsiella sp. 

Aromatic ring structure limits 
degradation; fungi more effective 

Xu et al. 2024 

Non-biodegradable PVC Extremely low Dehalogen
ase; 
Esterase; 
Depolymer
ase 

Bacillus sp.; 
Streptomyces 
gobitricini; Aspergillus 
fumigatus; Malassezia 
sp. 

Chlorine content makes 
degradation toxic and difficult 

Ameen et al. 2025 

12 
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Non-biodegradable PC Very low None None Aromatic carbonate structure 
resists microbial attack 

N/A 

Non-biodegradable PMMA Low Esterase Aspergillus sp.; 
Fusarium sp. 

Slow degradation; brittle and UV-
stable 

N/A 

Non-biodegradable ABS Very low None None Blend of polymers complicates 
enzymatic degradation 

N/A 

Non-biodegradable PA6 Moderate Amidase Brevibacillus sp.; 
Bacillus sp. 

Amide bonds can be hydrolysed; 
slow process 

N/A 

Non-biodegradable POM Very low None None Formaldehyde release and 
crystalline structure hinder 
degradation 

N/A 

Non-biodegradable PTFE None None None Fluorinated backbone is inert and 
non-biodegradable 

N/A 

Non-biodegradable PEEK Extremely low None None Aromatic ketone structure highly 
resistant to microbial attack 

N/A 

13 
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1.3. The untapped potential of microalgae in plastic 

bioremediation 

Microplastics accumulate worldwide, undergoing physical, chemical, and photolytic 
fragmentation, yet their complete conversion to CO₂, H₂O, and biomass hinges on 
biological processes. Microalgae have only recently been recognized as promising agents 
in this context, primarily because they grow photoautotrophically using sunlight and 
dissolved CO₂, thereby obviating the need for costly organic substrates and drastically 
lowering operational expenses (Christenson et al. 2011). Under straightforward culture 
conditions, many strains accumulate biomass with remarkable speed, simplifying scale-
up and reducing maintenance demands (Ali et al. 2024). Furthermore, their metabolic 
plasticity - shifting seamlessly among photoautotrophic, mixotrophic, and heterotrophic 
modes in response to nutrient availability - allows treatment systems to remain robust 
across variable wastewater or aquaculture environments (Khoo et al. 2021). When 
deployed in photobioreactors, microalgae can simultaneously sequester nutrients, capture 
CO₂, and interact directly with microplastic particles, concentrating both enzymatic 
activities and biomass production in a single unit (Judd et al. 2015). 

Certain microalgal species adhere firmly to polymer surfaces, where they secrete 
oxidative and hydrolytic enzymes that initiate chemical modifications of the plastic 
matrix. In one study, Spirulina sp. formed dense biofilms on polypropylene microbeads, 
inducing surface oxidation that measurably reduced tensile strength and carbon content 
(Khoironi et al. 2019). Picochlorum maculatum likewise demonstrated the capacity to 
degrade low-density polyethylene, achieving up to 20 percent weight loss accompanied 
by the appearance of carbonyl and hydroxyl functionalities on the polymer surface 
(Gowthami et al. 2023). 

Key to these transformations is multicopper oxidases of the laccase family (EC 1.10.3.2), 
which catalyse one-electron oxidations of phenolic and aromatic substrates while 
reducing molecular oxygen to water. Originally characterized in fungi and bacteria, 
laccase homologues have now been identified in cyanobacteria such as Synechocystis sp. 
and eukaryotic green algae including Chlorella sp. (Chiaiese et al. 2011; Otto et al. 2015; 
Otto et al. 2014). 

In silico docking further predicts that these algal laccases bind synthetic polymers; 
polyethylene in particular, with high affinity, rationalizing their role in oxidative 
depolymerization and in creating insertion points for subsequent enzymatic attack (Singh 
et al. 2020; Zampolli et al. 2023). Arthrospira platensis has been shown to harbour both 
laccase and catalase activities; molecular docking and in vitro assays confirm its potential 
to oxidize model PET substrates, underscoring the broader relevance of algal oxidases in 
plastics weathering (Mahuri et al. 2023). 

Beyond oxidation, microalgae might be producing hydrolytic enzymes: cutinases (EC 
3.1.1.74), lipases (EC 3.1.1.3), carboxylesterases (EC 3.1.1.1), and PETases (EC 
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3.1.1.101) that cleave the ester bonds of durable polyesters such as PET, 
polycaprolactone, and polylactic acid (Ma et al. 2025; Di Rocco et al. 2023; Wei et al. 
2017a). Functional expression of PETase in genetically engineered Chlamydomonas 
reinhardtii resulted in measurable terephthalic acid release under freshwater conditions, 
while chloroplast transformation of Phaeodactylum tricornutum enabled PET 
depolymerization in saline media, demonstrating that microalgae can serve as living 
factories for polymer-hydrolysing catalysts (Carr et al. 2022; Li et al. 2022). 

Environmental metatranscriptomic surveys corroborate these findings, revealing 
cutinase- and esterase-like gene expression in wild-type Chlorella vulgaris, Scenedesmus 
sp., and Botryococcus braunii populations thriving in plastic impacted waters; hydrolase 
transcripts rise markedly when cultures encounter PET or PCL fragments, indicating an 
inducible biotic response to polymer stress (Urbelienė et al. 2025). The convergence of 
autotrophic growth, extracellular enzyme secretion, and biofilm-based cultivation 
positions microalgae as ideal biocatalytic platforms: they capture CO₂, remove dissolved 
nutrients, and concentrate plastic-degrading catalysts on polymer surfaces, all within 
existing wastewater and aquaculture infrastructures (Arregui et al. 2019; Vaithyanathan 
et al. 2020). 

Immobilization techniques - attaching laccases or hydrolases to chitosan beads, magnetic 
nanoparticles, or inert reactor surfaces - enhance enzyme stability, facilitate reuse, and 
sustain activity in complex matrices, while heterologous expression systems in yeast, 
tobacco BY-2 cells, and Trichoderma reesei provide scalable routes to produce high-
redox‐potential laccases for industrial deployment (Balcázar-López et al. 2016; Koyani 
et al. 2016; Li et al. 2023; Litwińska et al. 2019). As interest in microalgal biotechnology 
grows, optimizing light regimes, nutrient limitation, and stress induction will further 
upregulate enzyme secretion, charting a feasible path to photo-bioreactors that integrate 
carbon capture, nutrient remediation, and the continuous degradation of persistent 
polymers and other xenobiotics (Sridharan et al. 2021; Steinbüchel 2020). 

1.4. Multistage phases for microalgal plastic degradation 

Plastic polymers resist complete mineralization until microorganisms deploy multistep 
biological processes  (Table 1.3) - biodeterioration, bio fragmentation, and 
assimilation/mineralization - each phase harnessing distinct microalgal mechanisms 
(Barnes et al. 2009; Geyer et al. 2017). In the biodeterioration stage, cells first adhere to 
inert polymer surfaces, forming biofilms that concentrate secreted enzymes and reactive 
oxygen species (ROS). Marine microalgae such as Picochlorum maculatum and 
Synechocystis sp. establish robust attachment to low-density polyethylene panels, 
producing microscale pits and surface erosion within weeks (Govindan et al. 2021; 
Gowthami et al. 2023). Within these biofilms, peroxidases and laccase-like oxidases 
generate hydroxyl and carbonyl groups on C–H bonds, as confirmed by FTIR and EDX 
analyses of Spirulina sp. interacting with polypropylene, which revealed elevated 
carbonyl indices and reduced tensile strength (Hadiyanto et al. 2021). Pre-oxidation 
treatments (UV irradiation or ozone) enhance biofilm formation and accelerate oxidative 
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modification by providing additional functional entry points for enzymatic attack (Wang 
et al. 2019; Hadiyanto et al. 2021). 

Once the polymer surface is oxidized, microalgae transition to biofragmentation, 
deploying hydrolytic and oxidative enzymes to cleave high-molecular-weight chains into 
soluble fragments. Cutinases (EC 3.1.1.74), lipases (EC 3.1.1.3), and carboxylesterases 
(EC 3.1.1.1) target ester bonds in polyesters such as PET, PCL, and PLA, while PET 
hydrolases (PETases, EC 3.1.1.101) sever the terephthalate backbone ((Ma et al. 2025; 
Mohanan et al. 2020). In proof-of-concept studies, Chlamydomonas reinhardtii 
engineered to secrete PHL7 polyester hydrolase released quantifiable terephthalic acid 
into freshwater cultures, and Phaeodactylum tricornutum expressing PETase in 
chloroplasts demonstrated comparable depolymerization under saline conditions (Kim et 
al. 2020; Di Rocco et al. 2023). Environmental metatranscriptomic surveys have detected 
cutinase- and esterase-like transcripts in wild-type Chlorella vulgaris, Scenedesmus sp., 
and Botryococcus braunii populations dwelling in plastic-polluted waters, with 
upregulation of these hydrolase genes upon PET or PCL exposure (Carr et al. 2022; Li et 
al. 2022; Urbelienė et al. 2025). 

Concurrently, oxidative enzymes extend microalgal plastic degradation beyond 
hydrolysable polyesters. Multicopper oxidases of the laccase family (EC 1.10.3.2) have 
been identified in cyanobacteria (Synechocystis sp.) and eukaryotic microalgae (Navicula 
sp.), where they catalyse one-electron oxidations of phenolic and aromatic substrates, 
reducing O₂ to H₂O and introducing additional carbonyl functionalities into resistant 
polymers such as polystyrene (Chiaiese et al. 2011; Otto et al. 2015; Otto et al. 2014). 
Molecular docking studies corroborate high binding affinities of algal laccases to 
polyethylene analogues, supporting a mechanistic role in initial oxidative 
depolymerization (Singh et al. 2020; Zampolli et al. 2023). 

The final assimilation and mineralization stage remains the most elusive for microalgae. 
Although engineered C. reinhardtii cultures produce monomers - terephthalic acid and 
ethylene glycol - via extracellular depolymerization (Kim et al. 2020; Di Rocco et al. 
2023), direct evidence for microalgal uptake and utilization of these monomers is limited. 
Filling this knowledge gap is critical to establishing a complete biotic cycle converting 
plastics into CO₂, H₂O, and biomass. Unravelling transport mechanisms, metabolic 
pathways, and regulatory networks that enable monomer assimilation will determine the 
feasibility of microalgae as self-sustaining bioremediation systems (Mohanan et al. 2020) 

Integrating these multistage processes in defined or naturally occurring microalgal 
consortia promises robust, low-input biotechnologies that sequester carbon, remove 
nutrients, and mineralize persistent polymers within existing wastewater and aquaculture 
infrastructures (Govindan et al. 2021; Khoo et al. 2021; Raza et al. 2024). Advancing 
molecular tools, biofilm engineering, and process optimization will be essential to realize 
scalable microalgal platforms for sustainable plastic bioremediation and circular carbon 
economies. 
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Table 1.3. Microalgal strains and their demonstrated plastic degradation activities. 

Microalgae Strain Plastic Type Degraded Observed 
Effects/Evidence of 
Degradation 

Key Analytical 
Techniques 
Used 

Spirulina sp. Polypropylene (PP) Surface chemical 
modifications 
(hydroxyl, carbonyl 
changes), decline in 
tensile strength and 
carbon content 

FTIR, EDX 

Picochlorum maculatum Low-Density 
Polyethylene (LDPE) 

Up to 20% weight loss, 
structural and chemical 
surface modifications 
(erosion, pits, 
carbonyl/vinyl groups) 

SEM, FTIR 

Synechocystis sp. Polystyrene (PS) Secretion of laccase-like 
enzymes, oxidative 
surface modification 

ATR-FTIR, 
SEM 

Navicula sp. Polystyrene (PS) Secretion of laccase-like 
enzymes, oxidative 
surface modification 

ATR-FTIR, 
SEM 

Chlamydomonas 
reinhardtii (engineered) 

Polyethylene 
Terephthalate (PET) 

Secretion of functional 
PET-degrading 
hydrolase (PHL7), 
detection of terephthalic 
acid (monomer) 

HPLC 

Phaeodactylum 
tricornutum 
(engineered) 

Polyethylene 
Terephthalate (PET) 

Secretion of active 
PETase, PET 
depolymerization in 
saline conditions 

Not specified in 
snippets, but 
implies similar 
techniques as C. 
reinhardtii 

Chlorella vulgaris Polyesters (predicted) Detection of cutinase- 
and esterase-like gene 
sequences 

Meta-
transcriptomics 

Scenedesmus sp. Polyesters (predicted) Detection of cutinase- 
and esterase-like gene 
sequences 

Meta-
transcriptomics 

Arthrospira platensis Bioplastics (predicted) Contains laccase and 
catalase, high binding 
affinity of laccase 
towards plastic 
substrates 

In silico 
molecular 
docking 
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1.5. Analytical techniques for biodegradation assessment 

Verifying true biodegradation of plastics demands more than simple weight‐loss 
measurements it requires a combination of spectroscopic, microscopic, mechanical, and 
chromatographic analyses to demonstrate chemical, structural, and functional 
transformations in the polymer. Fourier-transform infrared spectroscopy, especially in its 
attenuated total reflectance (ATR-FTIR) configuration, is routinely used to monitor the 
appearance of new functional groups on plastic surfaces. Peaks corresponding to carbonyl 
(C=O), hydroxyl (–OH), and ether (C–O–C) vibrations serve as unambiguous markers of 
oxidative weathering induced by microbial enzymes or reactive oxygen species 
(Campanale et al. 2023; Davidson et al. 2023). 

While ATR-FTIR captures chemical modifications at the molecular level, scanning 
electron microscopy (SEM) reveals their physical consequences. High-resolution SEM 
micrographs document the formation of pits, cracks, grooves, and generalized surface 
roughening that accompany microbial colonization (Oberbeckmann et al. 2016). When 
SEM is coupled with energy-dispersive X-ray spectroscopy (EDX), elemental maps 
quantify shifts in the carbon-to-oxygen ratio across the polymer surface, offering direct 
evidence of oxidative incorporation of oxygen atoms into the backbone (Cocca et al. 
2020). 

Mechanical testing completes the picture by quantifying material weakening. Tensile 
strength measurements performed before and after microbial exposure detect statistically 
significant reductions in ultimate tensile strength and elongation at break, confirming that 
enzyme-mediated chain scission undermines the polymer’s structural integrity 
(Hadiyanto et al. 2021). Although gravimetric assays provide a convenient first estimate 
of mass loss, they cannot distinguish between true depolymerization and mere surface 
erosion or sloughing of biofilm, underscoring the need for spectroscopic and mechanical 
corroboration. 

Finally, high-performance liquid chromatography (HPLC) delivers the most direct proof 
of enzymatic cleavage by detecting and quantifying released monomers and oligomers. 
For instance, the appearance of terephthalic acid in culture supernatants - measured by 
reverse-phase HPLC with ultraviolet detection - confirms PET depolymerization and 
enables calculation of enzymatic yield and kinetics (Ashraf-Khorassani et al. 2025). By 
integrating ATR-FTIR, SEM-EDX, mechanical testing, and HPLC, researchers can 
construct a comprehensive, multi-evidence assessment of plastic biodegradation, thereby 
validating both laboratory findings and field‐scale bioremediation strategies. 

1.6. Techno-economic and life-cycle considerations 

Any enzymatic or microalgal approach to plastic degradation must not only demonstrate 
laboratory‐scale efficacy but also prove scalable, cost‐effective, and environmentally 
beneficial over its full life cycle. 
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1.6.1. Scalability and industrial viability 
A major barrier for enzymatic plastic recycling is the sheer volume of enzyme required 
at industrial scale-estimates suggest a medium-sized facility would need on the order of 
250 tonnes of enzyme per year to handle typical feed streams (Bell et al. 2022). Producing 
enzymes at this scale underpins both capital expenditures (bioreactor design, fermentation 
capacity) and operating costs (media, downstream purification). Moreover, mixed and 
contaminated waste streams lower reaction rates compared to pure substrates, demanding 
robust reactor designs and process intensification to maintain productivity under real‐
world conditions (Tournier et al. 2020). 

1.6.2. Techno-economic benchmarks 
Rigorous techno-economic analyses (TEA) have begun to quantify the financial metrics 
of enzymatic PET breakdown (Table 1.4). One peer-reviewed study predicts a unit cost 
for enzymatically recycled terephthalic acid (TPA) of $1.93 per kg, compared to $0.82 
per kg for virgin TPA. When placed against the market price of mechanically recycled 
PET ($2.14 per kg), enzymatic recycling shows potential competitiveness - especially 
under scenarios where brands pay premiums for sustainably sourced materials (Singh et 
al. 2021). 

 
Table 1.4. Economic analysis of the most important recycled plastic 
Material Unit Cost (USD/kg) 
Virgin terephthalic acid (TPA) 0.82 
Enzymatic recycled TPA 1.93 
Mechanically recycled PET (rPET) 2.14 

 

 

1.6.3. Life-cycle advantages 
Life-cycle assessments (LCA) reveal that enzymatic PET depolymerization can cut 
greenhouse gas emissions from TPA manufacture by roughly 95 percent relative to 
conventional petrochemical routes. This dramatic reduction stems from lower energy 
inputs, milder reaction conditions, and the potential to valorise all plastic constituents 
without extensive heating or harsh chemicals. 

1.6.4. Closed-loop microalgal biorefineries 
Microalgae offer a pathway to integrate plastic‐degrading bioprocesses within wastewater 
treatment and CO₂ capture systems. By cultivating strains on sunlight, CO₂, and nutrient-
rich effluents, operations can offset cultivation costs and generate valuable co-products - 
lipids, proteins, or even the enzymes themselves. This closed-loop biorefinery model 
aligns with circular bioeconomy principles, turning waste management from a cost centre 
into a revenue stream. However, achieving high enzyme titers in wild-type or genetically 
engineered algae and developing efficient harvesting strategies remain active research 
frontiers. 
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1.6.5. Enzyme Immobilization and Reusability 
Stabilizing enzymes via immobilization on supports - such as biochar derived from 
agricultural residues or engineered nanomaterials - can dramatically extend catalytic 
lifetimes and enable multiple reuse cycles. Biochar supports in particular combine low 
cost, tunable surface chemistry, and high porosity, achieving immobilization efficiencies 
upward of 60 percent for oxidative enzymes in other wastewater applications. Although 
upfront investment for support materials and module fabrication can be significant, the 
lowered enzyme consumption and reduced downstream purification can drive down long-
term operating expenses. 

This multi-pronged techno-economic and life-cycle perspective underscores that success 
in plastic biodegradation hinges on coupling biological innovation with robust 
engineering, process optimization, and holistic sustainability assessments. 

1.7. Regulatory, biosafety, and ecological concerns 

The foremost biosafety challenge lies in the potential escape of genetically modified 
microorganisms (GMOs) engineered for enhanced plastic‐degrading activity. Once 
released, these strains could outcompete native microbes, disrupt existing microbial 
consortia, or transfer degradation‐related transgenes to wild populations, with 
unpredictable ecological outcomes. Molecular “failsafe” and conditional suicide systems 
- such as inducible toxin–antitoxin modules or site‐specific excision of non-essential 
DNA - have been proposed to contain engineered bioremediation agents, yet field 
validation remains limited. 

At the policy level, GMO regulations vary widely by jurisdiction. In the European Union, 
Directive 2001/18/EC prescribes environmental risk assessments (ERAs) for deliberate 
releases of GMOs, while Regulation (EC) No 1829/2003 governs their use in food and 
feed. Additional frameworks - Directive 2009/41/EC on contained use and Regulation 
(EC) 1946/2003 on transboundary movements - establish case-by-case authorisation 
procedures, traceability, and labelling requirements for genetically modified microbes 
used in environmental applications. 

By contrast, regulatory oversight of micro- and nanoplastic (MP/NP) pollution is still 
nascent. Although several regions have banned select MP sources (e.g., microbeads in 
personal care products), there is no harmonised global framework for environmental 
monitoring, risk assessment, or permissible release thresholds. This gap hinders 
consistent evaluation of biotechnological interventions aimed at reducing MP/NP loads 
in soils and waterways. 

Equally critical is ensuring that biodegradation pathways do not yield intermediate 
compounds more toxic than the parent polymer. Partial depolymerisation can release 
oligomers, additives, or sorbed pollutants whose ecotoxicity must be systematically 
characterised through targeted chemical analyses and bioassays. Until complete 



 21 

mineralisation profiles are understood, large-scale deployment of novel biodegradation 
processes risks unintended environmental harm. 

1.8. Research gaps and future directions 

While PET-degrading enzymes have achieved notable advances, catalysts for highly 
recalcitrant polymers - such as polyethylene (PE) and polypropylene (PP) - remain 
inefficient. Expanding the enzymatic toolkit through metagenomic mining of extreme 
environments and iteratively optimizing hit enzymes by protein engineering (e.g., 
directed evolution, rational active-site redesign) is a high priority to unlock robust PE/PP 
biocatalysts. 

Enzymatic systems native to microalgae are still largely unexplored. Future efforts should 
isolate and characterise algal laccases and hydrolases, map the multi-step degradation 
cascade from polymer adsorption to full mineralisation, and decode the genetic circuits 
that regulate enzyme induction in response to plastic cues. Such insights could enable the 
development of microalgal chassis optimised for secretion of high-titer plastic-degrading 
enzymes. 

Most laboratory studies rely on pristine, single-polymer films, whereas real-world waste 
streams comprise mixed plastics with diverse additives and varying weathering histories. 
Bridging this lab-to-field gap requires testing on mixed, pre-weathered plastics and 
evaluating the influence of common stabilisers and plasticisers on enzymatic activity and 
microbial community dynamics. 

Integrating complementary approaches - mechanical size reduction, photocatalytic 
pretreatment, and defined microbial consortia (e.g., microalgae–bacteria biofilms) - offers 
a promising route to enhance polymer accessibility and synergise degradation pathways. 
Systematic studies of interspecies cross-feeding, enzyme complementarity, and 
community stability will inform the design of robust hybrid bioprocesses. 

Finally, the transition from bench to pilot scale remains underdeveloped. There is an 
urgent need to design modular, sensor-enabled bioreactors - ranging from immobilised 
enzyme reactors to microalgae-driven microbial fuel cells - that maintain optimal pH, 
temperature, aeration, and substrate contact in complex waste matrices. Lessons from 
pilot-scale aerobic fermentation systems demonstrate the value of model-based control 
and flexible vessel configurations for reliable scale-up of environmentally oriented 
bioprocesses. 

1.9. Thesis objectives 

The present research aims to explore the potential of green microalgae, both wild-type 
and as prospective bioengineered platforms, in the enzymatic modification and early-
stage transformation of synthetic plastic polymers, focusing particularly on microplastics 
(MPs) and nanoplastics (NPs). Through a multidisciplinary approach combining 
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bioinformatics, enzymology, spectroscopy, and physiological analyses, this thesis seeks 
to provide new insights into the role of green microalgae as both direct biocatalysts and 
bio-factories for enzymes involved in plastic degradation, supporting the development of 
sustainable solutions to mitigate plastic pollution. 

The thesis is structured to address the following specific objectives: 

- To investigate the occurrence, diversity, and activity of laccase-like multicopper 
oxidases (LMCOs) in diverse freshwater green microalgae, assessing their 
phylogenetic relationships, gene architectures, and extracellular enzyme 
production as potential tools for bioremediation of plastic pollutants (focus on PE 
and PP) (Chapter 2). 

- To evaluate the capability of selected green microalgal strains to interact with 
polypropylene (PP) surfaces, focusing on physiological responses, oxidative 
stress markers, laccase activity, and structural modifications of PP, with the aim 
of elucidating early-stage biotransformation mechanisms mediated by microalgae 
(Chapter 3). 

- To examine the capacity of freshwater green microalgae to tolerate and 
oxidatively modify polyethylene terephthalate (PET) under different 
environmental (light-dark) conditions, assessing pigment dynamics, stress 
adaptation, and chemical alterations on the polymer surface as indicators of 
microalgae-driven PET degradation potential (Chapter 4). 

1.10. Conclusions 

The pervasive and escalating challenge of plastic pollution necessitates innovative, 
sustainable solutions. While the durability of plastics contributes to their utility, it also 
ensures their environmental persistence and fragmentation into micro- and nanoplastics, 
which pose significant ecological and human health risks. Abiotic weathering processes, 
though contributing to fragmentation, also play a crucial role in priming plastics for 
subsequent biological attack by introducing accessible functional groups. 

Enzymatic biodegradation, particularly through hydrolytic and oxidative pathways, offers 
a promising eco-compatible approach to depolymerize plastics. The distinct mechanisms 
of these enzyme classes highlight the need for a diverse and potentially synergistic 
enzymatic toolkit to address the wide array of plastic types. While bacteria and fungi have 
been extensively studied, microalgae are emerging as highly advantageous platforms. 
Their photoautotrophic nature offers economic and environmental benefits, positioning 
them as both direct biocatalysts and sustainable bio-factories for enzyme production. The 
multi-stage degradation process, from biofilm formation and oxidative surface 
modification to enzymatic cleavage and eventual assimilation, demonstrates the complex 
interplay of mechanisms involved. 

Despite the significant promise, the field faces considerable challenges in scaling up 
laboratory findings to industrial applications, particularly concerning the cost of enzyme 



 23 

production and the complexity of real-world mixed plastic waste. Furthermore, rigorous 
regulatory and biosafety frameworks are essential, especially for genetically modified 
organisms, to ensure that novel bioremediation technologies do not introduce new 
environmental or health concerns. Future research must focus on expanding the 
enzymatic toolkit for recalcitrant polymers, deeply understanding microalgal-specific 
degradation mechanisms, developing integrated synergistic systems, and optimizing 
bioprocesses for large-scale deployment. By addressing these critical gaps, the potential 
of enzymatic and microalgal strategies can be fully realized, contributing significantly to 
mitigating global plastic pollution and fostering a more circular economy. 
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Chapter 2 

Innovative polypropylene biodegradation by fungal laccase 
reveals microalgae as emerging biofactories for sustainable 
bioremediation 

Summary 

Plastic pollution poses a critical environmental threat, with microplastics (MPs) and 
nanoplastics (NPs) accumulating across ecosystems. This study explores the potential of 
green microalgae as bio-factories for the production of laccase enzymes, capable of 
oxidatively degrading synthetic polymers. A phylogenetic and functional screening of 35 
freshwater Chlorophyceae accessions revealed that Desmodesmus communis, 
Chlamydomonas acidophila, Heterochlorella luteoviridis, and Botryococcus braunii 
exhibited the highest extracellular laccase activity. In silico analyses confirmed the 
presence of laccase-like multicopper oxidase (LMCO) genes in C. reinhardtii and B. 
braunii, with conserved copper-binding motifs and signal peptides indicative of 
extracellular function. To validate enzymatic plastic degradation, purified Pleurotus 
ostreatus laccase was applied to polyethylene (PE) and polypropylene (PP) films. FTIR 
analyses showed the appearance of carbonyl, hydroxyl, and vinyl groups, suggesting 
laccase-mediated surface oxidation and potential polymer breakdown. While previous 
studies have confirmed enzymatic degradation of PE, this work provides novel insights 
into laccase action on PP, a polymer with limited prior evidence of biodegradability. 
These findings support the integration of algal and fungal enzymes in future 
bioremediation strategies targeting diverse plastic pollutants.
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2.1. Introduction 

Plastic pollution has emerged as one of the most pervasive and persistent environmental 
challenges of the 21st century. With over 400 million tons of plastic produced annually, only a 
fraction is effectively recycled or recovered, leading to substantial accumulation in aquatic and 
terrestrial environments (Schwarz et al. 2021). Microplastics (MPs, <5 mm) and nanoplastics 
(NPs, <100 nm), which result from the fragmentation of larger plastic debris or originate from 
primary sources, are now recognized as ubiquitous environmental contaminants. They are not 
only persistent but also biologically active, able to translocate across biological membranes, 
accumulate in tissues, and move across trophic levels, potentially entering the human food chain 
(Wright et al. 2017). The ecological consequences of plastic contamination are now being 
widely studied. Microplastics (MPs) and nanoplastics (NPs) can cause physical injuries to 
aquatic organisms, serve as vectors for chemical pollutants and pathogens, and significantly 
alter microbial community structures and dynamics. Their persistence and small size enhance 
their bioavailability and trophic transfer potential, amplifying ecological risks across multiple 
levels of the food web. (Huang et al. 2021)Moreover, if current trends continue, it is estimated 
that macro- and microplastic accumulation in the environment could reach 2.2 and 3.1 
gigatonnes respectively by 2050 (Borrelle et al. 2020), underscoring the urgency of 
implementing effective mitigation strategies. 

Conventional plastic removal techniques, like incineration, landfilling, and chemical treatment, 
are often energy-intensive, economically burdensome, and may lead to secondary pollution (Ali 
et al. 2021). As a sustainable alternative, bioremediation strategies involving the use of 
microorganisms have emerged as an eco-compatible and cost-effective solution for plastic 
degradation (Bacha et al. 2023). This biological approach exploits the metabolic capabilities of 
fungi, bacteria, and microalgae to break down synthetic polymers. Among these strategies, 
enzymatic biodegradation holds particular promise due to its specificity and reduced 
environmental impact. Enzymes such as laccases, peroxidases, and hydrolases play a crucial 
role in initiating depolymerization through oxidative or hydrolytic mechanisms, enabling the 
transformation of persistent plastic waste into less harmful compounds (Ali et al. 2021; Bacha 
et al. 2023). Enzymes such as PETase (Yoshida et al. 2016), cutinases (Huang et al. 2022), and 
particularly laccases (Chaudhary et al. 2022) have been studied for their potential to attack 
plastic surfaces and initiate degradation. These enzymes are capable of targeting complex 
polymeric structures, facilitating the breakdown of high molecular weight polymers into 
simpler, less harmful compounds. Notably, fungal laccases and cutinases demonstrate high 
efficiency in degrading recalcitrant plastics like polyethylene (PE), polypropylene (PP), and 
polyethylene terephthalate (PET) under laboratory conditions, offering environmentally 
compatible solutions for bioremediation applications (Temporiti et al. 2022). Laccase from 
Pleurotus ostreatus has shown significant promise in the degradation of various plastics, 
including polystyrene and PET, especially when optimized through genetic and biochemical 
approaches (Ramamurthy et al. 2024). Furthermore, computational and molecular dynamics 
studies have demonstrated stable and energetically favorable interactions between plastic 
polymers and laccases, cutinases, and other oxidative enzymes, confirming their binding and 
degradation capabilities in simulated environments (Hoang et al. 2024). 
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Laccases (EC 1.10.3.2) are multicopper oxidases widely distributed in fungi, plants, and 
microorganisms. They catalyze the oxidation of aromatic compounds using molecular oxygen, 
producing water as the sole byproduct. In bioremediation, they have been shown to act on 
structurally diverse pollutants, including synthetic polymers and dyes (Steinbüchel 2020). 
Fungal laccases, especially those from Trametes versicolor and Pleurotus ostreatus, have been 
the focus of many biodegradation studies. However, recent evidence has highlighted that 
bacterial and microalgae laccases may exhibit better pH and temperature stability and greater 
substrate diversity (Roy et al. 2016). Laccases can also operate in laccase mediator systems 
(LMS), where small redox mediators expand the substrate range of the enzyme, facilitating the 
breakdown of otherwise recalcitrant compounds. This approach has proven particularly 
effective for oxidizing polymers, such as LDPE and PP, when mediated by fungal or bacterial 
laccases (Johnnie et al. 2021). 

In recent years, microalgae have emerged as promising candidates in the field of plastic 
degradation. Their rapid growth, capacity for high-value metabolite production, and ability to 
survive under stress make them attractive for integrated bioremediation strategies (Sharma et 
al. 2023). Though still in early stages, research has shown that several microalgae accessions 
can induce structural and chemical changes in plastics, especially under oxidative conditions. 
Spirulina platensis has been shown to cause surface oxidation of PP microplastics, as evidenced 
by FTIR and SEM analyses (Hadiyanto et al. 2021; Khoironi et al. 2019). Moreover, marine 
microalgae like Navicula sp. and Synechocystis sp. were reported to secrete oxidative enzymes 
that facilitate the degradation of polystyrene (PS) through laccase-like activity (Gowthami et 
al. 2025). Despite these advancements, little is known about which green microalgae 
(Chlorophyceae) are best suited for enzyme production, particularly in freshwater systems. 
Microalgae are capable to produce a diverse array of extracellular enzymes, including 
oxidoreductases like laccases. The potential of using algae as bio-factories for enzyme 
production offers a sustainable and scalable route to obtain laccases for environmental 
applications. Although much of the literature focuses on fungal sources, recent metagenomic 
and transcriptomic studies suggest that certain green microalgae, including Chlamydomonas 
reinhardtii, harbor genes encoding putative laccases or laccase-like multicopper oxidases 
(Mahuri et al. 2023; Otto et al. 2015). Voigt et al. (2014) demonstrated that Scenedesmus 
obliquus shares extracellular glycoproteins with C. reinhardtii, including proline- and 
hydroxyproline-rich proteins, which are known to be functionally associated with oxidative 
enzymes, suggesting a conserved oxidative potential in their extracellular matrices. The use of 
microalgae for this purpose also benefits from their photosynthetic metabolism, which can 
support growth and metabolite production using only light, water, and CO₂. Screening for 
naturally high-producing microalgae accessions is a critical first step to harnessing this 
potential. 

The goal of this study is to perform a broad screening of 35 green microalgae accessions from 
diverse freshwater habitats to evaluate their capacity for extracellular laccase production. By 
identifying the most promising laccase-producing strains, this work contributes to the 
development of algal-based platforms for plastic bioremediation and enzyme production. The 
data obtained will also serve as the foundation for downstream applications, including enzyme 
purification and functional plastic degradation studies. 
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In addition to the biological screening of microalgae as laccase producers, this study also 
investigated the direct action of purified Pleurotus ostreatus laccase on plastic particles, 
particularly on polyethylene (PE) and polypropylene (PP). While enzymatic oxidation of PE is 
well documented (González-Márquez et al. 2024; Ramamurthy et al. 2024b), PP remains 
largely unexplored due to its higher chemical inertness and hydrophobicity (Sabellico et al. 
2025; Xue et al. 2025). To address this gap, we employed Pleurotus ostreatus laccase in 
controlled in vitro assays to evaluate its capability to oxidize PE and PP surfaces. Using ATR-
FTIR spectroscopy, we detected the formation of hydroxyl, carbonyl, and vinyl groups on 
plastic polymers, indicating enzyme-induced surface modifications (Ruan et al. 2023; Zampolli 
et al. 2023). These findings represent one of the first FTIR-based demonstrations of laccase 
activity on PP, suggesting its potential susceptibility to oxidative biotransformation (Sabellico 
et al. 2025). This dual approach, screening of green microalgae as sustainable laccase 
biofactories and direct evaluation of fungal enzyme effects on recalcitrant plastics, positions 
this work at the intersection of fundamental enzymology and applied environmental 
biotechnology (Temporiti et al. 2022). 

2.2. Materials and methods 
2.2.1.  Microalgal accessions and culture conditions 

Thirty-five green microalgae accessions belonging to diverse genera (Chlamydomonas, 
Chlorella, Scenedesmus, Desmodesmus, Heterochlorella, Botryococcus, Acutodesmus, 
Raphidocelis, and Nannochloropsis) were obtained from the ACUF culture collection at the 
Department of Biology, University of Naples Federico II. Microalgae cultures were maintained 
in Bold’s Basal Medium (BBM) and incubated under controlled phototrophic conditions: 24 ± 
1 °C, continuous orbital shaking at 100 rpm, and a 16:8 h light/dark photoperiod with a light 
intensity of 100 μmol photons m⁻² s⁻¹. All culture media, flasks, and equipment were sterilized 
using an autoclave at 121 °C for 20 minutes prior to use, following standard aseptic techniques. 

2.2.2.  Biomass growth monitoring 
Algal growth was monitored spectrophotometrically by measuring absorbance at 680 nm, 
which correlates with chlorophyll-a content and biomass accumulation. Measurements were 
performed at regular intervals using a UV-Vis spectrophotometer and normalized to culture 
volume. This method is widely adopted for non-destructive monitoring of microalgal growth 
and has shown strong correlation with chlorophyll-a quantification in several studies 
(Cadondon et al. 2022). 

2.2.3.  Experimental setup and sampling 
Each strain was cultured in 250 mL Erlenmeyer flasks containing 100 mL of BBM and 
incubated under the conditions described above. Sampling for enzymatic analysis was 
performed at 7, 14 and 21 days post-inoculation. Aliquots of culture supernatants were collected 
by centrifugation at 4000 rpm for 10 min and stored at 4 °C for immediate enzymatic assay. 

2.2.4.  In silico analysis of laccase genes in green microalgae 
A bioinformatic screening was conducted to identify putative laccase or laccase-like 
multicopper oxidase (LMCO) genes in green microalgae. The amino acid sequence of the 
fungal laccase PoxA1b from P. ostreatus (UniProt accession: O60199) was used as the 
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reference query for homology-based searches. BLASTp analyses were performed against the 
protein databases of Chlamydomonas reinhardtii and Botryococcus braunii using the 
Phytozome platform (https://phytozome-next.jgi.doe.gov). Candidate sequences were retained 
based on an identity threshold of >35% and an E-value <1e−10. Conserved domain architecture 
was assessed using the SMART database (http://smart.embl-heidelberg.de) to identify Cu-
oxidase domains characteristic of laccase-like enzymes. Signal peptide prediction was included 
in this step in order to evaluate potential extracellular localization. To assess evolutionary 
relationships, a phylogenetic analysis was performed using MEGA 11 software. Protein 
sequences were aligned using the ClustalW algorithm, and a phylogenetic tree was constructed 
with the neighbor-joining method, applying 1000 bootstrap replicates to ensure robustness. 
Pairwise sequence distance matrices were also generated to quantify similarity between each 
candidate and the reference sequence. This integrated computational approach enabled the 
identification and preliminary functional characterization of LMCO candidates in microalgae 
accessions relevant to this study. 

2.2.5. Laccase activity assay using ABTS 
Laccase activity was measured using a colorimetric assay based on the oxidation of 2,2'-azino-
bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS). Upon oxidation by laccase, ABTS forms 
a stable green-blue radical cation (ABTS•⁺), which is quantified spectrophotometrically at 420 
nm over 90 seconds. Assays were performed in 96-well microplates using 2 mM ABTS in 100 
mM citrate-phosphate buffer, pH 4.5. the enzyme activity was calculated as change in 
absorbance per minute and expressed in μU mL⁻¹, normalized per cell count. This method is 
widely adopted for assessing extracellular laccase activity in microbial systems (Gáspár et al. 
2020; Mora-Gamboa et al. 2023). 

2.2.6. Experimental setup of PO1ab from P. ostreatus and PE/PP exposure 
Following the selection of microalgae strains exhibiting high laccase activity during their 
growth phase, an additional experiment was conducted to investigate the potential degradative 
effect of laccases on two widely used plastic polymers: polyethylene (PE) and polypropylene 
(PP). In contrast to previous assays that employed microalgae, this experiment utilized 
commercially purified laccase from Pleurotus ostreatus (Sigma-Aldrich), dissolved in citrate-
phosphate buffer, pH 4.5, consistent with the optimal pH conditions for laccase enzymatic 
activity. 

The incubation was carried out in 24-well plates, with a total reaction volume of 2 mL per well, 
and maintained at a constant temperature of 24°C. Uniformly cut fragments of PE and PP 
(0.5x0.5 cm) were incubated in the enzymatic solution for three time points: T0 (initial time), 
T1 (7 incubation-days), and T2 (14 incubation-days). At each time point, plastic samples were 
collected for subsequent chemical characterization. Moreover, to remove organic matter and 
ensure accurate surface analysis, PE and PP sheets were treated with 30% (v/v) hydrogen 
peroxide (H₂O₂) solution. This oxidative cleaning step was followed by drying sheets in a 
vacuum oven at 80 °C until completely moisture-free. 

The selection of PE as a target polymer is supported by several recent studies that have 
demonstrated the capability of laccases to induce surface oxidation and structural alterations in 
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PE polymers. Laccases from Trichoderma harzianum (Ruan et al. 2023), Klebsiella 
pneumoniae (Zhang et al. 2023), and other microbial sources have been shown causing 
measurable weight loss, reduced water contact angle, and the formation of oxygen-containing 
functional groups, as evidenced by FTIR and SEM analyses. Furthermore, in silico docking 
studies have confirmed that laccases can bind and potentially catalyze the oxidative 
transformation of PE even in the absence of mediators (Santacruz-Juárez et al. 2021). 

In contrast, polypropylene (PP) remains poorly characterized in this context. To date, no 
published studies have directly examined the degradative effects of purified laccases on PP, 
making this assay, one of the first attempts to evaluate the potential of laccase-mediated 
oxidation on this polymer. The presence of PP in the assay enabled a comparative analysis of 
laccase activity across two chemically distinct polyolefins and may provide preliminary insights 
into the feasibility of enzymatic strategies for broader plastic bioremediation applications. 

2.2.7. Polymer characterization by ATR-FTIR spectroscopy 
Post-incubation, PP sheets were rinsed with sterile water and dried under sterile laminar flow 
conditions. Surface chemical modifications were evaluated using Fourier transform infrared 
(FTIR) spectroscopy in attenuated total reflectance (ATR) mode, by the means of a PerkinElmer 
Spectrum One FTIR spectrometer (Waltham, MA), equipped with an ATR module, using a 
resolution of 4 cm–1 and 32 scan collections. Spectra were collected in the 4000-650 cm⁻¹ 
range. Spectral normalization was performed considering the 2800-3000 cm⁻¹ region (C-H 
stretching) as an internal standard (Anshari et al. 2025; Lisa et al. 2016; Tian et al. 2009). 
Changes in characteristic absorption bands, such as hydroxyl (3200–3600 cm⁻¹), carbonyl 
(~1730 cm⁻¹), vinyl (~1650 cm⁻¹), and ether/C-C regions (1250-950 cm⁻¹), were used to identify 
oxidation, functional group incorporation, and chain scission associated with polymer 
degradation. Differences between control and microalgae-treated samples were analyzed to 
assess the impact of biological exposure on the PP surface. 

2.2.8.  Statistical analysis 
All experiments were conducted with three independent biological replicates, each comprising 
three technical replicates, for a total of nine technical replicates per condition. Data are 
expressed as mean ± standard deviation (SD). Statistical comparisons were carried out using 
one-way ANOVA, followed by Tukey’s HSD post hoc test to assess differences among time 
points and treatments. Analyses were performed using R software version 4.3.1, with 
significance set at p ≤ 0.05. 

2.3. Results and discussion 
2.3.1.  Genetic analysis on laccase enzymes in microalgae 

These enzymes are particularly suitable for environmental applications due to their broad 
substrate specificity and ability to catalyze oxidation of phenolic compounds under mild 
condition . To explore the potential of green microalgae to secrete laccase enzymes with 
relevance for environmental detoxification, an in silico BLASTp analysis was performed using 
the well-characterized laccase from Pleurotus ostreatus (Poxa1b) as the query. The analysis 
was carried out on the Phytozome platform (Goodstein et al. 2012), targeting the genomes of 
two green algal species present in our collection: Chlamydomonas reinhardtii and Botryococcus 
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braunii. This approach follows previous strategies where fungal laccases have been used as 
reference sequences to identify functionally homologous genes in photosynthetic 
microorganisms (Arregui et al. 2019; Viswanath et al. 2014). The BLAST search identified four 
putative laccase genes in C. reinhardtii and three in B. braunii, suggesting the presence of multi-
copper oxidase genes in both species (Table 2.1). 

Table 2.1. BLASTp analysis of putative laccase-like multicopper oxidases identified in the 
genomes of C. reinhardtii and B. braunii, using the fungal laccase PoxA1b from P. 
ostreatus as the query sequence. For each protein hit are reported, the corresponding 
species, E-value, and percentage of sequence identity. 
Protein Species E-value % identity 
Cre02.g098350.t1.1 C. reinhardtii v5.6 3.87e-31 33 

Cre01.g031500.t1.2 C. reinhardtii v5.6 1.93e-28 28 

Cre01.g031500.t1.2 C. reinhardtii v5.6 4.50e-9 36 

Cre03.g162366.t1.1 C. reinhardtii v5.6 1.64e-16 38 

Cre03.g162366.t1.1 C. reinhardtii v5.6 1.21e-3 30 

Cre09.g393150.t1.2 C. reinhardtii v5.6 5.84e-2 26 

Cre09.g393150.t1.2 C. reinhardtii v5.6 7.36e-2 31 

Bobra.0844s0001.1.p B. braunii v2.1 1.33e-39 36 

Bobra.0844s0001.1.p B. braunii v2.1 1.90e-10 38 

Bobra.0324s0002.1.p B .braunii v2.1 1.32e-19 37 

Bobra.0324s0002.1.p B. braunii v2.1 7.48e-12 34 

Bobra.0609s0001.1.p B. braunii v2.1 8.19e-2 43 

Bobra.0609s0001.2.p B. braunii v2.1 8.26e-2 43 
 

 

This is consistent with earlier genomic studies that have reported laccase-like multicopper 
oxidases (LMCO) in C. reinhardtii, although their exact roles remain partially uncharacterized 
(Gérin et al. 2024). Using the SMART database (Letunic et al. 2018; Letunicet al. 2021), we 
analyzed the presence of Pfam, particularly the three-characteristic copper-binding motifs that 
are essential for laccase catalytic function (Rodríguez et al. 2006). Additionally, we screened 
for the presence of signal peptides using available prediction tools, as these motifs are indicative 
of enzyme secretion into the extracellular medium, which is critical for environmental 
interaction and bioremediation applications (Hoegger et al. 2006) (Figure 2.1). 
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Figure 2.1. Domain architecture of putative laccase-like multicopper oxidase (LMCO) proteins identified in C. reinhardtii and B. braunii, in comparison to the 
reference fungal laccase PoxA1b from P. ostreatus. Canonical copper-binding domains (Cu-oxidase, Cu-oxidase_2, Cu-oxidase_3) are indicated in black/grey 
boxes. Predicted signal peptides were indicated with red boxes. 
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The results displayed in Figure 2.1 revealed that several of the C. reinhardtii sequences 
contained the three canonical copper-binding motifs required for enzymatic activity (Cu-
oxidase_3, Cu-oxidase and Cu-oxidase_2) as well as a predicted N-terminal signal peptide, 
strongly supporting their annotation as secreted laccases. This aligns with experimental 
evidence of secreted oxidative enzymes in Chlamydomonas under stress conditions (Gérin et 
al. 2024) and supports their potential role in extracellular biotransformation of recalcitrant 
pollutants such as polypropylene (PP). In B. braunii, three sequences were also identified as 
homologous to P. ostreatus laccase. However, only one sequence exhibited a signal peptide, 
while the other two lacked this feature, implying a possible intracellular or membrane-
associated localization, which may limit their interaction with extracellular contaminants. This 
in silico screening represents a strategic first step in identifying microalgal strains with 
functional laccase machinery that could be leveraged for environmental applications (Otto et 
al. 2010). Given the increasing interest in biocatalytic degradation of microplastics, particularly 
polyolefins like PP (De Jesus et al. 2022; Singh et al. 2022), the identification of secreted algal 
laccases provides a promising avenue for subsequent experimental validation. In addition, in 
order to evaluate the relationship among the putative LMCOs and evaluate the similarity to the 
fungal laccase, a phylogenetic tree was built based on maximum likelihood inference using the 
aligned protein sequences (MEGA11) (Figure 2.2). The resulting topology revealed two major 
clades that reflect species origin. One well-supported group included three B. braunii candidates 
(Bobra.0609s0001.1.p, Bobra.0844s0001.1.p, and Bobra.0324s0002.1.p), suggesting a 
conserved paralogous expansion within this lineage. In contrast, the C. reinhardtii candidates 
(Cre09.g83150.t1.2, Cre01.g03150.t1.2, Cre02.g098350.t1.1, and Cre03.g162366.t1.1) cluster 
in a separate clade together with the fungal P. ostreatus laccase (PoxA1b), with posterior 
support values ranging from 0.82 to 1.0. This closer phylogenetic proximity to the fungal 
enzyme suggested that C. reinhardtii laccase-like proteins may be more functionally similar to 
fungal laccases, particularly in terms of substrate specificity and oxidative efficiency (Janusz et 
al. 2020). This interpretation is further supported by the pairwise distance matrix computed 
from the aligned sequences: the evolutionary distance between Cre01.g03150.t1.2 and PoxA1b 
is approximately 1.15, which is among the lowest values observed, whereas the distances 
between B. braunii sequences and the fungal laccase exceed 1.48, indicating greater divergence. 
Notably, Cre01.g03150.t1.2, which not only features a full set of functional domains and a 
predicted signal peptide, but also shows the lowest genetic distance to the fungal reference, 
emerges as a particularly promising candidate for further biochemical and functional 
characterization in the context of oxidative degradation of polypropylene (PP). Altogether, the 
combination of phylogenetic and pairwise similarity data highlights a divergence in the 
evolutionary trajectories of laccase-like enzymes in these two green algae species. While B. 
braunii exhibited signs of gene duplication events with potentially more conserved paralogous 
copies, C. reinhardtii appeared to possess functionally convergent extracellular laccases, more 
closely related to those of fungi, reinforcing its potential for heterologous expression systems 
and applied bioremediation strategies. These enzymes could play a pivotal role in the oxidative 
breakdown of hydrophobic polymers, enhancing the bioremediation capacity of green algae and 
contributing to sustainable wastewater treatment technologies. 
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Figure 2.2. Phylogenetic tree generated by Maximum Likelihood (ML) analysis based on aligned 
amino acid sequences of putative laccase-like multicopper oxidases (LMCOs) from C. reinhardtii and 
B. braunii, including the fungal laccase PoxA1b from P. ostreatus as reference. 

2.3.2.  Screening of potential of laccase production 
An extensive screening was conducted to evaluate the enzymatic activity of laccase across 35 
microalgal accessions (Gérin et al. 2024; Otto et al. 2015), sampled at three distinct time points 
(Figures 2.3, 2.4, 2.5, 2.6, 2.7, 2.8): T1 (7-days-old), T2 (14-days-old), and T3 (21-days-old). 
Laccases, as multi-copper oxidases, are widely studied for their biotechnological potential, 
including applications in bioremediation, biofuel production, and wastewater treatment (Abd 
Ellatif et al. 2021; Gupta et al. 2024; Mahuri et al. 2023). Previous studies have demonstrated 
the ability of microalgal laccases to degrade recalcitrant pollutants (Otto et al. 2015; Wu et al. 
2022), making the selection of high-activity strains particularly relevant for industrial 
applications. For each strain, the enzymatic activity was measured at each time point, and the 
data were standardized by calculating the ratio of enzymatic activity to the number of cells. The 
selection of microalgal strains with enhanced enzymatic activity represents a critical initial step 
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in optimizing laccase production from microalgae (El-Batal et al. 2015). This study employed 
a multi-step screening approach to identify axenic microalgal strains exhibiting high laccase 
activity in Bold Basal Medium under stable conditions (Moradi et al. 2024). The primary 
objective was to select the most robust native strains with significant laccase enzymatic activity 
for further investigation, as previous studies have demonstrated the potential of microalgae such 
as C. vulgaris in enzymatic applications (Vingiani et al. 2019). The data were subsequently 
analyzed using R statistical software, revealing significant variations in laccase activity 
between different strains and time points. Such variations have been previously observed in 
enzymatic activity across different microalgal species (Mishra Arti and Varma Ajit 2025). 

A one-way ANOVA was performed to test for statistical differences in laccase activity among 
accessions and time points, revealing highly significant results (p-value < 2e-16), which 
indicate substantial variability in enzymatic activity across the different strains and time points. 
This approach aligns with standard practices in enzymatic studies involving microalgae, where 
ANOVA is frequently employed to assess biochemical responses under experimental 
treatments (Salbitani et al. 2022). Following the ANOVA, a post-hoc Tukey HSD test was 
applied to determine which specific groups differed significantly (Figures 2.9, 2.10). This 
method ensures a robust statistical framework for distinguishing subtle differences across 
multiple comparisons, as similarly adopted in recent enzymatic characterizations of 
cyanobacterial laccases (Sami et al. 2024). 
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Figure 2.3. Laccase activity in six accessions at three different time points: T1 (7 days), T2 (14 days), 
and T3 (21 days). 
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Figure 2.4. Laccase activity in six accessions at three different time points: T1 (7 days), T2 (14 days), 
and T3 (21 days). 
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Figure 2.5. Laccase activity in six accessions at three different time points: T1 (7 days), T2 (14 days), 
and T3 (21 days). 
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Figure 2.6. Laccase activity in six accessions at three different time points: T1 (7 days), T2 (14 days), 
and T3 (21 days). 
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Figure 2.7. Laccase activity in six accessions at three different time points: T1 (7 days), T2 (14 days), 
and T3 (21 days). 
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Figure 2.8. Laccase activity in six accessions at three different time points: T1 (7 days), T2 (14 days), 
and T3 (21 days). 
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Some strains showed a significant 1-fold decrease in laccase activity between T1 and T2, 
followed by an additional decrease between T2 and T3. This secondary decrease ranged from 1-
fold decrease exhibited in S. vacuolatus (#105), to nearly 4-fold in C. pitschmannii (#119), up 
to 7.5-fold in S. obtusus (#122) and as high as 9.6-fold in S. obliquus (#106). Similar trends 
were showed in S. vacuolatus (#101, #102, #111, #113, #115, #127, #129), C. braunii (#104), 
C. vulgaris (#112, #118), C. fusca (#116), C. pitschmannii (#121, #123), C. sorokiniana (#125). 
Moreover , statistical analysis underlined that only S. vacuolatus (#105), C. braunii (#104), C. 
vulgaris (#112, #118) showed statistical differences over time, exhibiting a 1-fold decrease 
from T1 to T3, while no statistical changes were observed in other accessions. In addition, cluster 
analysis revealed that these accessions, across different time points, were assigned to a unique 
cluster (Cluster 4) except for S. vacuolatus (#105), C. braunii (#104), C. vulgaris (#112, #118) 
at 7-days-old (T1), which grouped instead a distinct cluster (Cluster 1). Cluster 4 also included 
other accessions analyzed in this study. Accessions C. reinhardtii (#103, #139) and C. 
emersonii (#117) ,although belonging to this cluster, exhibited distinctive trends. Specifically, 
C. reinhardtii (#103, #139) showed an initial laccase activity reduction of approximately 50–
60%, followed by a second decrease of 50% and 1-fold, respectively. In contrast, C. emersonii 
(#117) exhibited an initial 1-fold decrease, but the second reduction was limited to only 30%. 
Notably, only C. reinhardtii (#103) displayed statistically significant changes over time 
compared to the other two accessions. In contrast, accessions C. pitschmannii (#120) and S. 
vacuolatus (#128), after an initial 1-fold decrease in the laccase activity, showed a consistent 
increase in the second part of the experiment, with changes of 11- and 13-fold, respectively. 
Despite this divergent trend, both accessions were still assigned to Cluster 4. However, these 
increases were not statistically significant, suggesting that while their enzymatic response 
deviated from the majority of accessions in the same cluster, the observed variation may reflect 
intrinsic biological fluctuation rather than a robust, treatment-driven effect. Furthermore, other 
accessions were grouped within Cluster 4 that did not exhibit marked deviations in laccase 
activity over time. These are C. vulgaris (#109), C. pitschmannii (#110), A. obliquus (#130), C. 
zofingiensis (#140), K. flaccidum (#141) and N. gaditana (#412). These accessions exhibited 
different trends from those previously described. However, these strains did not show 
statistically significant changes over time, suggesting that their behavior may represent 
individual variability rather than a consistent response to treatment. 

Conversely, accessions C. acidophila (#100), C. emersonii (#107) and S. vacuolatus (#114), H. 
luteoviridis (#124), D. communis (#126) and B. braunii (#131) presented higher laccase activity 
over time than all assayed microalgae accessions and their activity profiles are clustered in 
different groups. The highest laccase activity was detected in D. communis (#126) at 7-days-
old (T1) and 14-days-old (T2) with 91.5 ± 1.5 µU cell-1 and 95.75 ± 2.05 µU cell-1 respectively. 
These laccase activities were associated with Cluster 6. At 21-days-old at (T3) enzymatic 
activity declined sharply to 16 ± 0.36 µU cell-1corresponding to a reassignment into Cluster 1. 
Similarly, C. acidophila (#100) exhibited consistently high laccase activity at 14-days-old (T2) 
of 67.2 ± 2.51 μU cell⁻¹, placing it within Cluster 2. However, at the earlier time point (T1), the 
activity was markedly lower (16.85 ± 0.35 μU cell⁻¹), corresponding to Cluster 1. By 21-days-
old (T3), laccase activity increased to 30 ± 3.1 μU cell⁻¹, resulting in its reassignment to Cluster 
3. These shifts reflect a dynamic pattern of enzymatic response over time (Carbone et al. 2018). 
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C. emersonii (#107) was assigned to three distinct clusters depending on the sampling time. At 
7-days-old (T1), with a laccase activity of 14.74 ± 17.97 μU cell⁻¹, it was grouped in Cluster 5. 
At 14-days-old (T2), its activity increased to 35.5 ± 1.4 μU cell⁻¹, resulting in its reassignment 
to Cluster 3. By 21-days-old (T3), however, the activity dropped to 9.77 ± 0.18 μU cell⁻¹, leading 
to its placement in Cluster 1. This temporal variability highlighted the strain’s dynamic 
enzymatic profile in response to experimental conditions. Notably, S. vacuolatus (#114) 
remained grouped within Cluster 1 across all sampling time points, these are at 7-days-old (T1) 
with 7.38 ± 0.48 μU cell⁻¹, at 14-days-old (T2) with 12.43 ± 1.88 μU cell⁻¹ and at 21days-old 
(T3) with 8.77 ± 0.79 μU cell⁻¹, indicating a stable laccase activity throughout the entire 
experimental period (Otto et al. 2015a). H. luteoviridis (#124) initially exhibited a laccase 
activity of 13.47 ± 0.85 μU cell⁻¹ at 7-days-old (T1), which placed it in Cluster 1. At 14-days-
old (T2), enzymatic activity increased to 26.07 ± 1.40 μU cell⁻¹, leading to its reassignment to 
Cluster 3. However, at 21-days-old (T3), laccase levels dropped sharply to 3.73 ± 0.09 μU cell⁻¹, 
resulting in a shift to Cluster 4. In contrast, B. braunii (#131) maintained high laccase activity 
at both 7- and 14-days-old (T1 and T2) with laccase activity of 22.76 ± 2.76 μU cell⁻¹ and 22.76 
± 5.84 μU cell⁻¹, consistently grouping within Cluster 3. At 21-days-old (T3), a noticeable 
decline to 14.2 ± 2.61 μU cell⁻¹ was observed, corresponding to its reassignment to Cluster 1. 

These findings underscore the dynamic nature of laccase enzymatic activity across microalgae 
accessions and time points. Some strains, such as D. communis (#126), C. acidophila (#100), 
and H. luteoviridis (#124), S. vacuolatus (#114) and B. braunii (#131) showed consistent 
increases in laccase activity throughout the experimental period, whereas others showed 
negligible or no significant enzymatic activity (Otto et al. 2015). The identification of these 
fluctuations in laccase activity (Cañas and Camarero 2010; Sumathi et al. 2016) highlights the 
necessity of selecting microalgae accessions that demonstrate either consistent or increasing 
enzymatic production over time, making them ideal candidates for industrial applications 
requiring high laccase production (Alessandra et al. 2010; Martin et al. 2024). Given the 
potential biotechnological applications of microalgal laccases in bioremediation, industrial 
processes, and environmental sustainability, the identification of high-yielding strains is of 
particular interest (Brasil et al. 2017). This study thus represented a pivotal initial phase in a 
broader investigation into microalgal laccase production patterns. It has offered valuable 
insights into the temporal enzymatic behavior of different accessions and has informed the next 
stages of targeted research (Figure 2.5). Based on the outcomes, five promising strains - C. 
acidophila (#100), C. reinhardtii (#103), S. vacuolatus (#114), H. luteoviridis (#124), and D. 
communis (#126) - have been selected for further experimentation. These accessions 
demonstrated superior enzymatic activity and are hypothesized to offer enhanced efficiency 
and stability under varying environmental conditions. Future research will focus on analyzing 
cultivation parameters and exploring stress-induction strategies to augment enzyme yield. 
These directions are essential to developing robust and scalable systems for sustainable enzyme 
production. The insights from this preliminary screening will serve as the groundwork for 
refining and enhancing the enzymatic output of selected strains, ultimately advancing their 
deployment in environmental and industrial applications. 
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Figure 2.9. Hierarchical clustering dendrogram of laccase activity profiles from 35 green microalgae 
accessions at three time points (T1: 7 days, T2: 14 days, T3: 21 days). Clustering was performed using 
Euclidean distance and Ward’s minimum variance method (ward.D2) on enzymatic activity data 
normalized per cell. 
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Figure 2.10. Heatmap showed laccase activity (μU cell⁻¹) of selected green microalgae accessions at 
three time points: T1 (7 days), T2 (14 days), and T3 (21 days). Color intensity reflected increasing 
enzymatic activity, from low (yellow) to high (red). 
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2.3.3. PP and PE structural analysis: ATR-FTIR 

Attenuated Total Reflectance Fourier Transform Infrared (ATR-FTIR) spectroscopy was 
employed to assess surface chemical modifications in polyethylene (PE) and polypropylene 
(PP) following enzymatic treatment with purified P. ostreatus laccase. Samples were analyzed 
after 7 and 14 days of incubation and compared to untreated controls incubated in buffer 
solution (Figure 2.9). 

Analyzing PE samples, distinct changes were observed in the -OH stretching region (3600-
3200 cm⁻¹) and the C=O stretching region (~1730 cm⁻¹) during incubation time of the 
enzymatic exposure. These spectral modifications suggest the introduction of hydroxyl and 
carbonyl functional groups, consistent with oxidative surface modifications. A progressive 
broadening and increase in absorbance in the hydroxyl region (blue line) indicates enhanced 
surface oxidation over time, likely mediated by laccase-catalyzed reactions. Additionally, 
subtle changes in the fingerprint region (1250-950 cm⁻¹) suggest alterations in C-C skeletal 
vibrations, which may be linked to early-stage chain scission and backbone reorganization, as 
also reported in previous studies on enzymatic or photodegradative oxidation of PE (Ruan et 
al. 2023).Furthermore, in PP samples, ATR-FTIR analysis revealed similar oxidative trends. 
A marked increase in the intensity of the hydroxyl stretching band (3600–3200 cm⁻¹) was 
observed after 14 days of incubation with laccase (blue line), suggesting the incorporation of 
hydrophilic -OH groups. Furthermore, the emergence of a carbonyl peak near 1730 cm⁻¹ 
indicated oxidation of tertiary carbon atoms along the PP backbone, a modification typically 
associated with the formation of ketones, aldehydes, and carboxylic acids. Additional spectral 
changes were noted around 1650 cm⁻¹, which correspond to vinyl (C=C) stretching vibrations, 
potentially indicative of oxidative chain scission and the formation of unsaturated terminal 
groups. Finally, consistent changes in the 1250-950 cm⁻¹ region reflected alterations in C-C 
bonds, supporting the hypothesis of laccase-mediated surface restructuring. 

These results demonstrate that laccase enzymes are capable of inducing oxidative 
modifications on both PE and PP surfaces, as evidenced by the incorporation of oxygen-
containing functionalities and alterations in key vibrational regions. While such oxidative 
degradation pathways have been widely reported for PE, this study provides new evidence for 
similar effects on PP, a polymer less studied in the context of enzymatic degradation. These 
findings highlight the potential application of fungal laccases in the biotransformation of 
chemically inert polyolefins. 
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Figure 2.9. ATR-FTIR spectra of polyethylene (PE) and polypropylene (PP) samples after 
enzymatic treatment with P. ostreatus laccase. PE and PP samples: comparison between 
untreated control (black line), 7-day laccase treatment (red line), and 14-day laccase treatment 
(blue line). 
 

2.4. Conclusions 

This chapter highlights the biotechnological potential of Chlorophyceae microalgae as 
renewable platforms for the production of oxidative enzymes relevant to synthetic 
polymer degradation. Functional screening identified several strains, belonging to 
Desmodesmus, Chlamydomonas, Heterochlorella and Botryococcus genera, as efficient 
producers of extracellular laccase activity. Complementary, in silico analysis confirmed 
the presence of laccase-like multicopper oxidase (LMCO) genes in C. reinhardtii and B. 
braunii, revealing conserved catalytic domains and secretion signals that support their 
applicability in heterologous expression systems or direct enzyme harvesting. 

The successful oxidation of polyethylene (PE) and, notably, polypropylene (PP) films by 
P. ostreatus laccase, as evidenced by ATR-FTIR spectroscopy, provides validation of 
laccase-driven polymer modification. The appearance of carbonyl, hydroxyl, and vinyl 
functional groups suggests initial steps of oxidative depolymerization, expanding the 
known substrate scope of fungal laccases to include recalcitrant materials like PP. 
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These findings lay the groundwork for the development of integrated biocatalytic 
platforms that combine microalgal and fungal enzyme systems for plastic valorization 
and degradation. From an environmental perspective, the deployment of such biologically 
derived enzymes offers a sustainable and low-impact alternative to traditional plastic 
waste treatments, aligning with global efforts to reduce the ecological footprint of 
synthetic polymer pollution. 
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Chapter 3 

Algae versus polypropylene (PP): functional and structural 
insights into green microalgae-mediated plastic surface 
oxidation 

Summary 

Polypropylene (PP) is a widespread and persistent plastic pollutant in terrestrial and 
aquatic environments, with limited biodegradation solutions. This study investigates the 
potential of five green microalgae strains (Chlamydomonas acidophila, Chlamydomonas 
reinhardtii, Scenedesmus vacuolatus, Heterochlorella luteoviridis and Desmodesmus 
communis) to induce surface modifications on PP sheets under controlled laboratory 
conditions. Selected for their high extracellular laccase activity, these strains were 
cultured in the presence of PP for 63 days. Physiological responses, photosynthetic 
pigment profiles, extracellular laccase activity, and polymer surface alterations were 
assessed. All strains exhibited strain-specific growth dynamics and resilience in PP-
contaminated media, with notable pigment accumulation and transient increases in 
carotenoid levels suggesting oxidative stress mitigation. Laccase activity was 
predominantly observed during early cultivation phases (7-14 days). ATR-FTIR analysis 
revealed surface oxidation of PP, evidenced by the formation of hydroxyl, carbonyl, and 
vinyl groups, particularly in samples treated with C. acidophila, C. reinhardtii, and D. 
communis. These findings demonstrate that selected green microalgae can promote early-
stage oxidative modifications of PP surfaces through enzymatic and oxidative 
mechanisms, supporting their potential application in biotechnological strategies for 
plastic bioremediation. 
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3.1. Introduction 

The pervasive accumulation of plastic debris, particularly in aquatic ecosystems, has 
raised urgent concerns over its long-term environmental and ecological consequences. 
Polypropylene (PP), a semi-crystalline thermoplastic polymer, is one of the most 
commonly produced plastics worldwide due to its low cost, durability, and chemical 
resistance. This plastic matter, due to its broad industrial application, lightweight nature, 
and chemical stability, is one of the most abundantly produced and recalcitrant plastic 
polymers, with a global production exceeding 70 million metric tons annually (Geyer et 
al. 2017). It is widely used in packaging, textiles, consumer products, and, significantly, 
in agriculture, used as mulch films, irrigation systems, seedling trays, and agrochemical 
containers (Chamas et al. 2020). Its extensive application in agri-food systems has made 
it a major contributor to plastic waste in rural and peri-urban environments, where it is 
often subject to UV exposure, mechanical abrasion, and improper disposal. Once 
discarded, PP degrades slowly, releasing secondary MPs (MPs, <5 mm) and NPs (NPs, 
<1 µm that persist in ecosystems for decades. Landfilling, the most prevalent method, 
results in long-term environmental accumulation and leakage into surrounding soil and 
water systems (Huang et al. 2022). Moreover, PP debris can interfere with nutrient 
cycling, impact aquatic organisms, and contribute to the spread of pollutants and 
pathogens. Alarmingly, projections estimate that if current trends persist, cumulative 
environmental loads of MPs and NPs could reach 2.2 and 3.1 gigatonnes respectively by 
2050 (Bacha et al. 2023). Nevertheless, post-consumer management of PP remains a 
major bottleneck in circular economy frameworks. Its low density and contamination in 
mixed waste streams complicate recycling, while incineration leads to the emission of 
toxic by-products such as dioxins and furans (Maitlo et al. 2022). These limitations 
underscore the urgent need for innovative and sustainable alternatives, particularly those 
leveraging biological agents for in situ plastic mitigation. 

In recent years, increasing attention has turned toward the biodegradation of plastics as a 
feasible and eco-friendly strategy for mitigating plastic pollution. Biodegradation refers 
to the enzymatic breakdown of complex polymers into simpler, less toxic molecules 
through the metabolic activity of living organisms such as bacteria, fungi, or microalgae 
(Khoironi et al. 2019). Despite the growing interest in microbial degradation of 
polyethylene (PE) and polystyrene (PS), the literature on polypropylene (PP) 
biodegradation, especially by photosynthetic organisms such as green microalgae, 
remains scarce. Several microbial strains, including both prokaryotic and eukaryotic 
species, have demonstrated capabilities in PP degradation through oxidative or hydrolytic 
mechanisms. Enzymes implicated in depolymerization of plastic particles include 
peroxidases, cutinases, lipases, and notably, laccases-multi-copper oxidases, capable of 
oxidizing a broad range of substrates, including aromatic and phenolic compounds 
present in polymer matrices (Chaudhary et al. 2022). Bacteria and fungi have traditionally 
dominated the landscape of plastic biodegradation research due to their robust enzymatic 
arsenals (Ali et al. 2021), recent studies have begun to highlight the potential of 
photosynthetic microorganisms such as microalgae as promising agents for plastic 
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biotransformation due to their rapid growth, metabolic plasticity, and capacity to interact 
with polymer surfaces under environmentally relevant conditions. While fungal laccases 
have been extensively studied for their plastic-degrading potential (Mohanan et al. 2020), 
recent findings suggest that some microalgae accessions may express extracellular 
laccase-like activity, potentially contributing to plastic modification (Gérin et al. 2024; 
Gowthami et al. 2025). 

Some studies have shown that cyanobacteria and eukaryotic algae can colonize plastic 
surfaces and induce oxidative damage. Hadiyanto et al. (2022) demonstrated that 
Spirulina sp. exposed to PP microplastics produced significant chemical surface changes. 
Similarly, Dianratri et al. (2020) and Khoironi et al. (2019) documented changes in tensile 
strength, surface morphology, and functional group profiles in PP samples incubated with 
microalgae, suggesting early-stage biodegradation. In general, green microalgae have 
been shown to influence plastic degradation both directly, through the secretion of 
oxidative enzymes, such as laccases and peroxidases, and indirectly, by altering surface 
conditions via the production of reactive oxygen species (ROS) and biofilm formation 
(Priya et al. 2022; Yadav et al. 2025). Although still underexplored, several genera, 
including Chlamydomonas, Scenedesmus, Haematococcus, and Desmodesmus, have 
demonstrated potential in promoting early-stage oxidative modifications of polyethylene 
(Gowthami et al. 2023) and polystyrene (Gowthami et al. 2025). Moreover, microalgae 
are gaining interest not only for their environmental resilience and ecological significance 
but also as potential bio-factories for enzymatic compounds. Their ability to grow 
photoautotrophically using sunlight and CO₂, coupled with their capacity to secrete 
extracellular enzymes, including laccases, under stress conditions, makes them attractive 
candidates for biotechnological applications in bioremediation (Cirulis et al. 2013; Pinto 
et al. 2023). 

Advanced analytical techniques such as ATR-FTIR spectroscopy have enabled 
researchers to detect subtle chemical transformations on polymer surfaces, including the 
formation of hydroxyl, carbonyl, and ether groups, which serve as reliable indicators of 
oxidative degradation (Conterosito et al. 2025). These modifications are typically 
localized to the polymer surface, consistent with the extracellular action of enzymatic or 
oxidative agents secreted by microalgae. 

This study builds upon prior screening work where 35 green microalgal accessions were 
evaluated for their ability to produce extracellular laccase activity. From that initial pool, 
five accessions, C. acidophila (#100), C. reinhardtii (#103), S. vacuolatus (#114), H. 
luteoviridis (#124), and D. communis (#126), were selected for their robust laccase 
activity and physiological performance. The objective of this research is to assess the 
impact of these five strains on polypropylene (PP) sheets under controlled laboratory 
conditions, with a focus on changes in biomass accumulation, pigment content, enzymatic 
activity, and surface oxidation of the polymer. 

Through a multidisciplinary approach combining spectrophotometric, enzymatic, and 
ATR-FTIR analyses, this study aims to elucidate the potential of green microalgae as 
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agents of PP modification and to explore their applicability in biotechnological solutions 
for plastic pollution. 

3.2. Materials and methods 
3.2.1.  Microalgae accessions and culture conditions 

Five green microalgae accessions, Chlamydomonas acidophila (#100), Chlamydomonas 
reinhardtii (#103), Scenedesmus vacuolatus (#114), Heterochlorella luteoviridis (#124), 
Desmodesmus communis (#126), were obtained from the Algal Collection University 
Federico II (ACUF), Department of Biology, University of Naples Federico II. All strains 
were cultured in Bold’s Basal Medium (BBM), a nutrient-rich synthetic medium suitable 
for freshwater green microalgae. Cultures were maintained in sterile 250 mL Erlenmeyer 
flasks with 100 mL working volume, incubated under controlled phototrophic conditions: 
temperature at 24 ± 1 °C, continuous orbital shaking at 100 rpm, and a 16:8 h light/dark 
photoperiod under cool white fluorescent light (100 μmol photons m⁻² s⁻¹). Prior to use, 
all culture media, glassware, and polypropylene (PP) test materials were sterilized by 
autoclaving at 121 °C for 20 minutes. PP sheets were cut to uniform dimensions (2×2 
cm), washed with ethanol, and autoclaved as per standard microbial compatibility 
protocols. 

3.2.2.  Biomass growth monitoring 
Algal growth was monitored spectrophotometrically by measuring absorbance at 680 nm, 
which correlates with chlorophyll-a content and biomass accumulation. Measurements 
were performed at regular intervals using a UV-Vis spectrophotometer and normalized to 
culture volume. This method is widely adopted for non-destructive monitoring of 
microalgal growth and has shown strong correlation with chlorophyll-a quantification in 
several studies (Cadondon et al. 2022). 

3.2.3.  Experimental setup and PP exposure 
Each microalgae accession was cultured in two parallel conditions: control cultures with 
only BBM, and experimental cultures supplemented with sterilized PP sheets to simulate 
pollutant exposure. Cultures were incubated for 63 days, and samples were collected at 
six key time points: 0, 35 (T4), and 63 (T5) days post-inoculation. These intervals were 
selected to cover exponential, stationary, and decline phases of microalgae growth. Each 
strain was cultured in 250 mL Erlenmeyer flasks containing 100 mL of BBM/PP-enriched 
medium and incubated under the conditions described above. Aliquots (1mL for biomass 
and supernatant) of culture were collected after centrifugation at 4000 rpm for 10 min and 
stored at 4 °C for immediate enzymatic assay. Moreover, to remove residual organic 
matter and ensure accurate surface analysis, PP sheets were treated with 30% (v/v) 
hydrogen peroxide (H₂O₂) solution. This oxidative cleaning step was followed by drying 
sheets in a vacuum oven at 80 °C until completely moisture-free. This procedure 
minimizes contamination and standardizes surface conditions for downstream following 
analyses. 
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3.2.4. Photosynthetic pigment analysis 
Chlorophylls and carotenoids were extracted and quantified spectrophotometrically. A 1 
mL aliquot of culture was centrifuged at 4000 rpm for 10 minutes, and pigments were 
extracted with 90% acetone following standard protocols (Lichtenthaler et al. 1983). The 
absorbance was measured at 480, 630, 647, 664, 691, 750 nm to determine total 
chlorophylls and carotenoids. Concentrations were calculated using established equations 
and normalized per cell count. 

3.2.5. Laccase activity assay using ABTS 
Laccase activity was measured using a colorimetric assay based on the oxidation of 2,2'-
azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS). Upon oxidation by laccase, 
ABTS forms a stable green-blue radical cation (ABTS⁺), which is quantified 
spectrophotometrically at 420 nm over 90 seconds. Assays were performed in 96-well 
microplates using 2 mM ABTS in 100 mM citrate-phosphate buffer, pH 4.5. Enzyme 
activity was calculated as change in absorbance per minute and expressed in μU mL⁻¹, 
normalized per cell count. This method is widely adopted for assessing extracellular 
laccase activity in microbial systems (Gáspár et al. 2020; Mora-Gamboa et al. 2023). 

3.2.6.  Polymer characterization by ATR-FTIR spectroscopy 
In post-incubation, PP sheets were rinsed with sterile water and dried under sterile laminar 
flow conditions. Surface chemical modifications were evaluated by Fourier transform 
infrared (FTIR) spectroscopy in attenuated total reflectance (ATR) mode, by the means 
of a PerkinElmer Spectrum One FTIR spectrometer (Waltham, MA), equipped with an 
ATR module, using a resolution of 4 cm–1 and 32 scan collections. Spectra were collected 
in the 4000-650 cm⁻¹ range. Spectral normalization was performed considering the 2800-
3000 cm⁻¹ region (C-H stretching) as an internal standard (Anshari et al. 2025; Lisa et al. 
2016; Tian et al. 2009). Changes in characteristic absorption bands, related to hydroxyl 
(3200–3600 cm⁻¹), carbonyl (~1730 cm⁻¹), vinyl (~1650 cm⁻¹), and ether/C-C regions 
(1250-950 cm⁻¹), were used to identify oxidation, functional group incorporation, and 
chain scission associated with polymer degradation. Differences between control and 
microalgae-treated samples were analyzed to assess the impact of biological exposure on 
the PP surface. 

3.2.7.  Statistical Analysis 
All experiments were conducted with three independent biological replicates, each 
comprising three technical replicates, for a total of nine technical replicates per condition. 
Data are expressed as mean ± standard deviation (SD). Statistical comparisons were 
carried out using one-way ANOVA, followed by Tukey’s HSD post hoc test to assess 
differences among time points and treatments. Analyses were performed using R software 
version 4.3.1, with significance set at p ≤ 0.05. 

3.3. RESULTS  
3.3.1.  Physiological response of microalgae to PP exposure 

Based on the preliminary enzymatic activity analyses, the accessions C. acidophila 
(#100), C. emersonii (#107), S. vacuolatus (#114), H. luteoviridis (#124), D. communis 
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(#126), and B. braunii (#131) emerged as promising candidates for further investigation 
into polypropylene (PP) biodegradation. C. reinhardtii (103) was chosen for this phase 
due to its widespread use as a model organism in green microalgae studies (Calatrava et 
al. 2023; Harris 2001). To deepen our understanding of the interactions between these 
microalgae and PP, we will now focus on their physiological responses when cultured in 
the presence of polypropylene. This phase aims to assess the potential of these strains to 
colonize and modify the polymer, evaluating key physiological and metabolic parameters 
indicative of stress response and adaptation to PP exposure. The growth of these 
microalgae will be compared with a control group grown in Bold's Basal Medium (BBM) 
without the contaminant, providing a clear baseline to assess the impact of polypropylene 
(PP)on microalgal growth and metabolism. 

3.3.2.  Microalgae growth in PP contaminated medium 
Five microalgal accessions were cultured in both control conditions and in conditions 
with polypropylene (PP) sheets to assess their tolerance to this material (Barone et al. 
2024). The growth of C. acidophila (#100), C. emersonii (#107), S. vacuolatus (#114), 
H. luteoviridis (#124), D. communis (#126), and C. reinhardtii (#103) was measured over 
time to evaluate their physiological responses and adaptation to the presence of PP 
(Figures 3.1, 3.2, 3.3, 3.4 and 3.5). The data indicate significant differences in microalgal 
growth both between strains and across time points, which were analyzed using one-way 
ANOVA. The results of the ANOVA revealed substantial differences in growth, with a 
p-value < 2e-16, confirming that both strain identity and the duration of exposure 
influenced the growth patterns. 

C. acidophila (#100) (Figure 3.1. A and B) exhibited a pronounced and statistically 
supported increase in cell concentration under standard conditions (BBM), as measured 
by cell count. Between the inoculum and day 14, the cell concentration nearly doubled 
with an increase of cell density of 94% (p<0.001), indicating an active exponential growth 
phase. This trend continued significantly to T4, where an about 5-fold increase (p < 0.001) 
in cell density was observed. These data clearly suggest an active exponential growth 
phase in the early and mid-stages of cultivation. Under polypropylene (PP) exposure, the 
overall growth pattern was similar, although slightly attenuated. Between T0 and T2 cell 
concentration increase by approximately 85% (p < 0.001), indicating that the presence of 
PP did not inhibit early exponential growth. However, a noticeable reduction in cell 
density was recorded at T5, with a 1-fold decrease compared to T4. Notably, at T4, the 
culture had increased by 3.2-fold over T3, suggesting a delayed but still active growth 
before a final decline. Despite these fluctuations, statistical analysis and Tukey’s post-
hoc did not reveal any significant differences between the control and PP-exposed 
cultures. This suggests that C. acidophila (#100) maintained a robust growth capacity 
even under PP-exposure, making it a viable candidate for bioremediation investigations. 
These findings align with previous research indicating the resilience of acidophilic green 
microalgae under environmental stressors. C. acidophila has been reported to sustain its 
growth and photosynthetic efficiency under metal pollution and oxidative stress 
conditions (Díaz et al. 2020). Similarly, the genus Chlamydomonas is well known for its 
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adaptive capacity in harsh environments, including in the presence of pollutants like 
polyethylene (PE) and other microplastic derivatives (Ángeles et al. 2019). 

 
Figure 3.1. Growth curves of C. acidophila (#100) cultivated under control (A) and PP-exposed 
(B) conditions across 63 days. 

Under standard growth conditions (BBM), C. reinhardtii (#103) (Figure 3.2. A and B) 
displayed an increase in cell density across the experimental time points, reaching a 
growth peak at T4, followed by a marked decline at T5. Starting from the initial phase to 
T2 the culture showed a 1.1-fold increase in cell density followed by the peak of 2.6-fold 
increase between T3 and T4. Interestingly, a sharply decrease was observed at T5, by 
approximately 80%, suggesting the onset of a stationary or decline phase.  This 
synchronized decrease is indicative of a transition to the stationary or decline phase, likely 
driven by nutrient depletion or self-shading effects in batch cultures. These findings are 
consistent with previous studies showing that while C. reinhardtii can initially tolerate 
plastic-induced environmental stressors without substantial growth impairment, 
prolonged exposure may result in oxidative stress, reduced photosynthetic efficiency, and 
metabolic perturbations (Carbó et al. 2023; Manzi et al. 2022; Xue et al. 2024). This 
dynamic growth profile is typical of C. reinhardtii (#103), which is widely recognized 
for its adaptability and rapid proliferation under optimal conditions (Calatrava et al. 2023; 
Harris 2001). Growth patterns of C. reinhardtii (#103) under polypropylene (PP) 
exposure exhibited comparable trends with control condition. The initial exponential 
phase persisted until T2, during which cell density approximately doubled. The peak of 
biomass was again observed at T, mirroring the time in control condition. Interestingly 
was the highest cell count in PP-exposure condition related to control at the same period, 
with a 10% of increase, a difference found to be statistically significant (p<0.001). This 
observation suggests that  experimental levels of polypropylene (PP) might transiently 
enhance microalgal growth by modifying the light-scattering environment or stimulating 
certain metabolic pathways, such as those involved in photosynthetic efficiency. Similar 
stimulatory effects have been reported in C. reinhardtii and other green microalgae upon 
exposure to microplastics, where particle-induced changes in light conditions and nutrient 
microgradients promoted biomass accumulation during early growth phases (Yan et al. 
2021; Zhao et al. 2023). 
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Figure 3.2. Growth curves of C. reinhardtii (#103) cultivated under control (A) and PP-exposed 
(B) conditions across 63 days. 

S. vacuolatus (#114) (Figure 3.3. A and B) demonstrated a typical batch culture growth 
profile under standard (BBM) conditions. The cell density 2.2-fold (p<0.001) increased 
from inoculation (T0) to T2. A slight decline occurred at T3 with 20% decrease from T2, 
followed by a strong recovery and biomass peak at T4 with 3.5-fold increase (p<0.001). 
However, by T5, a reduction indicated a transition toward the stationary or death phase. 
In the presence of polypropylene (PP), the growth trajectory was broadly comparable but 
with notable differences. The initial growth from T0 to T2 the population increased twice 
(p<0.001), mirroring the control. Importantly, at T4, the culture achieved a significantly 
higher peak under PP conditions, with a 4.3-fold increase (p<0.001), exceeding the BBM 
culture peak by approximately 22%. Despite this enhancement, by T5 the culture density 
dropped similarly indicating a post-exponential decline. The transient enhancement 
observed at T4 under PP exposure may be linked to microplastic-induced changes in the 
light environment or slight physical stimulation of photosynthetic processes, as suggested 
in recent studies with green microalgae (Li et al. 2020; Liang et al. 2025). However, the 
overall pattern of growth decline at late stages reflects typical culture dynamics, 
corroborating findings that S. vacuolatus can tolerate but not necessarily benefit from 
prolonged microplastic exposure (Xue et al. 2024; Yan et al. 2021). These results suggest 
that while S. vacuolatus exhibits robust proliferation under both conditions, the presence 
of PP can transiently boost biomass production without preventing the natural transition 
toward culture senescence. 
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Figure 3.3. Growth curves of S. vacuolatus (#114) cultivated under control (A) and PP-exposed 
(B) conditions across 63 days. 

Under standard conditions, H. luteoviridis (#124) (Figure 3.4. A and B) exhibited a 
biphasic growth pattern. After an initial slight decrease in cell density, the population 
surged increasing 1.9-fold (p<0.001) cell concentration at T2 and further expanding up to 
5-fold increase (p<0.001) in T4. This remarkable growth suggested an effective adaptation 
to batch conditions during the exponential phase. However, a drastic decrease was 
recorded by T5, with a reduction of 95% from T4, indicating culture senescence likely due 
to nutrient exhaustion and self-shading. In the presence of polypropylene (PP), H. 
luteoviridis (#124) demonstrated a comparable growth trend with control one, starting 
with an increase of 2.3-fold (p<0.001) in 14 days and a consequent  4.8-fold increase 
(p<0.001) from T3 to T4. Interestingly, while peak biomass under PP was slightly lower 
(p<0.01) than in BBM, the early exponential growth between T0 and T2 was faster in PP-
enriched medium. The culture similarly entered a decline phase by T5. These results are 
in agreement with studies demonstrating that green microalgae can initially benefit from 
microplastic exposure through enhanced light scattering or nutrient microgradients, 
promoting photosynthetic efficiency and biomass accumulation (Li et al. 2025; B. Zhang 
et al. 2022). However, prolonged exposure likely results in physical interference and 
resource competition, leading to growth inhibition (Yang et al. 2024). The slight 
enhancement observed during early growth stages indicates that H. luteoviridis (#124) 
could tolerate moderate PP stress without major impairments in proliferation. 
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Figure 3.4. Growth curves of H. luteoviridis (#124) cultivated under control (A) and PP-exposed 
(B) conditions across 63 days. 

D. communis (#126) (Figure 3.5.A and B) showed a strong and sustained growth under 
BBM conditions. The cell density increased progressively until 85% (p<0.001) from the 
inoculum to T2. Growth continued up to 8-fold increase (p<0.001) at T4 starting from the 
inoculum. However, by T5, the culture experienced a sharp decline down to 91%, 
consistent with the nutrient depletion or death phase. Similarly, under PP exposure, D. 
communis (#126) exhibited even more pronounced biomass accumulation. Beginning 
from 30% (p<0.001) at T1 to 75% (p<0.001) at T2, the culture expanded to about 8-fold 
increase by T4, approximately 16% (p<0.01) higher than the control condition. Although 
a final 90% decline was also observed at T5, the overall growth trend suggests that PP 
exposure did not adversely affect the proliferation of D. communis (#126) and may have 
even provided slight environmental modulation beneficial to biomass accumulation. The 
resilience and even enhanced growth observed under PP exposure align with findings in 
other freshwater green microalgae, such as C. vulgaris, which has been shown to tolerate 
and maintain robust growth dynamics when exposed to microplastics (Jin et al. 2024; 
Nasser et al. 2022). Nevertheless, while short-term exposure may stimulate proliferation, 
prolonged presence of microplastics could still induce oxidative stress or impair 
photosynthetic machinery over extended periods (Yang et al. 2024; B. Zhang et al. 2022). 
 

 
Figure 3.5. Growth curves of D. communis (#126) cultivated under control (A) and PP-exposed 
(B) conditions across 63 days. 
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3.3.3.  Photosynthetic pigments (chlorophylls and carotenoids) under PP 
exposure 

The assessment of photosynthetic pigments, total chlorophyll and total carotenoids, 
provides important insights into the physiological condition of microalgae under stress 
(Shajahan et al. 2024). The carotenoid content of the selected microalgal strains was 
assessed to evaluate the impact of polypropylene (PP) exposure on photosynthetic 
efficiency and cellular stress response. Carotenoids play a crucial role in protecting 
microalgae from oxidative damage and maintaining photosynthetic function, especially 
under stress conditions (Schiavo et al. 2021; B. Zhang et al. 2022). In this study, we aimed 
to evaluate the potential impact of polypropylene (PP) exposure on the photosynthetic 
efficiency of selected microalgal strains. Changes in pigment content can serve as reliable 
indicators of stress, as they reflect alterations in the photosynthetic machinery and cellular 
response to environmental stressors (Wang et al. 2023). Spectrophotometric analysis was 
used to quantify the levels of chlorophylls and carotenoids, and statistical analyses were 
performed to identify significant differences between control and PP-exposed conditions, 
allowing us to assess the effect of PP on photosynthetic efficiency and pigment 
production (Su et al. 2022). 

The total chlorophyll and carotenoid content (Figures 3.6, 3.7, 3.8, 3.9 and 3.10) of the 
selected microalgal strains was assessed under both control (BBM) and polypropylene 
(PP) exposure conditions at multiple time points: 0 days, 7 days, 14 days, 35 days, and 
63 days. The results of the ANOVA and Tukey post-hoc tests revealed significant 
differences in total chlorophyll content across the accessions, exposure conditions, and 
time points. These findings underscore the complex interplay between environmental 
stress, strain-specific resilience, and photosynthetic efficiency in microalgae (Shajahan et 
al. 2024; Xu et al. 2024). 

Under standard conditions, C. acidophila (#100) (Figure 3.6 A and B) exhibited a 
progressive increase in total chlorophyll content across the experimental period with 2.62-
fold increase. After a primary increase of 1.3-fold (p<0.001) of 7-days-old, until 35-days-
old total chlorophyll content decrease. At 63-days-old pigment contents doubled. This 
trend reflects an active photosynthetic machinery during the later phases of growth, likely 
correlating with the higher biomass accumulation observed at similar time points (Pinto 
et al. 2023; Shajahan et al. 2024b). When exposed to polypropylene (PP), a comparable 
trend was recorded, with a steady total chlorophyll content increase until T5. However, 
intermediate time points (14- and 35-days-old) showed slightly chlorophyll accumulation 
under PP conditions compared to control, suggesting a mild photosynthetic adjustment 
under PP-exposure. This observation aligns with findings that microplastics can 
moderately impair pigment biosynthesis by disrupting redox homeostasis and 
photosynthetic efficiency (Moreri et al. 2024). 

Regarding carotenoids, C. acidophila (#100) (Figure 3.6 C and D) demonstrated a clear 
time-dependent increase under both BBM and PP conditions. Both in control and PP-
exposure conditions showed a primary increase of 1.8- and 1.4-fold in carotenoid content, 
respectively. Moreover, a shingly decrease from 10% to 20% at 14- and 35-days-old was 
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recorded in both conditions. In BBM, carotenoid content exhibited a 5.1-fold increase 
from inoculum to 63-days-old, while under PP-exposure, a similar trend was observed, 
but carotenoid content increased about 6-fold (p<0.001) from the inoculum to 63-days-
old. This is consistent with literature reporting that microplastic-induced oxidative stress 
can stimulate carotenoid accumulation to mitigate reactive oxygen species (ROS) damage 
(Prata et al. 2019; Tunali et al. 2020). Overall, these results suggest that C. acidophila 
(#100) maintains stable photosynthetic performance even under PP exposure, with 
modest increases in carotenoid production potentially enhancing stress tolerance during 
early exposure phases. 

 

 
Figure 3.6. Total chlorophyll (A, B) and carotenoids (C, D) content of C. acidophila (#100) 
under control (A, C)  and PP-exposure (B, D) over a 63-day period. 

Under standard conditions, C. reinhardtii (#103) (Figure 3.7 A and B) exhibited a gradual 
increase in total chlorophyll content throughout the experiment, reaching 1-fold increase 
by T63. After an initial 60% rise at 7 days (p<0.001), chlorophyll levels decrease by 35 
days comparable to inoculum, followed by a notable 1.2-fold increase at 63 days. This 
trend reflects a progressive enhancement of photosynthetic efficiency associated with 
later growth phases (Li et al. 2020). Under PP exposure, a similar pattern was observed; 
however, intermediate chlorophyll content at 14 and 35 days were reduced (p<0.01) 
compared to 7-days-old culture, where 82% increase was recorded. This suggested that 
microplastic presence induced minor photosynthetic stress. This is consistent with studies 
showing that microplastic particles can transiently affect pigment synthesis by physically 
interacting with microalgae cells (González-Albarrán et al. 2020). 
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Regarding carotenoids, C. reinhardtii (#103) (Figure 3.7 C and D) displayed an initial 
enhancement of about 80% at 7 days (p<0.05) compared to the inoculum. After a stable 
period, a 2.3-fold (p<0.001) increase was observed at 63 days. A similar trend was 
observed under PP-exposure, with 1.1-fold increase, comparable to the control. However, 
the highest carotenoid content at 63 days was lower under PP-exposure than in the control 
group (p<0.001). This carotenoid rise likely functions as a protective response against 
reactive oxygen species (ROS) generated by microplastic exposure (He et al. 2022). 

 

 
Figure 3.7. Total chlorophyll (A, B) and carotenoids (C, D) content of C. reinhardtii (#103) 
under control (A, C)  and PP-exposure (B, D) over a 63-day period. 

S. vacuolatus (#114) (Figure 3.8 A and B) showed an increase in total chlorophyll content 
up to T63, with about 5-fold rise (p<0.001). An initial sharp1.6-fold increment (p<0.001) 
at 7 days was followed by decrease and stable levels at 14 and 35 days, and another 3.2-
fold increase at 63 days (p<0.001), suggesting a sustained activation of photosynthetic 
activity over time (Moreri et al. 2024). When exposed to PP, chlorophyll accumulation 
was stable at 14 and 35 days but ultimately recovered by 63 days with a 2.7-fold increase 
(p<0.001). First 1.8-fold increase (p<0.001) was recorded at 7 days, mirroring control 
condition followed by a stable content over time until 63 days. Compared to the control 
14 and 35 days of sampling there was a 45% decrease (p<0.05) in chlorophyll content. 
This transient delay matches previous findings indicating that microplastic exposure can 
temporarily reduce chlorophyll biosynthesis without causing irreversible damage (Prata 
et al. 2019). 
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For carotenoids, S. vacuolatus (#114) (Figure 3.8 C and D) demonstrated a stable 
concentration under PP-exposure, again likely control condition. Markable differences 
were observed after 63 days when carotenoid content more of 4-fold increased. Notably, 
carotenoid content was always higher in control condition compared to PP-exposure. 

 

 
Figure 3.8. Total chlorophyll (A, B) and carotenoids (C, D) content of S. vacuolatus (#114) 
under control (A, C)  and PP-exposure (B, D) over a 63-day period. 

Under control conditions, H. luteoviridis (#124) (Figure 3.9 A and B) showed a rapidly 
40% (p<value0.05) increase of chlorophyll content at 7 days, followed by a decrease and 
at 63 days there was about 3-fold (p<0.001) increase. Different was chlorophyll content 
under PP-exposure; after a slightly increase in 7 days, the second consistent increase was 
detected at 63 days of about 5-fold (p<0.001). Generally, chlorophyll content was 50% 
(p<0.001) more in stressed condition than control. This steady accumulation highlights 
an efficient and uninterrupted photosynthetic activity during algal growth (Pinto et al. 
2023). 

Carotenoid content in H. luteoviridis (#124) (Figure 3.9 C and D) showed a rapid and 
comparable content mirroring control condition under PP exposure, too. After a slight 
increase in 7 days the content decrease (p<0.05) in both control and PP-exposure. Until 
35 days. Subsequent increase was observed at 63 days in control and stressed condition 
of 5-fold and 7.4-fold, respectively. This is in agreement with literature reporting that 
microplastic-associated stress often leads to a stimulation of carotenoid biosynthesis (Su 
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et al. 2022). Overall, H. luteoviridis (#124) efficiently counters PP-induced stress via 
rapid photoprotective responses. 

 

 
Figure 3.9. Total chlorophyll (A, B) and carotenoids (C, D) content of H. luteoviridis (#124) 
under control (A, C)  and PP-exposure (B, D) over a 63-day period. 

Under standard conditions, D. communis (#126) (Figure 3.10 A and B) demonstrated a 
marked increase in total chlorophyll content, culminating in a 5.2-fold rise at 63 days. 
After a doubled increase at 7 days (p<0.05), chlorophyll levels remained stable until 63 
days when was showed a 4.2-fold increase. Same behavior was observed under PP-
exposure with an early 85% increase, followed by a stable content in 14 and 35 days. 
Only after 63 days there was another increase of 4.5-fold, similar to control condition. 
These results are in line with others that indicated an active late-stage photosynthesis 
(Prata et al. 2019). Exposure to PP slightly inhibited chlorophyll accumulation at 
midpoints but did not prevent final recovery, reflecting moderate sensitivity to 
microplastic stress, as previously observed in freshwater microalgae (Tunali et al. 2020). 

The carotenoid accumulation in control conditions in D. communis (#126) (Figure 3.10 
C and D) and under PP-exposure was more pronounced at the end of the experiment after 
63 days increasing the content 9-fold (p<0.001) and 8.6-fold (p<0.001), respectively. 
Moreover, the carotenoid biosynthesis followed similar patterns in both conditions. 
Carotenoids often increase rapidly under oxidative or mechanical stress, safeguarding 
photosystems (Kim, Kim, and Lee 2022). In summary, D. communis (#126) displayed an 
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effective stress-response strategy under PP exposure, balancing the growth recovery and 
oxidative protection mechanisms. 

 

 
Figure 3.10. Total chlorophyll (A, B) and carotenoids (C, D) content of D. communis (#126) 
under control (A, C)  and PP-exposure (B, D) over a 63-day period. 

3.3.4. Laccase activity in the supernatant under PP exposure 
The laccase enzymatic activity in microalgae accessions was assessed over multiple time 
points (7 days, 14 days, 35 days, 63 days) under both two conditions: control and PP-
exposure. Laccase is a copper-containing enzyme involved in the oxidation of phenolic 
compounds (Bera et al. 2024; Mohanan et al. 2020), playing a crucial role in various 
biological processes, including lignin degradation and pollutant detoxification (Goswami 
et al. 2024; Mayer et al. 2002; Strong et al. 2011; Thakur et al. 2023; Zhou et al. 2022). 
Recent studies have demonstrated the role of microbial laccases in plastic-contaminated 
environments, including those produced by microalgae (De Jesus et al. 2022). In this 
study, the enzymatic activity of laccase was assessed across different microalgal strains 
under control (BBM) and polypropylene (PP)-exposed conditions, over time. The goal 
was to evaluate the influence of PP exposure on laccase production and to identify strains 
with enhanced enzymatic activity, which could be utilized for biotechnological 
applications, such as bioremediation and bio-catalysis (Efremenko et al. 2024). The 
laccase activity observed in microalgae accessions of this experimental work was 
predominantly detected at 7 and 14 days, and in some cases extended up to 35 days. 
However, no detectable laccase activity was recorded at 63 days. This temporal pattern 
suggests a transient enzymatic response primarily associated with the early and mid-
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phases of cultivation. Recent studies have highlighted the ability of microalgae to produce 
laccase enzymes, particularly in response to environmental stressors. In C. pitschmannii, 
the laccase secretion was primarily observed during early cultivation phases, with 
maximal expression achieved under pH-shifted conditions before stabilizing at later 
stages (Gérin et al. 2024). Similarly, the oxidative stress has been shown to improve the 
biosynthesis of antioxidant enzymes, including laccase, in microalgae species, mostly 
during the initial periods of the stress exposure (Chokshi et al. 2017). These findings align 
with broader observations indicating that microalgae antioxidant responses, including 
laccase induction, are temporally restricted, with peak activities generally occurring early 
and diminishing thereafter (Cirulis et al. 2013). Moreover, similar transient patterns of 
laccase activity have been documented in other microorganisms. For instance, Cerrena 
maxima exhibited maximal laccase production during the early stages of cultivation, with 
activity subsequently declining during later phases (Koroleva et al. 2001). Likewise, in 
Ganoderma lucidum, laccase activity peaked under copper-induced stress conditions 
before progressively stabilizing (Kang et al. 2018). Similarly, Fusarium proliferatum 
demonstrated early maximal laccase activity during cultivation, further confirming the 
concept of transient enzymatic responses to environmental stimuli (Hernández Fernaud 
et al. 2006). In addition, Marasmius sp. showed the maximal laccase production around 
the 10th day of cultivation before subsequently declining (Ramadiyanti et al. 2020). 
Collectively, these observations confirm that the laccase production dynamics recorded 
in the present study are consistent with the temporally restricted expression of laccase 
reported in various microalgal and microbial systems exposed to environmental 
challenges. 

ANOVA results indicated significant differences in laccase activity (Figures 3.11, 3.12, 
3.13, 3.4 and 3.15) between strains, exposure conditions, and time points, with a p<2e-
16. This suggests that both the strain identity and the environmental conditions, 
particularly the presence of PP, had a notable impact on the enzymatic activity. Post-hoc 
Tukey analysis was conducted to identify the specific differences in laccase activity 
between conditions and time points. 

C. acidophila (#100) (Figure 3.11 A and B) exhibited a peak in laccase 14 days after 
inoculation under both control and PP-exposure conditions. An increase in activity was 
observed at 7 days (0.573 ± 0.002 µU mL-1), followed by a significant 1.7-fold (p<0.001) 
rise at 14 days. Similarly, under PP-exposure, laccase activity increased at 7 days (0.225 
± 0.006 µU mL-1), followed by a 1.41-fold increase at 14 days (p<0.001). However, when 
compared to the control, overall laccase production under PP-exposure was slightly but 
significant lower (p<0.001), suggesting that C. acidophila did not substantially upregulate 
laccase expression in response to polypropylene-induced stress. To the best of our 
knowledge, this is the first observation describing laccase enzymatic activity dynamics in 
C. acidophila under MPs-exposure cultivation conditions. 
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Figure 3.11. Extracellular laccase activity in supernatants of C. acidophila (#100) cultivated 
under control (A) and PP-exposed (B) conditions across 63 days. 

C. reinhardtii (#103) (Figure 3.12 A and B) exhibited lower laccase activity compared to 
C. acidophila (#100), although the temporal pattern of enzymatic activity was very 
similar between the two species. Laccase activity detected at 7 days was 0.064 ± 0.003 
µU mL-1, and a 6.8-fold increase (p<0.001) was recorded at 14 days. By 35 days, activity 
had nearly disappeared (p<0.001). Similarly, under PP-exposure conditions, laccase 
activity at 7 days was 36% lower (p<0.001) than under control conditions; however, by 
14 days it increased by almost 6-fold relative (p<0.001) to day 7, although it remained 
approximately 40% lower (p<0.001) than in the control at the same time point. This 
behavior suggests that C. reinhardtii (#103) might experience inhibition of laccase 
production in the presence of PP, or that the biosynthetic pathway of this enzyme could 
be altered upon exposure to this contaminant. This trend is consistent with previous 
studies reporting that environmental stresses trigger a transient upregulation of 
antioxidant enzymes in C. reinhardtii, with early peak activities followed by a subsequent 
decline as the stress persists or as cellular metabolism adapts (Çakmak et al. 2015; 
Yoshida et al. 2004). Exposure to oxidative or heavy metal stress has been shown to 
initially stimulate antioxidant defenses, including enzymes like catalase and peroxidases, 
before their activities decrease as oxidative damage accumulates (Beauvais-Flück et al. 
2016). Under copper-induced oxidative stress, C. reinhardtii demonstrated an early 
increase in antioxidant enzyme activity and improved non-photochemical quenching 
efficiency, but these protective responses tended to stabilize or decline over time 
(Pluciński et al. 2023). Similarly, light stress experiments showed that carotenoids and 
polyphenols rapidly accumulated during initial high-light exposure phases, functioning 
as protective antioxidants, but their levels plateaued or declined after prolonged stress 
(Faraloni et al. 2021). Moreover, under abiotic stress such as heavy metal exposure, such 
as mercury or cadmium, C. reinhardtii activated oxidative defense mechanisms and 
autophagy processes predominantly during early exposure, highlighting a transient 
activation model of stress response (Ortega-Villasante et al. 2021). On the other hand, 
some discrepancies exist. In conditions such as the sulfur deprivation or salt stress, 
prolonged upregulation of certain antioxidant enzymes has been observed (Hounslow et 
al. 2016), suggesting that the nature, intensity, and duration of the environmental stressor 
significantly influence the persistence of the enzymatic response. Given the current 
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scarcity of studies evaluating directly the laccase activity in C. reinhardtii, the results of 
this study contribute novel insights, suggesting that MPs contamination can moderately 
modulate antioxidant enzyme production, possibly by altering oxidative signaling 
pathways or redox homeostasis. Further transcriptomic and proteomic analyses would be 
needed to elucidate the specific molecular mechanisms underlying the observed 
enzymatic dynamics. 

 
Figure 3.12. Extracellular laccase activity in supernatants of C. reinhardtii (#103) cultivated 
under control (A) and PP-exposed (B) conditions across 63 days. 

S. vacuolatus (#114) (Figure 3.13 A and B) exhibited earlier peak in laccase activity 
compared C. acidophila (#100) and C. reinhardtii (#103). Maximum activity was 
detected at 7 days, reaching 1.025 ± 0.027 µU mL-1 and 0.844 ± 0.029 µU mL-1 under 
both control and PP-exposure condition, respectively. Consequently, by 14 days laccase 
activity decreased by about 70% compared to initial peaks. Moreover, by 35 and 63 days 
no detectable laccase activity remained. This pattern suggested that laccase expression in 
S. vacuolatus is inherently linked to early growth phases rather than being exclusively 
induced by environmental stressors. This observation is supported by previous studies 
showing that this microalga naturally exhibited early extracellular phenoloxidase 
(laccase-like) activity under autotrophic conditions, with maximal secretion occurring 
during initial cultivation stages (Carbone et al. 2018). Unlike stress-induced antioxidant 
responses observed in other microalgae, the enzymatic dynamics in S. vacuolatus seemed 
primarily related to intrinsic growth-regulated metabolic pathways, where laccase 
production is high during active cell proliferation but declines as the culture ages or 
environmental conditions stabilize. 
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Figure 3.13. Extracellular laccase activity in supernatants of S. vacuolatus (#114) cultivated 
under control (A) and PP-exposed (B) conditions across 63 days. 

In contrast to previously analyzed accessions, H. luteoviridis (#124) (Figure 3.14 A and 
B) showed very low laccase activity, with values detectable at 7 and 14 days. No 
significant peaks were observed in other stages of cultivation. Under PP-exposure 
condition, laccase activity was lower than control one. Nevertheless, the highest activity 
recorded in the control was 60% higher (p<0.001) than the corresponding peak studied 
under PP-exposure. To the best of our knowledge, this is the first report describing the 
dynamics of laccase activity in H. luteoviridis. No prior studies have characterized laccase 
production in this species. However, investigations on related green microalgae, such as 
C. luteoviridis, had demonstrated that oxidative stress responses can be rapidly activated 
during early exposure phases (Bai et al. 2023), suggesting that antioxidant mechanisms, 
potentially including laccase-like activities, may contribute to early stress mitigation 
strategies. 

 
Figure 3.14. Extracellular laccase activity in supernatants of H. luteoviridis (#124) cultivated 
under control (A) and PP-exposed (B) conditions across 63 days. 

During the experiment, D. communis (#126) (Figure 3.15 A and B) kept its laccase 
activity consistently low. At the 7-day mark, both the control group and the PP-exposed 
group showed a slow and steady start in enzyme activity without much difference between 
them. However, by day 14, there was a noticeable peak. In the control cultures, laccase 
activity reached 0.291 ± 0.023 μU mL⁻¹, while in the group exposed to polypropylene 
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(PP), it only climbed to 0.187 ± 0.030 μU mL⁻¹. Even though there was an increase, the 
activity in the PP group was much lower compared to the control group, with the 
difference being highly significant (p<0.001). This pattern suggests that exposure to PP 
might be hampering the production of laccase instead of boosting an antioxidant defense 
mechanism. Up to now, there are no published studies focusing on how D. communis 
reacts to microplastics in terms of laccase activity. But when looking at related strains 
like D. subspicatus, researchers have seen an increase in antioxidant actions when those 
strains face oxidative stress (Javed et al. 2024). Still, in this study, D. communis didn't 
show any early signs of heightened enzyme activity when exposed to PP. Instead, the 
results point toward the idea that microplastic exposure might block or suppress the 
fungus’s natural laccase response under the stressful conditions caused by plastic 
particles. 

 
Figure 3.15. Extracellular laccase activity in supernatants of D. communis (#126) cultivated 
under control (A) and PP-exposed (B) conditions across 63 days. 

3.3.5. PP structural analysis by ATR-FTIR 
Attenuated Total Reflectance Fourier Transform Infrared (ATR-FTIR) spectroscopy 
represents as an essential and non-destructive analytical technique for characterizing the 
chemical structure of polymeric materials. This technique allows the identification of 
specific functional groups and molecular bonds, making it particularly suitable for 
assessing chemical changes in polymers during degradation processes (Bell, Nel, and 
Stuart 2019). ATR-FTIR analysis is valuable for comparing untreated polymers with 
those subjected to environmental or bioremediation treatments, as it can sensitively detect 
modifications such as oxidation, chain scission, and the formation of new chemical 
functionalities (Nagle et al. 2010). Recent scientific works have reinforced the 
effectiveness of ATR-FTIR spectroscopy in tracking the degradation process of materials, 
particularly by detecting significant shifts in characteristic absorption bands (carbonyl, 
hydroxyl, and vinyl groups), which serve as molecular indicators of chemical 
deterioration (Watanabe et al. 2023). Moreover, this analytical technique could be 
integrated with multivariate data analysis approaches (principal component analysis) in 
order to suggest enhanced precision in distinguishing polymers at different stages of 
degradation. This combination significantly improves the sensitivity and reliability of 
assessments concerning polymer breakdown (Conterosito et al. 2025). In the context of 
bioremediation studies, including those involving microbial and microalgae treatments, 
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ATR-FTIR has been successfully applied as a valuable tool for evaluating structural 
molecular modifications of biodegradation processes. Furthermore, Rajandas et al. (2012) 
utilized this method to quantify the degradation of low-density polyethylene (LDPE) by 
bacterial isolates demonstrating chemical surface modifications of the polymer. Recently 
ATR-FTIR technique has improved to examine microplastic degradation during 
bioremediation processes involving bacterial consortia (Pawano et al. 2024) and 
microalgal systems. In this context, ATR-FTIR has facilitated the detection of surface 
oxidation, the development of new functional groups, and a notable decrease in 
hydrophobicity of treated plastic materials (Gowthami et al. 2023). Considering these 
capabilities, ATR-FTIR spectroscopy stands as a critical and highly sensitive tool for 
evaluating chemical modifications in polypropylene (PP) materials subjected to 
bioremediation treatments, providing valuable insights into the underlying mechanisms 
of polymer degradation and microorganism-polymer interactions. 

To ensure comparability between treated and untreated plastic samples, normalization of 
ATR-FTIR spectra is essential. The spectral region between 2800–3000 cm⁻¹, which 
includes the stable C–H stretching vibrations of methyl (–CH₃) and methylene (–CH₂–) 
groups is commonly used as a reference (Jung et al. 2018; Rajandas et al. 2012). These 
peaks are considered stable by early-stage degradation and under most degradation 
conditions, making them ideal for spectral standardization (Jung et al. 2018; Rajandas et 
al. 2012). Normalization within this range enables better detection of oxidation-specific 
bands, such as those around 1715 cm⁻¹ (carbonyl group) and 3400 cm⁻¹ (hydroxyl group), 
which increase in intensity as degradation processes (Jung et al. 2018). Accordingly, this 
normalization strategy enhances the accuracy of interpreting degradation-related changes 
in ATR-FTIR spectra for plastics undergoing microalgae-mediated bioremediation. 

In control samples, spectra displayed minimal variation over time, confirming the 
chemical stability of PP in the absence of biological treatment (Figure 3.5). However, the 
comparative ATR-FTIR spectra of PP debris treated with microalgae accessions showed 
differences from control debris over time. These differences were exhibited in three 
critical spectral regions: 3600-3200 cm-1, O-H stretching region, 1750-1650 cm-1, C=O 
stretching region, and 1250-950 cm-1, C-O-C and C-C skeletal vibration. All treated 
samples exhibited changes in this region, especially for C. acidophila (#100), C. 
reinhardtii (#103) and D. communis (#126). This modification suggested the formation 
of hydroxyl (-OH) groups, commonly associated with oxidation reactions on the polymer 
surface. 

The emergence and intensification of absorption bands in 3600-3200 cm-1 region 
suggested the incorporation of hydrophilic functionalities, a process often linked to the 
action of oxidative enzymes or extracellular reactive oxygen species (ROS). Similar 
trends have been documented after plastic particles were subjected to UVA irradiation 
for artificial aging, where new absorption peaks were identified in the 3000–3600 cm⁻¹ 
region, corresponding to hydroxyl groups (Campanale et al. 2023). These spectral 
changes indicate oxidative modification of the polymer surface, consistent with the 
introduction of hydrophilic functionalities during early stage photodegradation. In 
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addition, microbial treatments mediated by bacteria of fungi modify plastic particles in 
the same spectrum region caused by oxidative processes (Jebashalomi et al. 2024; Yao et 
al. 2022). These changes provide strong evidence that microalgae-induced degradation 
involves early-stage surface oxidation, which may facilitate subsequent depolymerization 
processes. 

The presence of a carbonyl band around 1730 cm⁻¹, particularly evident in C. acidophila 
(#100), C. reinhardtii (#103) and S. vacuolatus (#114) indicated the oxidation of tertiary 
carbon atoms on the PP backbone. This modification indicates oxidative modification of 
the polypropylene (PP) backbone. Moreover, this peak is typically associated with the 
formation of ketones, aldehydes, esters, and carboxylic acids resulting from the oxidation 
of tertiary carbon atoms in PP chains and is widely recognized as a hallmark of photo-
oxidative or bio-oxidative degradation processes (Anshari et al. 2025; Gonokami et al. 
2011). Its appearance in treated samples, especially when compared to the control, 
suggested that extracellular oxidative activity contributed to chain scission and the 
incorporation of oxygen-containing functional groups. This degradation pattern has been 
observed in microbial and environmental degradation studies. Anshari et al. (2025) 
reported strong oxidation-related spectral changes in naturally weathered PP, including 
significant intensification in the carbonyl region (1750-1500 cm⁻¹). Similarly, Linares et 
al. (2019) documented the presence of carbonyl bands and hydrolytic indicators in 
PP/starch films inoculated with environmental microbial consortia, confirming the onset 
of polymer chain oxidation. Finally, Gonokami et al. (2011) observed prominent carbonyl 
bands at ~1740 cm⁻¹ on the surface of PP after degradation in aqueous environments, 
further supporting the link between environmental exposure and oxidative breakdown of 
the polymer matrix. 

In addition to hydroxyl and carbonyl regions, significant differences were observed 
around 1650 cm⁻¹, associated with vinyl group vibrations (C=C stretching). These signals 
were particularly visible in accessions C. reinhardtii (#103) and S. vacuolatus (#114), 
suggesting the formation of unsaturated C-C bonds because of oxidative scission 
processes on the polymer backbone. The presence of vinyl-related peaks indicates the 
cleavage of polymer chains followed by the formation of terminal unsaturated groups, a 
phenomenon reported during advanced stages of polypropylene degradation. According 
to Anshari et al. (2025), natural weathering and microbial action can lead to the 
accumulation of vinyl and carboxylate groups in PP microplastics, with sharp features 
emerging in the 1750-1500 cm⁻¹ range, including ~1650 cm⁻¹. This is further supported 
by Jeyaraj et al. (2023), who reported the formation of vinyl and peroxide groups during 
TiO₂-mediated photocatalytic degradation of PP microplastics. Similarly, Sun et al. 
(2023) detected the presence of vinyl and oxygenated groups in PP films exposed to 
marine bacterial biofilms, confirming microbially driven oxidative fragmentation of the 
polymer backbone. 

Furthermore, consistent modifications in the 1250-950 cm⁻¹ region was observed in all 
treated samples, in particular with C. acidophila (#100), C. reinhardtii (#103) and D. 
communis (#126). This region corresponds to C-O-C stretching (ether linkages) and C-C 
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skeletal vibrations, whose changes are indicative of oxidation-induced chain 
reorganization or scission. In treated PP, the presence of new bands in this region reflected 
the incorporation of oxygen-containing functionalities and alterations in backbone 
conformation. Saifuddin et al. (2022) reported that ATR-FTIR analysis of UV-C 
irradiated PP showed increased absorption in the hydroxyl and C-O regions, consistent 
with photocatalytic oxidative degradation. Similarly, Anshari et al. (2025) documented 
spectral changes in weathered PP microplastics, including strong new bands in the 1150-
900 cm⁻¹ region corresponding to C-O and C-C stretching, suggesting structural oxidation 
of the polymer backbone. These findings are corroborated by Jain et al. (2023) who 
observed increased oxidation indices in PP surgical mesh over time in accelerated 
oxidative environments, with ATR-FTIR spectra showing distinct alterations in C-C and 
C-O-C regions due to chain scission. 
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Figure 3.5. ATR-FTIR spectra of PP sheets incubated with selected microalgae accessions, 
showing chemical modifications induced after 14, 35 and 63 days of exposure.  
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3.4. DISCUSSION 

The results of this study demonstrated that green microalgae exhibited strain-specific 
responses to polypropylene (PP) exposure, with significant variation in growth dynamics 
and resilience patterns across different accessions. Overall, early and mid-stage growth 
phases were maintained or even enhanced under PP-exposure conditions, suggesting that 
the presence of PP did not immediately impair biomass accumulation in most of tested 
accessions. Notably, accessions such as C. acidophila (#100), S. vacuolatus (#114), and 
D. communis (#126) exhibited robust growth profiles, with transient increases in biomass 
under PP exposure that were comparable or even superior to the control conditions. This 
observation is consistent with recent literature showing that low to moderate 
concentrations of microplastics can alter light scattering and create nutrient 
microgradients that stimulate microalgal photosynthesis and growth (Ge et al. 2022; Xu 
et al. 2023; Yang et al. 2024). Conversely, the typical decline in biomass observed at the 
later experimental stage (T5) across all accessions, regardless of treatment, highlights the 
dominant impact of batch culture limitations (nutrient depletion, self-shading, and 
metabolite accumulation) rather than direct toxicity from PP. This interpretation aligns 
with previous studies emphasizing that late-stage growth dynamics in batch cultures often 
overshadow the sub-lethal effects of environmental stressors like microplastics (Ansari et 
al. 2021; Ge et al. 2022). Importantly, no catastrophic inhibition of growth was recorded 
under PP exposure, indicating that the microplastic burden in the experimental system did 
not impose acute toxicity under the tested conditions. These findings corroborate previous 
research on freshwater green microalgae such as C. vulgaris and C. reinhardtii, which 
have demonstrated notable physiological resilience when challenged with microplastic 
pollutants (Jin et al. 2024; Nasser et al. 2022). In conclusion, the present study suggests 
that several microalgal accessions possess inherent tolerance to PP, maintaining high cell 
growth rates even under contaminant exposure. Such strains, particularly C. acidophila 
(#100), D. communis (#126), and S. vacuolatus (#114), may represent valuable candidates 
for future biotechnological applications targeting plastic-contaminated aquatic systems. 

The analysis of chlorophyll and carotenoid content in different microalgal strains under 
standard and PP-exposed conditions provided important insights into their physiological 
plasticity and stress tolerance mechanisms. Overall, the results showed that although 
polypropylene exposure induced mild to moderate disruptions in pigment biosynthesis, 
all tested strains demonstrated varying degrees of resilience (Zhang et al. 2022). 

Under standard conditions, microalgae displayed progressive increases in chlorophyll and 
carotenoid levels, reflecting active photosynthetic machinery and sustained biomass 
accumulation during the cultivation period (Cunha et al. 2020; Pinto et al. 2023). In 
contrast, exposure to polypropylene often led to a transient reduction in pigment 
concentration at intermediate stages (14 and 35 days), although most strains exhibited 
partial or full recovery by 63 days, indicating activation of compensatory physiological 
mechanisms (Khatiwada et al. 2023). The plastic exposure is known to physically and 
chemically interfere with microalgal cells, causing mechanical stress, shading effects, 
nutrient uptake disruption, and oxidative stress (Sarkar et al. 2025; Zhang et al. 2022). 
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Nevertheless, the resilience observed in several strains is consistent with studies showing 
that microalgae can activate compensatory pathways, including the upregulation of 
antioxidant systems and photoprotective pigment biosynthesis (Li et al. 2023). Carotenoid 
content increased significantly under both control and PP-exposed conditions across 
strains, suggesting a key role of carotenoids as non-enzymatic antioxidants mitigating 
reactive oxygen species (ROS) damage induced by microplastics (Tunali et al. 2020; 
Ugya et al. 2022). The findings also indicate that PP-exposure can lead to a reduction in 
total chlorophyll content over time, particularly in strains with lower resilience, 
highlighting potential impairments in photosynthetic efficiency (Xiao et al. 2020). Such 
decreases in pigment levels may limit the growth and productivity of microalgae in 
contaminated environments (Zheng et al. 2021). However, analyzed accessions 
maintained or increased relatively stable chlorophyll levels, suggest the presence of 
robust stress tolerance mechanisms, making these strains particularly attractive for 
biotechnological applications such as bioremediation and bioenergy production (Cheng 
et al. 2024; Cirulis et al. 2013). Strain-specific differences in response were evident, with 
some species, such as D. communis (#126), showing enhanced pigment accumulation 
under PP -exposure, indicating a hormetic response to low-to-moderate stress levels 
(Cheng et al. 2024; He et al. 2022). Additionally, the dynamics of pigment variations, 
particularly the early enhancement of carotenoids followed by counter oxidative damage 
and preserve photosynthetic integrity (Abbasi et al. 2023; Jin et al. 2024). Prolonged 
exposure to MPs may promote acclimatization through the activation of stress-response 
pathways, including antioxidant enzyme upregulation and secondary metabolite 
production (Montalbetti et al. 2022). Nevertheless, while the resilience observed is 
promising, the potential cumulative impacts of chronic MP-pollution on aquatic 
ecosystems remain a significant concern (Zhang et al. 2025). Therefore, this study 
highlights that microalgae possess effective and diverse physiological mechanisms to 
withstand microplastic-induced stress, primarily through pigment regulation and 
oxidative defense activation, reinforcing their vital ecological role and underscoring their 
potential for biotechnological exploitation even under adverse environmental conditions. 

ATR-FTIR analysis of PP sheets resulted comparable with prior reports that demonstrate 
that some microalgae accessions can induce surface oxidation of polyethylene and 
polypropylene through extracellular enzymatic mechanisms (Gowthami et al. 2023; 
Linares et al. 2019; Pawano et al. 2024). Furthermore, Hadiyanto et al. (2021) 
demonstrated that Spirulina sp. can facilitate the degradation of PP microplastics, as 
evidenced by the emergence of new functional groups such as hydroxyl, carbonyl, ester, 
and primary alcohol groups in the FTIR spectra after 30 days of exposure, indicating 
oxidative degradation processes. The spectral comparisons indicated that ATR-FTIR is a 
suitable method for detecting chemical transformations in PP debris associated with 
microalgae-driven biodegradation. The results align with other studies using ATR to 
assess the polymer aging and reinforce the role of specific algal strains in initiating 
polymer surface oxidation during bioremediation processes (Conterosito et al. 2025). 
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3.5. CONCLUSIONS 

This chapter provides compelling evidence that selected microalgae accessions are 
capable to induce oxidative surface modifications on polypropylene (PP), one of the most 
recalcitrant and widespread plastic pollutants. Under controlled conditions, five 
Chlorophyceae strains (Chlamydomonas acidophila, C. reinhardtii, Scenedesmus 
vacuolatus, Heterochlorella luteoviridis and Desmodesmus communis) were cultured in 
direct contact with PP sheets over a 63-day period. The strains exhibited distinct 
physiological responses and growth profiles, with transient carotenoid accumulation 
suggesting active mitigation of oxidative stress during early exposure phases. 

Extracellular laccase activity was detected predominantly within the first two weeks of 
cultivation, indicating a potential early enzymatic contribution to polymer surface 
transformation. Notably, ATR-FTIR analyses confirmed the formation of hydroxyl, 
carbonyl, and vinyl functional groups on PP surfaces, particularly in PP samples exposed 
to C. acidophila, C. reinhardtii and D. communis. These chemical modifications are 
consistent with initial stages of oxidative depolymerization and imply a combined 
biotic/abiotic mechanism involving both secreted enzymes and algal-induced reactive 
oxygen species. 

From a biotechnological standpoint, these results position Chlorophyceae as dual-
function agents: resilient primary producers with intrinsic enzymatic capabilities, and 
facilitators of polymer surface activation for downstream degradation or valorization. 
Their ability to tolerate plastic-associated stress while promoting selective chemical 
transformations opens new avenues for the design of photosynthetically driven 
bioprocesses in plastic bioremediation. 

In an environmental context, the deployment of microalgae-based platforms offers a 
sustainable and scalable strategy to address plastic persistence in aquatic systems, 
aligning biological plastic oxidation with circular bioeconomy principles. 
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Chapter 4 

Green microalgae mediated Polyethylene terephthalate (PET) 
oxidation under light and dark conditions revealed 
bioremediation potential 

Summary 

Polyethylene terephthalate (PET) is one of the most pervasive plastics in use today, yet 
while microbial depolymerization strategies have been well explored, microalgae-driven 
PET weathering remains largely uncharted. We therefore screened 27 freshwater green 
microalgae for growth tolerance to PET powder (2.5, 5 and 10 g L⁻¹) over 21 days. The 
selected five strains grown in PET at highest content exhibiting tolerant, intermediate, 
and sensitive profiles for extended 49-day trials under light and dark regimes. Under 
auxotrophic condition, the most PET-tolerant strains shown dramatic increases in 
chlorophyll and carotenoid content despite high-dose exposure, whereas darkness 
uniformly suppressed pigment biosynthesis across all strains. Attenuated total 
reflectance–FTIR analysis of recovered PET revealed the presence of hydroxyl and 
unsaturated carbon–carbon bands that clear markers of early oxidative modification; most 
pronounced in light-exposed samples. Together, these findings demonstrate that green 
microalgae not only withstand PET stress but actively initiates its surface oxidation, 
positioning them as promising biological agents to prime PET for downstream 
degradation. 
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4.1. Introduction 

Plastic pollution has emerged as a pressing and persistent environmental concern, driven 
by the large-scale production and widespread use of synthetic polymers, coupled with 
inadequate post-consumer waste management. Among these materials, polyethylene 
terephthalate (PET) is one of the most extensively manufactured and utilized plastics 
worldwide due to its exceptional tensile strength, optical clarity, and barrier performance, 
making it a preferred material for packaging, textiles, and agricultural applications (Wang 
et al. 2023). Annual PET production now exceeds 30 million tonnes, with substantial 
quantities entering the global waste stream (Santomasi et al. 2024). In 2020, 41 countries 
reported a combined consumption of 7.3 million tonnes of virgin PET and 1.19 million 
tonnes of recycled PET, primarily for use in packaging and textiles (Duan et al. 2024). 
Within the European Union, about 5 million tonnes were used in packaging in 2022, yet 
only half was recycled due to technical limitations in separating mixed polymer fractions 
(Killinger et al. 2025). In the United States, PET constitutes approximately 12% of 
municipal solid waste, with recycling rates stagnating around 31% (Singh et al. 2022). 

In agricultural settings, PET is employed in greenhouse films, seedling trays, irrigation 
components, and mulching sheets, owing to its mechanical durability and resistance to 
UV degradation (Wittwer 1993). However, these same attributes contribute to its 
environmental persistence, with residual PET often accumulating in soil and contributing 
to microplastic pollution (Barjoveanu et al. 2023). Non-bottle PET formats, such as films 
and trays, are frequently contaminated or multilayered, complicating mechanical 
recycling and resulting in low circularity and increased landfill or incineration rates 
(Colombo et al. 2024). Life cycle assessments emphasize the urgent need to improve 
sorting technologies and adopt design-for-recyclability strategies to enhance PET’s 
environmental performance (Santomasi et al. 2024). 

Ecologically, PET fragments pose risks to both soil and aquatic ecosystems. Their slow 
degradation leads to the release of chemical additives and the adsorption of persistent 
organic pollutants (POPs), thus heightening environmental toxicity (Colombo et al. 
2024). As a result, biological degradation has gained traction as a promising mitigation 
strategy. 

Microbial depolymerization in particular has shown promise, with the discovery of 
enzymes such as PET hydrolases (PETase) and mono(2-hydroxyethyl) terephthalate 
hydrolases (MHETase), which catalyze PET breakdown into monomers (Magalhães et 
al. 2021; Taniguchi et al. 2019; Yao et al. 2024). Numerous bacterial and fungal taxa, 
including Ideonella sakaiensis, Pseudomonas, Bacillus, Aspergillus, and Fusarium, have 
demonstrated the capacity to degrade PET through the secretion of esterases, lipases, and 
cutinases under a broad range of pH and environmental conditions (Ahmaditabatabaei et 
al. 2021; Juliana et al. 2022; Salinas et al. 2025; Shi et al. 2023; Urbanek et al. 2020). 

In contrast, the role of microalgae in PET degradation remains underexplored. In aquatic 
systems, microalgae are among the early colonizers of plastic surfaces, forming 
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plastispheres - complex biofilms composed of autotrophic and heterotrophic microbes - 
which facilitate surface modification through oxidative reactions, enzymatic activity, and 
nutrient entrapment (Bakenhus et al. 2023; Nava et al. 2022). Similar communities have 
been identified on PET debris in agricultural soils, where edaphic microalgae such as 
Chlorella and Scenedesmus, along with Cyanobacteria, contribute to soil aggregation and 
nutrient cycling (Alvarez et al. 2021; Maclean et al. 2021; Swami et al. 2025). Moreover, 
in biofertilizer applications, Chlorella vulgaris biofilms have enhanced nitrogen 
availability and promoted plant growth on solid substrates (Castro et al. 2017). 

This ecological versatility highlights the adaptability of microalgae across aquatic and 
terrestrial ecosystems and underscores their potential role in bioplastic degradation, 
including in wastewater-based remediation systems. Although their direct involvement in 
PET depolymerization remains insufficiently documented, their capacity to adhere to 
polymer surfaces and secrete hydrolytic and oxidative enzymes suggests that microalgae 
may serve as biocatalysts or ecological facilitators in plastic bioremediation. Recent 
bioinformatic studies have also identified putative PET-active hydrolases in microalgal 
genomes, including carboxylesterases and cutinases with structural homology to bacterial 
PETases, raising the possibility of unexplored enzymatic capabilities within this group 
(Carr et al. 2024; Von Haugwitz et al. 2022; Karunatillaka et al. 2022; Patel et al. 2022; 
Di Rocco et al. 2023; Singh et al. 2024). 

Given the limited understanding of microalgae–PET interactions, this study investigates 
the capacity of selected freshwater green microalgae to respond to PET exposure under 
light and dark conditions and explores their genetic potential for PET degradation through 
in silico domain and sequence analysis of putative hydrolases. By integrating pigment 
profiling and attenuated total reflectance Fourier-transform infrared (ATR-FTIR) 
spectroscopy, we evaluate both the physiological adaptation of microalgal strains and the 
potential for PET surface modification, providing new insights into algal-mediated 
biotransformation of persistent plastic pollutants. 

4.2. Materials and methods 
4.2.1. Microalgae accessions and culture conditions 

Twenty-seven green microalgae accessions were obtained from the ACUF (Algal 
Collection of the University Federico II), Department of Biology, and included 
representatives from the genera Acutodesmus, Ankistrodesmus, Botryococcus, 
Chlamydomonas, Chlorella, Chlorobion, Desodesmus, Heterochlorella, 
Nannochloropsis, Raphidocelis and Scenedesmus. All accessions were cultured in Bold’s 
Basal Medium (BBM), a nutrient-rich synthetic medium commonly used for freshwater 
green microalgae. Cultures were maintained under photoautotrophic conditions in a 
controlled growth chamber set at 24 ± 1 °C, with continuous shaking at 100 rpm, and 
exposed to a 16:8 h light/dark cycle under a light intensity of 100 μmol photons m⁻²s⁻¹. 
Prior to inoculation, all media, flasks, and materials were sterilized by autoclaving at 
121 °C for 20 minutes under standard aseptic conditions. 
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4.2.2. Biomass growth monitoring for screening 
The initial screening of all 30 green microalgae accessions was performed in sterile 96-
well microplates , following a high-throughput screening strategy commonly used for 
microalgal growth assays (Skjelbred, Edvardsen, and Andersen 2012). Each well 
contained 180 µL of BBM with 20 µL of microalgae culture in exponential phase. 
Cultures were incubated at 24 ± 1 °C under a 16:8 h light/dark photoperiod with a light 
intensity of 100 μmol photons m⁻² s⁻¹, and without shaking. Growth was monitored 
weekly for 21 days using a microplate reader by measuring OD at 490 nm (OD₄₉₀). 

The specific growth rate (SGR, d⁻¹) for each accession was calculated according to the 
following formula: 

𝑆𝐺𝑅	(𝑑!") =
𝑂𝐷# − 𝑂𝐷"
𝑇# − 𝑇"

 

Where OD1 and OD2 are the OD490 values ai timepoint T1 and T2 (in days). SGR1 identify 
the specific growth rate in the interval of 0 days to 7 days; SGR2 identify the specific 
growth rate in the interval of 7 days to 14 days; SGR3 identify the specific growth rate in 
the interval of 14 days to 21 days. 

To assess the impact of PET exposure on microalgal growth, the growth inhibition rate 
(IR, %) was calculated based on the SGR values using the following equation: 

𝐼𝑅	(%) =
𝑆𝐺𝑅$%&'(%) − 𝑆𝐺𝑅*+,!-./%01(-

𝑆𝐺𝑅$%&'(%)
∗ 100 

Where SGRcontrol is the average specific growth rate in BBM and SGRPET-exposure is the 
growth rate under environmental stress condition. This formulation allows the detection 
of strain-specific growth inhibition (or stimulation) across time intervals and PET 
concentrations and is particularly suitable for comparative screening in kinetic 
experiments. The method was adapted from the approach proposed by Song et al. (2020), 
originally applied to OD-based measurements, and modified here for SGR-based 
analysis. For each PET concentration (2.5, 5, and 10 g L⁻¹), IR was computed on 
individual replicates. Moreover, accessions were classified based on IR thresholds as 
tolerant (IR ≤ 0%), moderately tolerant (0% < IR ≤ 20%), or sensitive (IR > 20%). 

Based on screening results, the top-performing accessions were selected for batch culture 
experiments in 250 mL Erlenmeyer flasks containing 100 mL of BBM, with and without 
PET microplastic supplementation. These cultures were maintained under the same 
phototrophic conditions (24 ± 1 °C, 100 μmol photons m⁻² s⁻¹, 16:8 h photoperiod), with 
orbital shaking at 100 rpm to ensure homogeneous mixing. Biomass was again monitored 
at 490 nm at regular intervals, and SGR and IR were calculated as above. 

4.2.3. Experimental setup and PET exposure 
Best performer accessions, based on specific IR profile during initial PET screening, were 
selected with priority given to strains showing tolerance (IR ≤ 0%), stable intermediate 
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responses, or atypical dose effects. These strains were chosen to represent distinct 
phenotypic behaviors under PET exposure for subsequent photic-condition assays. The 
selected microalgae were cultivated under two photic regimes: light and dark conditions. 
Cultures were grown in 250 mL flasks containing 100 mL of either BBM or BBM 
enriched with PET powder (10 g L⁻¹). Light-condition flasks were incubated at 24 ± 1 °C 
under a 16:8 h light/dark photoperiod and 100 μmol photons m⁻² s⁻¹ light intensity, 
identical to the standard conditions used in previous experiments. Dark-condition flasks 
were kept in complete darkness at the same temperature to ensure that light was the only 
differing variable between treatments. The experiment lasted for 49 days. Sampling was 
performed at two time points: at inoculation (T0) and after 49 days of cultivation (T1). For 
each condition and accession, three biological replicates were prepared. At each time 
point, samples were analyzed exclusively for photosynthetic pigment content 
(chlorophyll-a, chlorophyll-b, and total carotenoids) as indicators of microalgal vitality 
and physiological response to PET-induced stress. Each microalgae accession was 
cultured in two parallel conditions: control cultures with only BBM, and experimental 
cultures supplemented with sterilized PET powder to simulate pollutant exposure. 
Aliquots (1mL for biomass and supernatant) of culture were collected by centrifugation 
at 4000 rpm for 10 min and stored at 4 °C for immediate enzymatic assay. To remove 
residual organic matter and ensure accurate surface analysis, the PET powder was 
carefully rinsed with a 30% (v/v) hydrogen peroxide (H₂O₂) solution. This oxidative 
cleaning step was followed by centrifugation in order to eliminate the supernatant and a 
subsequent dry in a vacuum oven at 65 °C until completely moisture-free. This procedure 
minimizes contamination and standardizes surface conditions for downstream 
spectroscopic and morphological analyses. 

4.2.4. Photosynthetic pigment analysis 
Pigments were extracted using dimethyl sulfoxide (DMSO) according to the method 
described by Shoaf et al. (1976), which was later optimized for microalgae under stress 
conditions by Benitez (1989). Briefly, 1 mL of culture was centrifuged (4000 rpm, 10 
min), and the pellet was resuspended in 1 mL of DMSO. Absorbance was measured at 
480, 645.1, and 665.1 nm using a spectrophotometer, and pigment concentrations were 
calculated using specific extinction coefficients suitable for DMSO extractions (Shoaf et 
al. 1976). PET-only blanks were processed identically and subtracted from corresponding 
sample values to account for potential light scattering or pigment adsorption by plastic 
particles. This correction minimizes artifacts due to PET interference, as recommended 
in studies on algae–microplastic interactions (Ansari et al. 2021; Wang et al. 2025). 

4.2.5. Data sets of hydrolase protein sequences 
To investigate the presence of potential PETase-like hydrolases in green microalgae, we 
compiled comprehensive datasets of hydrolase proteins and plastic-active enzymes from 
publicly available resources. Hydrolase protein sequences were retrieved from UniProt 
(Bateman et al. 2025) by querying the keyword “hydrolase” and filtering by taxonomy 
for C. reinhardtii (TaxID: 3055) and Scenedesmus spp. (TaxID: 3087), yielding 1,275 
and 1,426 entries, respectively. Among the C. reinhardtii entries, 21 were reviewed 
(Swiss-Prot), whereas the remaining 1,254 and all Scenedesmus entries were annotated 
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in the TrEMBL section. All sequences were downloaded in FASTA format, resulting in 
an initial dataset of 2,701 hydrolase candidates. 

In parallel, we retrieved 125 experimentally validated sequences of plastic-active 
enzymes from the Plastics-Active Enzymes Database (PAZy), a curated repository of 
biochemically characterized enzymes involved in plastic degradation (Buchholz et al. 
2022; Chow et al. 2023). The PAZy dataset included PETases, cutinases, lipases, and 
carboxylesterases, encompassing enzymes active directly on PET polymers as well as on 
PET oligomers or model substrates such as BHET and MHET (Wei et al. 2017). 

These datasets were combined into a single, non-redundant FASTA file. Sequence 
identifiers were standardized to include organism names and enzyme classification for 
traceability in downstream analyses. Additionally, positive controls such as the PETase 
from Ideonella sakaiensis (UniProt ID: A0A0K8P6T7) (Yoshida et al. 2016), the cutinase 
from Saccharomonospora viridis (UniProt ID: W0TJ64), and the leaf-branch compost 
cutinase (LCC) (UniProt ID: G9BY57) (Sulaiman et al. 2012) were included for reference 
purposes, due to their known PET-degrading activities and available structural data. 

This integrated dataset served as the basis for subsequent homology searches, multiple 
sequence alignment, and phylogenetic analyses aimed at identifying PETase-like 
hydrolases within green microalgal proteomes. 

4.2.6. In silico screening and phylogenetic analysis 
To investigate potential phylogenetic relationships between green microalgae hydrolases 
and known PET-active enzymes, all retrieved sequences were aligned using MUSCLE, 
as implemented in MEGA 11 software (Edgar 2004; Tamura, Stecher, and Kumar 2021). 
No preliminary BLAST filtering was performed, since the aim was to directly compare 
the entire set of hydrolase proteins from C. reinhardtii and Scenedesmus spp. against the 
reference PET-active sequences obtained from the PAZy database. 

Phylogenetic reconstruction was conducted in MEGA 11 using the Neighbor-Joining 
method and evolutionary distances were computed based on the Poisson correction 
model. Ambiguous positions were eliminated pairwise to ensure accurate distance 
estimations. Branch support was evaluated through bootstrap analysis with 1,000 
replicates, following standard practice for assessing the statistical robustness of tree 
topology (Bookstein 1983). 

Resulting phylogenetic trees were visually inspected to identify clusters where 
microalgae sequences grouped together with one or more PET-active enzymes from the 
PAZy dataset. Sequences were retained for further analysis only if they exhibited co-
clustering with at least one PAZy reference enzyme and displayed bootstrap support 
values equal to or exceeding 70% for the corresponding node. Sequences lacking such 
clustering, or with bootstrap support below this threshold, were excluded from subsequent 
analyses to ensure the selection of candidate hydrolases with potential evolutionary and 
functional links to PET degradation. 
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The final subset of retained sequences was visualized and annotated using Interactive 
Tree of Life (iTOL, v6) (Letunic et al. 2021), enabling detailed color coding and labeling 
based on taxonomic origin or functional annotation. 

4.2.7. Domain and functional annotation 
To further characterize the functional potential of the candidate microalgae hydrolases 
identified through phylogenetic filtering, conserved domain analysis was conducted on 
all retained sequences, as well as on the PET-active reference enzymes from the PAZy 
database. Each protein sequence was individually analyzed using the SMART database 
(Letunic et al. 2021) to detect structural and catalytic domains associated with hydrolytic 
activity. Particular emphasis was placed on identifying conserved domains typical of 
carboxylesterases, cutinases, lipases, and α/β-hydrolase folds, which are known to 
mediate ester bond hydrolysis and are frequently implicated in plastic degradation 
processes (Buchholz et al. 2022; Wei et al. 2017). This analysis aimed to provide further 
insights into the potential functional roles of the microalgal hydrolases in relation to PET 
degradation. 

4.2.8. Polymer characterization by ATR-FTIR spectroscopy 
Post-incubation, PET powder was rinsed with sterile water and dried under sterile laminar 
flow conditions. Surface chemical modifications were evaluated using Fourier transform 
infrared (FTIR) spectroscopy in attenuated total reflectance (ATR) mode, by the means 
of a PerkinElmer Spectrum One FTIR spectrometer (Waltham, MA), equipped with an 
ATR module, using a resolution of 4 cm–1 and 32 scan collections. Spectra were collected 
in the 4000-650 cm⁻¹ range. To ensure accurate comparison of ATR-FTIR spectra 
between untreated and microalgae-exposed PET samples, spectral normalization was 
conducted using the prominent absorption band at ~1715 cm⁻¹, corresponding to the ester 
carbonyl (C=O) stretching vibration in polyethylene terephthalate. This band is widely 
recognized for its spectral intensity, sharpness, and stability under environmental and 
biological conditions, making it a reliable internal reference for normalization. The 1715 
cm⁻¹ carbonyl band has been consistently used as a reference in FTIR studies on PET 
degradation, given its minimal susceptibility to alteration unless severe chemical 
breakdown occurs. Rostampour et al. (2024) used the C=O stretching peak at ~1715 cm⁻¹ 
to evaluate surface changes in PET films exposed to UV radiation in varying 
environmental conditions, highlighting its reliability as a reference unless extensive 
photo-oxidation occurs. Moreover, Chowdhury, Wang, and Enyoh (2022) normalized 
FTIR spectra using the carbonyl band to assess chemical changes in PET microplastics 
subjected to mineral acid degradation, demonstrating its robustness across chemical stress 
conditions. The characteristic FTIR absorption bands of PET included a strong ester 
carbonyl stretching around 1715 cm⁻¹ (C=O), symmetric and asymmetric bending of C–
H bonds near 1408 cm⁻¹, aromatic ring vibrations at approximately 1340 and 1017 cm⁻¹, 
and C–O–C stretching vibrations around 1244 cm⁻¹ (Jung et al. 2018). Additionally, 
asymmetric C–O–C stretching near 1240–1244 cm⁻¹ and out-of-plane C–H bending at 
~725 cm⁻¹ were also considered relevant peaks for evaluating PET composition and 
potential degradation processes (Bashirova et al. 2023). These reference bands served as 
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benchmarks to evaluate potential chemical or structural alterations in PET following 
exposure to microalgal cultures under both light and dark conditions. 

4.2.9.  Statistical Analysis 
All experiments were conducted with three independent biological replicates, each 
comprising three technical replicates, for a total of nine technical replicates per condition. 
Data are expressed as mean ± standard deviation (SD). Statistical comparisons were 
carried out using one-way ANOVA, followed by Tukey’s HSD post hoc test to assess 
differences among time points and treatments. For pairwise comparisons where 
applicable, two-tailed Student’s t-tests were employed. Analyses were performed using 
R software version 4.3.1, with significance set at p ≤ 0.05. 

4.3. Results 
4.3.1. Optimizing early phenotypic screening to identify resilient microalgal 

accessions under pet stress 
In this study, we evaluated the tolerance of various microalgal accessions to polyethylene 
terephthalate (PET) exposure by focusing on early-stage growth kinetics and inhibition 
responses. The main purpose was to determine an optimal early time window that seizures 
the initial effects of PET-induced stress on microalgal growth, thereby enabling the 
discrimination between accessions exhibiting high tolerance and those that are more 
sensitive. Such early differentiation is critical for selecting candidates for subsequent 
investigations into the interplay between environmental factors and genetic background. 

To achieve this, growth kinetics were monitored by calculating the specific growth rate 
(SGR) for each accession over three consecutive seven-day intervals. For each interval, 
descriptive statistics, including the variance and range of SGR values, were computed. 
One-way analyses of variance (ANOVA) were then performed to assess the capacity of 
each time window to differentiate among the accessions under PET stress. The initial 0-
7 day interval (SGR₁) exhibited the highest inter-strain variance (0.001) and the broadest 
range of SGR values (0.158) compared with the subsequent intervals (SGR₂: variance = 
0.0004, range = 0.115; SGR₃: variance = 0.00022, range = 0.109). These results provided 
a robust basis for selecting the 0-7 day period as the optimal window for early-stage 
screening. 

The inhibition rate (IR, %) (Figure 4.1) during the 0-7 day period was calculated to further 
characterize the stress response of each accession. A mixed-model ANOVA, with 
accession treated as a random effect, revealed that PET concentration significantly 
influenced IR values (p < 0.05), thus demonstrating a clear dose–response relationship. 
Complementary one-way ANOVA on the aggregated dataset of accession and 
concentration treatments confirmed a highly significant effect (p < 0.001), thereby 
underscoring the fundamental roles of both the genetic background and PET dose in 
modulating the microalgal responses. 

The IR analysis allowed us to categorize the accessions based on their tolerance profiles. 
Notably, accession S. vacuolatus (#129) consistently exhibited marked negative IR values 
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across all PET concentrations (–84.33 ± 3.77% at 2.5 gL⁻¹; –74.65 ± 6.18% at 5.0 gL⁻¹; 
–8.71 ± 3.15% at 10 gL⁻¹), which is indicative of strong tolerance and even suggests 
potential growth stimulation under PET stress. In contrast, accessions C. acidophila 
(#100) and C. braunii (#104) displayed elevated IR values at both lower and higher PET 
doses, a pattern that is indicative of a pronounced oxidative stress response. Additionally, 
accessions S. obtusus (#122) and C. pitschmannii (#123) emerged as intermediate 
responders- C. pitschmannii (#123) maintained IR values marginally above zero across 
the test concentrations, whereas S. obtusus (#122) exhibited greater inhibition at 5 gL⁻¹ 
compared to the other levels. 

Based on these results, the identified microalgae species were further evaluated under 
contrasting light regimes (light versus dark) to examine how light availability influences 
microalgal growth responses to PET exposure. This subsequent experimental step was 
designed to exploit the metabolic versatility of microalgae, which may be 
photoautotrophic or mixotrophic, and to further elucidate the underlying mechanisms of 
PET-induced stress. 

 
Figure 4.1. Heatmap of inhibition rate (IR, %) in green microalgae accessions exposed to 
different PET concentration during the 0-7 day interval. Color intensity indicates the degree of 



 115 

growth inhibition, with warmer colors representing higher IR values. 
 

4.3.2. Differential pigment dynamics reveal strain-specific microalgal responses to 
pet exposure 

The response of microalgae to the PET exposure was monitored by pigments content; 
train-specific differences in microalgal responses to PET exposure under phototrophic 
conditions. 

The response of microalgae to PET exposure was monitored by quantifying 
photosynthetic pigment content. Analysis revealed marked, strain‐specific variations in 
pigment levels under phototrophic conditions. In Chlorella acidophila (#100) (Figure 4.2 
A, B and C), cells exposed to PET exhibited a substantial increase in pigment content 
relative to controls. Specifically, chlorophyll a increased by 452 ± 46 %, chlorophyll b by 
802 ±192 %, and carotenoids by 450 ± 30%, whereas the control cultures showed 
significant declines (chlorophyll a: −82 ± 1.03%; chlorophyll b: −46.12 ± 6.21%; 
carotenoids: −85.82 ± 0.38%; p < 0.05 for chlorophyll b and p < 0.001 for chlorophyll a 
and carotenoids). These findings suggest an over compensatory accumulation of 
photosynthetic pigments in response to PET-induced stress. 

 

 
Figure 4.2. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. acidophila (#100) after 49 days of phototrophic cultivation under PET-enriched 
and control conditions. 

 

In Chlamydomonas reinhardtii (#103) (Figure 4.3 A, B and C), moderate pigment 
stimulation was observed under PET exposure, with increases of 31.1 ± 2.8% in 
chlorophyll a, 102.5 ± 9.3% in chlorophyll b, and 104.9 ± 1.0% in carotenoids. In contrast, 
the control group exhibited pigment losses (chlorophyll a: -78.94 ± 1.67%; chlorophyll b: 
-11.13 ± 3.51%; carotenoids: -85.54 ± 0.31%), indicating that PET exposure shifted the 
balance toward pigment accumulation (p < 0.01). 

** ******
A B C
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Figure 4.3. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. reinhardtii (#103) after 49 days of phototrophic cultivation under PET-enriched 
and control. 

 

In Closterium braunii (#104) (Figure 4.4 A, B and C), exposure to PET led to a modest 
increase in chlorophyll a (+46.84 ± 16.72%) and carotenoids (+62.81 ± 3.66%), compared 
to losses in the control (chlorophyll a: -62.85 ± 2.42%; carotenoids: -88.03 ± 1.74%; 
p < 0.001). Notably, chlorophyll b remained relatively stable over time. 

 

 
Figure 4.4. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. braunii (#104) after 49 days of phototrophic cultivation under PET-enriched and 
control conditions. 

 

In Scenedesmus obtusus (#122) (Figure 4.5 A, B and C), PET-treated cultures showed a 
slight increase in chlorophyll a (+1.48 ± 6.5%) and a pronounced enhancement in 
carotenoids content (+133.18 ± 2.57%; p < 0.001) relative to the control. However, 
chlorophyll b decreased significantly in both treatments (PET: -30.78 ± 1.67%; control: -
70.23 ± 0.89%; p < 0.001). 

*** ******
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Figure 4.5. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in S. obtusus (#122) after 49 days of phototrophic cultivation under PET-enriched and 
control conditions. 

 

Chlamydomonas pitschmannii (#123) (Figure 4.6 A, B and C) exhibited a response that 
contrasted with the other microalgal accessions. Under PET exposure, chlorophyll a 
decreased (-20.96 ± 2.26%), whereas under control conditions it increased markedly 
(+565.42 ± 25.72%). In contrast, both chlorophyll b and carotenoid contents increased 
under control (chlorophyll b: +321.89 ± 21.49%; carotenoids: +504.47 ± 38.01%) and 
PET treatment (chlorophyll b: +2.05 ± 4.75%; carotenoids: +80.19 ± 14.27%; p < 0.001). 

 

 
Figure 4.6. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. pitschmannii (#123) after 49 days of phototrophic cultivation under PET-enriched 
and control conditions. 

 

Finally, Scenedesmus vacuolatus (#129) (Figure 4.7 A, B and C) accumulated pigments 
in both treatments. Under control conditions, chlorophyll a increased by 821.22 ± 15.68% 
and carotenoids by 2241.65 ± 395.50%, while under PET exposure chlorophyll a rose by 
93.87 ± 16% and carotenoids by 34.54 ± 10.69%. In contrast, chlorophyll b exhibited a 
significant decline under PET treatment (-51.90 ± 9.28%) relative to an increase in the 
control (+258.25 ± 2.66%; p < 0.001). 

*** ******
A B C
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Figure 4.7. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in S. vacuolatus (#129) after 49 days of phototrophic cultivation under PET-enriched 
and control conditions. 

 

Overall, the pigment-based analysis indicates that PET exposure elicits both stimulatory 
and inhibitory effects among microalgal strains. C. acidophila and C. reinhardtii 
exhibited notable increases in all pigment classes under PET treatment relative to 
controls. In C. braunii, increases were observed for chlorophyll a and carotenoids, 
whereas chlorophyll b remained unchanged. In S. obtusus, PET exposure promoted 
increases in chlorophyll a and carotenoids, but chlorophyll b levels declined under both 
conditions. C. pitschmannii displayed enhanced chlorophyll b and carotenoid levels 
irrespective of treatment, alongside a reduction in chlorophyll a under PET exposure. 
Lastly, S. vacuolatus accumulated pigments under both control and PET conditions, with 
a specific decrease in chlorophyll b under PET exposure. Pigment quantification under 
dark conditions revealed a general suppressive effect of PET exposure across most 
microalgal strains, with strain‐specific patterns of inhibition or minimal alteration. 
Moreover, significant differences emerged when comparing phototrophic conditions with 
dark incubation in both PET‐enriched media and controls. 

In Chlorella acidophila (#100) (Figure 4.3A, B and C), PET exposure resulted in a 
marked decline in all pigment classes compared to the control. Under dark control 
conditions, chlorophyll a increased by 114.88 ± 21.91%, whereas under PET exposure it 
decreased by -9.64 ± 10.39% (p < 0.001). Similarly, chlorophyll b increased by 
96.46 ± 27.98% in the control, but only reached 38.73 ± 20.48% under PET treatment 
(p < 0.05). Carotenoid levels rose by 90.19 ± 11.67% in control cultures, yet decreased by 
−29.96 ± 1.37% in PET‐exposed samples (p < 0.001). These findings suggest that, in the 
absence of light, PET exposure induces significant pigment degradation or suppresses 
biosynthesis. 

*** ******
A B C
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Figure 4.8. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. acidophila (#100) after 49 days of phototrophic cultivation under PET-enriched 
and control conditions. 

 

In Chlamydomonas reinhardtii (#103) (Figure 4.9 A, B and C), all pigments were 
substantially downregulated by PET exposure. Chlorophyll a increased by 
150.19 ± 15.47% in the control but only by 37.61 ± 2.89% under PET treatment 
(p < 0.001). While chlorophyll b increased by approximately 25% under PET exposure, 
it nearly doubled in the control (p < 0.05). In addition, the carotenoid content was 
marginally greater in PET‐exposed cultures than in controls (p < 0.05). These results 
indicate a uniform suppression of photosynthetic pigment synthesis, likely attributable to 
the combined stresses of PET exposure and dark conditions. 

 

 
Figure 4.9. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. reinhardtii (#103) after 49 days of phototrophic cultivation under PET-enriched 
and control conditions. 

 

For Closterium braunii (#104) (Figure 4.10 A, B and C), no statistically significant 
differences were observed between control and PET‐exposed conditions in the dark. 
Chlorophyll a decreased by roughly 30%, while both chlorophyll b and carotenoids 
declined by about 40% across treatments. 

* ******
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Figure 4.10. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. braunii (#104) after 49 days of phototrophic cultivation under PET-enriched and 
control conditions. 

 

Scenedesmus obtusus (#122) (Figure 4.11 A, B and C) exhibited a similar trend, with 
chlorophyll b and carotenoid contents decreasing by 9% and 7%, respectively. Notably, 
chlorophyll a decreased by 22.53 ± 5.60% under PET exposure, whereas it increased 
approximately 0.5-fold in the control (p < 0.001). 

 

 
Figure 4.11. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in S. obtusus (#122) after 49 days of phototrophic cultivation under PET-enriched and 
control conditions. 

 

Chlamydomonas pitschmannii (#123) (Figure 4.12 A, B and C) displayed a distinct 
response pattern. Under PET exposure, chlorophyll a decreased by 46.91 ± 2.39% and 
carotenoids declined by 18.95 ± 4.72%, whereas in control cultures these pigments 
increased by 84.55 ± 2.60% (p < 0.001) and 8.29 ± 3.63% (p < 0.01), respectively. In 
contrast, chlorophyll b increased in both conditions, with values of 66.86 ± 6.62% in the 
control and 31.87 ± 8.41% in PET‐exposed cultures (p < 0.01). 

A B C
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Figure 4.12. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in C. pitschmannii (#123) after 49 days of phototrophic cultivation under PET-enriched 
and control conditions. 

 

Finally, Scenedesmus vacuolatus (#129) (Figure 4.13 A, B and C) showed no significant 
differences in the accumulation of chlorophyll a or carotenoids over time. However, 
chlorophyll b exhibited divergent responses: it increased by 39.16 ± 10.64% in the 
control, while decreasing by −26.53 ± 2.03% under PET exposure (p < 0.001). 

 

 
Figure 4.13. Percentage variation in chlorophyll a (A), chlorophyll b (B), and carotenoids (C) 
contents in S. vacuolatus (#129) after 49 days of phototrophic cultivation under PET-enriched 
and control conditions. 

 

In Table 4.1 is reported a comparative pigment response of microalgae to Pet exposure 
under light and dark growth condition. Under light, PET treatment generally resulted in 
significant pigment accumulation, indicating enhanced biosynthetic activity or activation 
of photoprotective pathways. In particularly, C. acidophila and C. reinhardtii displayed 
robust upregulation across all pigment classes. By contrast, dark-grown cultures typically 
showed suppressed or minimally altered pigment levels, implying diminished 
biosynthesis and/or pigment instability in the absence of light. Notably, C. pitschmannii 
and C. reinhardtii retained some pigment accumulation in the dark, suggesting alternative 
metabolic strategies or partial resilience mechanisms. 

** *****
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These findings emphasize the role of light as a modulator of pigment homeostasis and 
stress adaptation and highlight inter-strain variability in the capacity to cope with PET-
induced oxidative or metabolic stress. 

1.1.1. Tracking PET surface modifications induced by microalgal activity through 
ATR-FTIR 

To assess the chemical modifications on PET microplastics induced by microalgal 
exposure, ATR-FTIR spectroscopy was employed on samples collected after 49 days of 
incubation. This non-destructive technique enabled us to monitor subtle changes in 
surface functional groups and to identify early signs of chemical modifications. For robust 
comparison, spectral data were normalized to the stable carbonyl peak at 1715 cm⁻¹, 
which is widely used as an internal reference in PET analysis. Across all six microalgal 
accessions (Figures 4.14 and 4.15), two key spectral regions exhibited notable 
modifications. In the 3600-3200 cm⁻¹ region, associated with O-H stretching vibrations, 
a consistent increase in absorbance was observed in all treated samples, particularly in 
those exposed to light (red spectra), compared to untreated controls (blue spectra). This 
enhanced absorbance suggests that oxidative or hydrolytic processes have led to the 
formation and accumulation of hydroxyl groups on the PET surface. In the 1650–
1600 cm⁻¹ region, which corresponds to C=C stretching vibrations of vinyl groups, treated 
PET samples, especially those from Closterium braunii (#104), Scenedesmus obtusus 
(#122), Chlamydomonas pitschmannii (#123), and Scenedesmus vacuolatus (#129), 
displayed pronounced absorption bands relative to controls. These spectral features likely 
result from the oxidative cleavage of the ester bonds and the subsequent formation of 
unsaturated structures along the PET backbone. Collectively, these ATR-FTIR findings 
provide compelling evidence that microalgal activity, particularly under light, initiates 
early-stage chemical modifications on PET surfaces. Such changes not only highlight the 
potential pathways for microalgae-driven biodegradation but also offer valuable insights 
into the molecular interactions underpinning PET transformation in environmental 
contexts.
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Table 4.1. Comparative pigment responses to PET- exposure under light and dark conditions 

Strain (Species) Chlorophyll a Chlorophyll b Carotenoids Notable Light vs Dark Difference 

100 (C. acidophila) ↑↑ (+452%) Light   
 ↓ (−10%) Dark 

↑↑ (+803%) Light  
 ↑ (+39%) Dark 

↑↑ (+450%) Light   
 ↓ (−30%) Dark 

Strong stimulation in light; suppression in dark 

103 (C. reinhardtii) ↑ (+31%) Light   
 ↑ (+38%) Dark 

↑ (+103%) Light  
 ↑ (+25%) Dark 

↑ (+105%) Light  
 Slight increase in dark 

Moderate enhancement in light; pigment gain persists in 
dark 

104 (C. braunii) ↑ (+47%) Light   
 ↓ (~30%) Dark 

≈ (no change) Light  
 ↓ (~40%) Dark 

↑ (+63%) Light   
 ↓ (~40%) Dark 

Light-specific induction; broad decline in dark 

122 (S. obtusus) ↑ (~+1.5%) Light   
 ↓ (−23%) Dark 

↓ (−31%) Light  
 ↓ (−9%) Dark 

↑ (+133%) Light   
 ↓ (−7%) Dark 

Strong carotenoid response in light; suppression in dark 

123 (C. 
pitschmannii) 

↓ (−21%) Light   
 ↓ (−47%) Dark 

↑ (+2%) Light  
 ↑ (+32%) Dark 

↑ (+80%) Light   
 ↓ (−19%) Dark 

Chlorophyll-a consistently suppressed; chlorophyll-b 
higher in dark 

129 (S. vacuolatus) ↑ (+94%) Light   
 ≈ (stable) Dark 

↓ (−52%) Light  
 ↓ (−27%) Dark 

↑ (+35%) Light   
 ≈ (stable) Dark 

Strong pigment induction in light; minimal dark effect 

Legend ↑ = increase; ↓ = decrease; ≈ = no significant change. “↑↑” indicates a particularly large increase relative to control

117 
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Figure 4.14. ATR-FTIR spectra of PET samples after 49 days of incubation with selected green 
microalgae accessions under light (red spectra) and dark (black spectra) conditions. Each panel 
(A-F) represents one accession compared to the control (blue spectra): (A) C. acidophila (#100), 
(B) C. reinhardtii (#103), (C) C. braunii (#104). Spectra were normalized to the carbonyl peak at 
1715 cm⁻¹. 
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Figure 4.15. ATR-FTIR spectra of PET samples after 49 days of incubation with selected green 
microalgae accessions under light (red spectra) and dark (black spectra) conditions. Each panel 
(A-F) represents one accession compared to the control (blue spectra): (A) S. obtusus (#122), (B) 
C. pitschmannii (123) and (C) S. vacuolatus (#129). Spectra were normalized to the carbonyl 
peak at 1715 cm⁻¹. 
 

1.1.2. Phylogenetic analysis 
To explore the potential presence of PET-active hydrolases in green microalgae, we 
performed a comprehensive in silico analysis comparing hydrolase sequences from C. 
reinhardtii and Scenedesmus spp. with experimentally validated PET-active enzymes 
from the PAZy database. A total of 2,701 microalgae hydrolase sequences were aligned 
together with 125 PET-active reference sequences using MUSCLE as implemented in 
MEGA 11. Phylogenetic reconstruction was carried out using the Neighbor-Joining 
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method with Poisson correction, and branch support was evaluated through 1,000 
bootstrap replicates. 

Most microalgae hydrolases segregated into distinct clades, reflecting significant 
evolutionary divergence from bacterial and fungal PET-degrading enzymes, consistent 
with previous reports highlighting substantial taxonomic differences in PETase 
phylogenetic profiles. However, several hydrolase sequences from C. reinhardtii and 
Scenedesmus spp. clustered in proximity to clades dominated by known PETases, 
particularly those encompassing cutinases and carboxylesterases, suggesting potential 
functional convergence or shared ancestral origins. 

Following the exclusion of sequences that did not cluster with any PET-active references 
or exhibited bootstrap support below 70%, a distinct clade of interest was identified. This 
clade included three algal hydrolases: A0A2K3DWL6 from C. reinhardtii, annotated as 
a phospholipase/carboxylesterase/thioesterase domain-containing protein and 
A0A7J7Q2R1 and A0A7J7PHA1 from Scenedesmus spp., both annotated as 
phospholipase/carboxylesterase domain-containing proteins. These microalgae 
sequences clustered with an α/β-hydrolase from Pseudomonas sp. (WP_085690612.1), 
supported by bootstrap values of 72.3% for the branch linking the microalgae cluster to 
the bacterial reference, 90.7% between C. reinhardtii and Scenedesmus spp. sequences, 
and 99.8% within the Scenedesmus spp. Group as showed in Figure 4.16. 

 

 
Figure 4.16. Phylogenetic tree of C. reinhardtii and Scenedesmus spp. hydrolases with 
experimentally validated PET-active enzymes. A circular Neighbor-Joining phylogenetic tree 
was constructed based on multiple sequence alignment of 2,701 hydrolase sequences from C. 
reinhardtii and Scenedesmus spp. and 125 PET-active hydrolases obtained from the PAZy 
database. Color coding indicates sequence origin: in red are PET-active enzymes, in blue are C. 
reinhardtii hydrolases, in green are Scenedesmus spp. hydrolases. 

Scenedesmus spp.

C. reinhardtii

PET-active references 

72.3
%
90.7%

99.8%

1.5%11
.6%
39
.6%

9.6
%

99.9%

11.7%

0.1%

81.5%

4% 14.7%

16
.7
%

19
.2
% 67
.7
%

99
.1%

63
.4%

6.4% 0.5%

99
.2
%

68
.3
%

91
.5
%

96
.5
%

5.
7%

11.
3%

24.8%

0.5%

5.7%

5.3%

3.8%5.2%9.9%

10.9%
1.4%

1.3%



 127 

1.1.3. Conserved domain analysis 
To characterize the potential PETase-like properties of the identified sequences, we first 
examined the domain architecture of each enzyme individually using SMART analysis, 
a tool widely used for detecting conserved protein domains in diverse enzymatic families 
(Letunic et al. 2021). 

The bacterial hydrolase WP_085690612.1 from Pseudomonas sp. exhibited two 
confidently predicted domains according to SMART analysis: Abhydrolase_2 (residues 
1-217; E-value = 5*10-44) and FSH1 (14-207; E-value = 8.9*10-6). These domains belong 
to the α/β-hydrolase fold superfamily, a common structural framework for 
carboxylesterases and related hydrolases (Ollis et al. 1992; Wei et al. 2017). Structural 
homology searches confirmed significant similarity to PDB entry 1AUR|B (E-value = 
1*10-136), a well-characterized carboxylesterase involved in ester bond hydrolysis 
(Nardini et al. 1999). 

The PETase from Ideonella sakaiensis (A0A0K8P6T7) displayed a distinct domain 
architecture comprising a signal peptide (1–24), followed by two catalytic domains: DLH 
(65–262; E-value = 5.8*10-8) and AXE1 (141–199; E-value = 1.4*10-7). Both domains 
are associated with the α/β-hydrolase fold and are implicated in ester bond hydrolysis, 
consistent with previous structural analyses that demonstrated the unique PET-binding 
cleft of this enzyme (Austin et al. 2018; Yoshida et al. 2016). Structural homology 
analyses revealed strong similarity to PDB entry 3VIS|B (E-value = 3e-68), an enzyme 
with confirmed hydrolase activity (Joo et al. 2018). 

Among the algal sequences, A0A2K3DWL6 from Chlamydomonas reinhardtii presented 
several confidently predicted domains: Abhydrolase_2 (9–222; E-value = 2.2*10-64), 
FSH1 (16–205; E-value = 2.4*10-11), Abhydrolase_6 (22–215; E-value = 4.8*10-7), DLH 
(78–216; E-value = 1.9*10-11), and Peptidase_S9 (139–224; E-value = 1.8*10-9). 
Structural homology was observed with PDB entry 1FJ2|B (E-value = 5*10-52), indicating 
potential esterase-like activity, similar to findings reported for microbial esterases 
involved in the plastic degradation (Danso et al. 2019). 

Similarly, A0A7J7PHA1 from Scenedesmus spp. exhibited a domain profile including 
Abhydrolase_2 (82–297; E-value = 1.7*10-59), FSH1 (91–271; E-value = 3.2*10-6), 
Abhydrolase_6 (97–291; E-value = 1.5*10-7), and DLH (151–288; E-value = 2.9*10-8). 
This sequence also displayed homology to PDB entry 1FJ2|B (E-value = 2*10-59). No 
significant signal peptide was detected in either algal candidate, suggesting potential 
intracellular localization, unlike secreted bacterial PETases (Wei et al. 2016). 

To explore similarities and differences between well-characterized bacterial PET-active 
enzymes, we compared the domain architectures of WP_085690612.1 from 
Pseudomonas sp. and the PETase from I. sakaiensis. Comparison of the domain 
architecture between WP_085690612.1 from Pseudomonas sp. and PETase from I. 
sakaiensis revealed shared membership in the α/β-hydrolase superfamily, as evidenced 
by the presence of DLH domains in both proteins. However, distinct differences were 
observed: the PETase from I. sakaiensis contains the AXE1 domain, associated with 
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acetylxylan esterase activity and often linked to PET hydrolysis, while WP_085690612.1 
lacks this domain. Additionally, a signal peptide is present in PETase from I. sakaiensis 
but absent in the Pseudomonas sp. sequence, suggesting differences in secretion pathways 
and possibly substrate accessibility. 

We next compared the bacterial hydrolase WP_085690612.1 to the microalgae hydrolase 
sequences to assess potential structural similarities that might suggest shared catalytic 
properties. When comparing WP_085690612.1 to microalgae sequences, significant 
similarities were found in the presence of the Abhydrolase_2 and FSH1 domains, 
indicating a conserved α/β-hydrolase fold among bacterial and microalgae hydrolases. 
Furthermore, both Pseudomonas sp. WP_085690612.1 and the microalgae proteins 
showed structural homology to carboxylesterase structures such as PDB 1FJ2|B. 
However, microalgae sequences displayed additional domains, including Abhydrolase_6 
and Peptidase_S9, which were not detected in the Pseudomonas sp. sequence, suggesting 
potential functional diversification. Notably, no signal peptides were predicted in the 
microalgae candidates, differing from many bacterial esterases that are secreted enzymes. 

To determine how closely microalgae hydrolases resemble a well-established PET-
degrading enzyme, we compared their domain structures to those of the PETase from I. 
sakaiensis. Comparison between the PETase of I. sakaiensis and microalgae hydrolases 
revealed that while both possess DLH domains characteristic of the α/β-hydrolase fold, 
the AXE1 domain, confidently detected in PETase, was absent in the microalgae 
candidates. Furthermore, the signal peptide observed in I. sakaiensis PETase, critical for 
secretion and PET surface interaction, was not predicted in the microalgae sequences. 
This suggests possible differences in localization and substrate accessibility. Despite 
these differences, homology to hydrolase structures such as PDB 1FJ2|B indicates a 
degree of structural conservation, although with potential functional divergence. 

Overall, these comparative analyses (Table 4.2) help to clarify the potential functional 
significance of the conserved domains identified in the microalgae sequences. These 
analyses reveal that the microalgae hydrolases share conserved structural motifs with 
bacterial PET-degrading enzymes, particularly within the α/β-hydrolase fold. However, 
the absence of specific domains such as AXE1 and signal peptides in the microalgae 
sequences, along with additional domains like Peptidase_S9, suggests potential 
differences in enzymatic mechanisms and substrate specificity. This highlights the 
necessity for experimental validation to determine the actual PET-degrading capabilities 
of these putative microalgae hydrolases. 
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Table 4.2. Domain architecture of bacterial and microalgal hydrolases predicted by SMART 
analysis. All sequences belong to the α/β-hydrolase superfamily, sharing conserved domains 
such as Abhydrolase_2 and DLH. 

WP_085690612.1 
Pseudomonas sp. 

A0A0K8P6T7           
I. sakaiensis 

A0A2K3DWL6         
C. reinhardtii 

A0A7J7PHA1 
Scenedesmus spp. 

- Sig. peptide               
1-24 

- - 

ABhydrolase_2        
1-217 

- ABhydrolase_2         
9-222 

ABhydrolase_2        
92-297 

FSH1                     
14-207 

- FSH1                        
16-205 

FSH1                      
91-271 

- DLH                        
65-262 

DLH                        
78-216 

DLH                       
151-288 

- - ABhydrolase_6        
22-215 

ABhydrolase_6       
97-291 

- - Peptidase_S9                
139-224 

- 

- AXE1                    
141-199 

- - 
 

 

1.2. Discussion 

The pervasive accumulation of polyethylene terephthalate (PET) in terrestrial and aquatic 
ecosystems underscores the urgent demand for sustainable degradation strategies. 
Although bacterial enzymatic depolymerization, via PETase, MHETase, and related 
catalysts, has made notable progress (Taniguchi et al. 2019; Yoshida et al. 2016), the role 
of microalgae in mediating the initial transformation of PET remains underexplored. 

This study presents robust evidence that green microalgal strains tolerate high PET 
concentrations and promote early oxidative modifications on PET surfaces. ATR-FTIR 
spectra revealed enhanced absorbance in the hydroxyl (3600–3200 cm⁻¹) and vinyl 
(1650–1600 cm⁻¹) regions, particularly under phototrophic conditions. These spectral 
changes can represent early-stage weathering signatures previously associated with UV 
radiation, microbial activity, and chemical hydrolysis (Denaro et al. 2020; Dimassi et al. 
2023; Sepperumal et al. 2013; Umamaheswari et al. 2013). The light-dependent nature of 
these alterations suggests that photosynthetically generated reactive oxygen species 
(ROS), organic acids, or extracellular polymeric substances (EPS) may catalyze surface 
oxidation (Chang et al. 2013). 

The measure of the optical density at 490 nm (OD₄₉₀), useful to evaluate microalgal 
growth under PET exposure, was a proxy for biomass accumulation. This wavelength 
was selected to minimize spectral interference from suspended PET microplastic 
particles, which obscure classical chlorophyll peaks at 665-680 nm (Hotos 2023). OD₄₉₀ 
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reliably estimates total turbidity in complex suspensions and has been successfully 
employed in stress studies where pigment-based measurements are compromised 
(Griffiths et al. 2011; Liang et al. 2014; Nielsen et al. 2019). PET-only blanks were 
included to correct for background scattering. Given the known limitations of short-term 
measurements in microplastic exposure studies (Hermanussen 1998; November et al. 
2002; Sahasa et al. 2023), we employed weekly time points (days 0, 7, 14, and 21) to 
capture biologically meaningful trends. 

Strain-specific pigment responses further underscored the physiological heterogeneity in 
microalgal adaptation to PET. In light conditions, Chlorella acidophila and 
Chlamydomonas reinhardtii exhibited chlorophyll and carotenoid accumulation, 
consistent with adaptive photoprotective mechanisms (Khatiwada et al. 2023; Pérez-
Pérez et al. 2012). Conversely, the pigment repression in the dark, particularly under PET 
exposure, indicated impaired energy metabolism and oxidative defense, a response also 
observed in C. sorokiniana and C. vulgaris exposed to plastic stress in low-light 
environments (Alcántara et al. 2015; Hazeem et al. 2020). 

In dark conditions, increases in carotenoids in some strains (e.g., C. reinhardtii) suggest 
the activation of basal antioxidant defenses even in the absence of light. Carotenoid 
biosynthesis in this context may represent a ROS scavenging mechanism triggered by 
plastic leachates or mechanical interference (Chang et al. 2013). Contrastingly, strains 
such as C. braunii and S. obtusus maintained stable pigment levels, possibly reflecting 
dormancy-like strategies or metabolic quiescence (Morales-Sánchez et al. 2015). 

To standardize stress assessment, we evaluated specific growth rates (SGRs) across three 
intervals (0–7, 7–14, 14–21 days). The initial interval (SGR₁) showed the greatest 
discriminatory power in identifying tolerant versus sensitive strains. This aligns with 
previous microplate-based studies emphasizing early-phase screening to capture acute 
responses to environmental stressors (Skjelbred et al., 2012; Machado et al. 2024). In our 
system, SGR₁ most accurately reflected the physiological burden of PET, with inhibition 
rates (IRs) demonstrating both dose-dependency and strain specificity (Jiang et al., 2024a; 
Abinandan et al., 2023). IR thresholds (≤0% = tolerant; 0–20% = moderately tolerant; 
≥20% = sensitive) mirrored classifications used in aquatic ecotoxicology (Lang et al. 
2023; Miloloža et al. 2022; Su et al. 2022). 

Importantly, our findings challenge the prevailing view of microalgae as passive 
colonizers in the plastisphere (Bakenhus et al. 2023; Nava et al. 2022). Instead, we 
demonstrate that certain strains exert autonomous bio-priming effects on PET surfaces, 
potentially enhancing susceptibility to further degradation. These microalgae may secrete 
oxidative metabolites or create physicochemical modifications that weaken the polymer 
matrix. To further investigate the enzymatic potential underlying these oxidative 
modifications, we conducted a comprehensive in silico analysis of microalgal hydrolase 
sequences from Chlamydomonas reinhardtii and Scenedesmus spp., comparing them to 
experimentally validated PET-degrading enzymes. This allowed us to explore potential 
molecular candidates involved in early-stage PET transformation. 
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While the use of the PET powder enhances the surface contact, it may not fully reflect 
degradation dynamics on larger PET materials. Moreover, the absence of monomer 
release, enzymatic quantification, or long-term mineralization data limits claims of 
biodegradation. Future investigations should employ GC-MS for degradation product 
analysis, SEM for surface topography, and transcriptomic or proteomic tools to profile 
stress-responsive enzymes and metabolites. 

Another promising avenue involves microbial consortia. Studies have shown that algae-
bacteria interactions can enhance plastic degradation via complementary metabolic 
pathways (Salinas et al. 2025). Our data support the hypothesis that microalgae can 
initiate oxidative PET weathering and may synergize with heterotrophic microbes for 
complete biotransformation. Phylogenetic reconstruction revealed that three microalgal 
hydrolase sequences - A0A2K3DWL6 (C. reinhardtii) and A0A7J7Q2R1, A0A7J7PHA1 
(Scenedesmus spp.) - cluster with a bacterial carboxylesterase (WP_085690612.1) known 
for ester bond hydrolysis. This suggests potential evolutionary convergence or functional 
similarity to PET-degrading enzymes. 

Ecologically, these results have implications for photic zones in freshwater ecosystems, 
wastewater systems, and contaminated soils, where PET debris and native algal 
populations co-occur. Microalgae may not only alter the physicochemical properties of 
plastics but also influence microbial community dynamics involved in plastic turnover. 
Structural analysis of the microalgal hydrolases revealed conserved domains such as 
Abhydrolase_2, DLH, and FSH1 - canonical features of the α/β-hydrolase fold 
superfamily - shared with known PET-degrading enzymes. Although microalgae lacked 
secretion signals and the AXE1 domain typical of bacterial PETases, the presence of 
additional motifs like Peptidase_S9 hints at functional diversification and supports their 
candidacy for further enzymatic validation. 

Therefore, this study establishes that green microalgae exhibit light-dependent, strain-
specific responses to PET exposure, involving pigment modulation, oxidative surface 
modification, and putative enzymatic capabilities inferred from hydrolase domain 
analysis. These findings identify algae as proactive agents in the early stages of PET 
transformation and represent a starting point for their integration within multi-trophic 
plastic remediation systems. Further research into the molecular mechanisms and 
ecological consequences of these interactions is essential for advancing microalgae-based 
bioremediation technologies. 

1.3. Conclusions 

This chapter introduces new insights into the capacity of microalgae to tolerate and 
oxidatively modify polyethylene terephthalate (PET), a highly persistent and widely used 
synthetic polymer. Through a multi-accession screening and extended cultivation under 
both light and dark conditions, five representative microalgae accessions exhibited 
varying degrees of physiological adaptation to high PET loads, with the most tolerant 
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accessions maintaining robust growth and pigment accumulation, particularly under 
photic conditions. 

The significant upregulation of chlorophyll and carotenoid content in PET-tolerant strains 
under illumination indicates an active metabolic response to plastic-induced stress, 
potentially linked to oxidative homeostasis. ATR-FTIR analysis revealed early-stage 
surface oxidation of PET in light-exposed samples, evidenced by the appearance of 
hydroxyl and unsaturated carbon-carbon bond signatures. These results suggest a light-
enhanced biotic mechanism wherein microalgae activity contributes to PET surface 
activation via oxidative processes, potentially involving reactive oxygen species or 
extracellular enzymatic factors. 

From a biotechnological perspective, these findings position microalgae as valuable 
biological agents capable of initiating the oxidative weathering of PET, a necessary step 
for subsequent enzymatic or microbial depolymerization. Their dual functionality as 
photosynthetic organisms and plastic modifiers supports the development of light-driven, 
low-impact bioremediation systems tailored to PET-containing waste streams. 

Environmentally, leveraging such microalgae platforms could offer scalable and 
sustainable alternatives to conventional PET degradation methods, aligning with the 
broader goals of plastic pollution mitigation and circular bioeconomy frameworks. 
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General conclusions 

This research work has extensively explored the potential of green microalgae as 
innovative agents in the biotransformation of synthetic plastics, with particular focus on 
polyolefin polymers (PP), polyethylene terephthalate (PET), and the enzymatic activity 
of laccases. Through a multidisciplinary approach integrating molecular biology, 
bioinformatics, physiology, biochemistry, and advanced material characterization 
techniques, various aspects of the complex interactions between microalgae and polymer 
surfaces were analyzed, contributing substantially to the advancement of knowledge on 
the biological mechanisms underlying microalgae-based bioremediation. 

In the first chapter, the study investigated the capacity of 35 freshwater green microalgae 
to produce extracellular laccases, enzymes renowned for their versatility in the oxidative 
degradation of various xenobiotic compounds, including plastic polymers (Geyer et al. 
2017; Rodríguez et al. 2006). Bioinformatic analyses conducted on Chlamydomonas 
reinhardtii (#103) and Botryococcus braunii (#131) identified several putative genes 
encoding for laccase-like multicopper oxidases (LMCOs), with conserved copper-
binding domains and signal peptides suggesting extracellular secretion. Phylogenetic 
analyses revealed a noteworthy evolutionary proximity of C. reinhardtii LMCOs to 
fungal laccases from Pleurotus ostreatus, indicating functional similarities in substrate 
specificity and catalytic stability (Janusz et al. 2017; Ramamurthy et al. 2024). Enzymatic 
activity assays performed at different time points confirmed strain-dependent variability 
in laccase production, highlighting Desmodesmus communis (#126), Chlamydomonas 
acidophila (#100), Heterochlorella luteoviridis (#124) and Botryococcus braunii (#131) 
as promising producers of extracellular laccase activity. These findings provide a solid 
foundation for developing microalgae biotechnological platforms for industrial enzyme 
production and subsequent application in plastic bioremediation (Shafana et al. 2023). 
Further studies could focus on heterologous expression of the identified LMCO genes in 
robust microbial or algal hosts, enzyme purification, and structural-functional 
characterization to optimize their catalytic properties for industrial-scale applications. 

The second chapter experimentally addressed the interaction between five selected 
microalgae and polypropylene (PP) surfaces, a highly widespread and plastic material. 
The exposure of microalgae to PP substrates revealed significant physiological and 
pigment-related responses correlated with polymer presence. Notably, carotenoid 
accumulation, particularly in early exposure phases, suggested activation of antioxidant 
mechanisms to counteract oxidative stress induced by contact with the plastic surface 
(Sharma et al. 2023). ATR-FTIR analysis of polymer surfaces revealed the introduction 
of oxidative functional groups (hydroxyl, carbonyl, and vinyl), consistent with surface 
oxidation processes mediated by microalgae metabolites or extracellular enzymatic 
activities (Hock et al. 2024). In particular, C. acidophila (#100), C. reinhardtii (#103), 
and D. communis (#126) demonstrated the most pronounced modifications on PP 
surfaces, indicating differential biotechnological potential among the tested accessions. 
These results reinforce the hypothesis that certain microalgae, properly selected, can 
serve as innovative biotechnological tools for the biotransformation of recalcitrant 
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plastics in contaminated environments (Johnnie et al. 2021). Future work should aim to 
unravel the exact molecular mechanisms driving the observed oxidative modifications, 
including potential roles of reactive oxygen species (ROS), biofilm-associated 
microenvironments, and the contribution of other secreted oxidative enzymes, such as 
peroxidases or cutinases, in synergistic pathways. 

In the third chapter, the investigation extended to polyethylene terephthalate (PET), a 
widely used polymer of growing environmental concern. Twenty-seven microalgae 
accessions were initially screened to evaluate their growth tolerance in the presence of 
PET. Based on growth inhibition rates, six strains were selected for further analysis under 
light and dark conditions. PET exposure, particularly under phototrophic conditions, 
induced adaptive pigment responses, with compensatory increases in chlorophyll and 
carotenoids observed in several strains (Barone et al. 2024; Shoaf et al. 1976). ATR-FTIR 
analysis confirmed surface modifications of PET, with the formation of hydroxyl and 
vinyl groups attributable to metabolically active algal biofilms (Moog et al. 2019; 
Taniguchi et al. 2019). These findings support the role of microalgae not only as 
colonizers of plastic surfaces but also as facilitators of early oxidative processes, opening 
promising perspectives for integrated environmental bioremediation strategies (Kim et al. 
2020; Vijayan et al. 2024). Given the strong influence of light exposure on pigment 
dynamics and oxidative capacity, future studies could investigate photobioreactor 
optimization, modulation of light regimes, and the potential combinatorial effects of 
microalgae-bacteria consortia on enhancing PET degradation pathways. Additionally, 
bioinformatic and structural analyses performed in this study provided the first evidence 
that certain hydrolases from C. reinhardtii and Scenedesmus spp. exhibit domain 
architectures and structural homology to known PET-degrading enzymes. Specific 
sequences clustered phylogenetically with bacterial PETases and displayed conserved 
α/β-hydrolase domains, suggesting a possible enzymatic basis for PET biotransformation. 
These in silico insights reveal previously unrecognized metabolic potential in green 
microalgae and reinforce their value as targets for biotechnological engineering and 
screening. 

Taken together, both experimental and in silico findings converge to highlight the 
multifaceted potential of green microalgae in plastic bioremediation. From strain-specific 
tolerance and oxidative surface modification to the presence of putative PETase-like 
enzymes, microalgae emerge as both passive modulators and active participants in 
polymer transformation. Overall, the results of this research demonstrate that green 
microalgae, thanks to their metabolic plasticity, rapid growth, ease of cultivation, and 
adaptability to environmental stress, represent promising candidates for the development 
of sustainable approaches to mitigate plastic pollution. Although the observed processes 
primarily reflect early stages of polymer surface oxidation and modification, they 
constitute a crucial step in promoting subsequent degradation and fragmentation 
processes, potentially integrable with heterotrophic microbial consortia or synergistic 
enzymatic treatments. Further investigations should focus on long-term degradation 
kinetics, environmental field trials, scaling up of microalgae-bioreactor systems, and life 
cycle assessments (LCA) to fully validate the environmental viability and economic 
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sustainability of microalgae-based plastic bioremediation technologies. Moreover, 
advances in synthetic biology and metabolic engineering may allow the construction of 
tailor-made algal strains with enhanced enzyme secretion profiles, increased tolerance to 
plastic-associated pollutants, and superior colonization capabilities, thereby significantly 
boosting their efficiency as biotechnological platforms in real-world scenarios. 

This study provides compelling evidence that green microalgae can induce oxidative 
surface modifications on synthetic polymers such as polypropylene (PP) and polyethylene 
terephthalate (PET), However, several limitations must be acknowledged to appropriately 
contextualize these findings within the broader framework of plastic biodegradation 
research. 

Although ATR-FTIR analyses revealed the formation of oxidized functional groups (such 
as hydroxyls, carbonyls, and vinyl groups), these chemical changes were confined to the 
polymer surface and should not be interpreted as indicators of complete depolymerization 
or mineralization. As gravimetric weight measurements and CO2 quantification were not 
performed under the experimental conditions, these finding can only support that 
microalgae-mediated transformation represents an initial step in plastic weathering rather 
than full degradation. This observation aligns with findings from Zampolli et al. (2023), 
who demonstrated that oxidative modifications by laccase-like multicopper oxidases do 
not necessarily lead to substantial polymer weight loss in early degradation stages. 

The modest laccase-like enzymatic activities detected in microalgal cultures align with 
previous reports highlighting the limited yet specific action of microbial oxidative 
enzymes on recalcitrant polyolefins and polyesters (Chow et al. 2022). These enzymes 
facilitate the introduction of polar functional groups, such as carbonyl, and hydroxyl, 
which enhance the hydrophilicity of the polymer surface, thereby promoting microbial 
colonization and enhancing enzymatic accessibility. Although enzymatic activity remains 
low, even minimal transformation may be ecologically relevant over extended 
environmental exposure, particularly in synergistic systems involving bacteria or fungi 
(Restrepo-Flórez et al. 2014). 

Abiotic photo-oxidation was rigorously controlled in this study. Control samples 
containing only plastic substrates exposed to identical light and temperature conditions 
did not exhibit comparable FTIR spectral changes, suggesting that the observed oxidative 
modifications are primarily biologically mediated potentially through microalgal 
exudates or associated microbiota. This finding underscores the importance of 
distinguishing abiotic from biotic photo-oxidation mechanisms in environmental 
contexts, as emphasized by Gewert et al. (2015). 

Collectively, these results support the hypothesis that green microalgae may serve as 
early-stage modulators in the biotransformation of plastics, initiating oxidative surface 
alterations that render polymers more susceptible to subsequent microbial or enzymatic 
degradation. Integrative approaches combining microalgae with specialized bacteria or 
fungi as recently explored by Tao et al. (2023) using Rhodococcus strains may hold the 
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key to enhancing depolymerisation rates and revealing synergistic degradation pathways. 
Integrative approaches that combine microalgae with specialized bacteria or fungi, such 
as those recently explored by Tao et al. (2023) using Rhodococcus strains, may prove 
instrumental in enhancing depolymerization rates and uncovering synergistic degradation 
pathways. 

To accurately position these findings within the broader degradation continuum, it is 
essential to differentiate between biofouling, biofragmentation, and biodegradation, as 
these represent sequential yet mechanistically distinct stages in microbial plastic 
transformation (Peng et al. 2024). Biofouling involves microbial colonization and biofilm 
formation on plastic surfaces, often without altering the polymer structure (Dussud et al. 
2018). Biofragmentation refers to enzymatic or oxidative cleavage of polymer chains into 
oligomers, while biodegradation is confirmed only when these fragments are metabolized 
into inorganic molecules such as CO₂ or CH₄ (Cao et al. 2024). Our findings suggest that 
microalgae primarily contribute to the first two stages, acting as initiators of surface 
activation rather than agents of complete biodegradation. 
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